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ABSTRACT 

There exists a large diversity of DNA base modifications, but the ability to study these 

modifications and their effects on disease development and progression has thus far been 

limited. Most techniques are only able to examine a few specific modifications, and some 

methods are destructive to the sample, precluding the possibility of additional analysis.  

 

However, cells have evolved enzymes called glycosylases that are used during base 

excision repair in order to remove these modifications and replace them with appropriate 

unmodified bases. Thus, we sought to develop a modular enzymatic labeling process that 

takes advantage of these naturally occurring enzymes and pathways to expand the range of 

modifications that can be studied.  

 

In this work, we have accomplished several aims. First, we have developed a methodology 

to successfully label a variety of modifications, including uracil, 8-oxoguanine, T:G 

mismatches, 1,N6-ethenoadenine, and the products of the cytosine demethylation pathway, 

with several glycosylases that display different types of activity (Chapters 3 and 4). 

 

We then validated the success of this labeling method and applied it in two analytical 

techniques: solid-state nanopores and qPCR. With solid-state nanopores, we were able to 

measure DNA containing different base modifications by incorporating a biotinylated 

nucleotide during the labeling process, which produced positive results in our system with 

concentrations as low as 250 nM (Chapter 5).  
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Following additional optimizations in our protocols (Chapters 6 and 7), we then applied 

our labeling process to qPCR and examined a more complex system: oxidative damage 

generated following irradiation in head and neck cancer cell line models. We were able to 

determine differences in the trends in the accumulation and repair of oxidative damage in 

these cell lines (Chapter 8). 

 

Through this work, we have developed a modular labeling method that can facilitate the 

study of a wide range of DNA base modifications without the limitations present in 

traditional methods. We have also demonstrated the applicability of this method to different 

analytical techniques. This may be of great use in determining the roles of less-studied 

modifications in organism growth and development, the development and progression of 

disease, and other genetic studies.  
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CHAPTER 1 – INTRODUCTION 

1.1  Central Dogma of Molecular Biology 

One of the pivotal discoveries of molecular biology was that of the structure of 

deoxyribonucleic acid (DNA) by James Watson and Francis Crick in 19531, which built 

upon the X-ray crystallography work of Rosalind Franklin and Maurice Wilkins2. The key 

features of this proposed structure were the now widely recognized double-helix shape of 

DNA with its sugar-phosphate backbone and the complementarity of the strands that arose 

from the nitrogenous base pairing of adenine to thymine and cytosine to guanine. In this, a 

method by which genetic information could be reproduced with high fidelity was 

established, providing an explanation of how traits could be inherited between generations. 

This discovery subsequently led to the development of the central dogma of molecular 

biology, which states that, in general, the information encoded in DNA can be transcribed 

into ribonucleic acid (RNA) and subsequently translated into proteins3, and it is the 

expression of these proteins that contribute to the development of these inherited traits. 

 

However, as with any process, particularly one so intrinsically linked with the evolutionary 

process that requires the presence of hereditary variation between individuals4, the 

possibility for error in each of these steps is present. DNA is particularly susceptible to 

changes, which may occur endogenously through oxidative damage, methylation, 

deamination, or various other methods5,6; exogenously through environmental agents such 

as ultraviolet and ionizing radiation and genotoxic chemicals6,7; or through other methods 

including psychological stressors8 or nutritional deficiencies and excesses9. These changes 

may occur in the form of single-nucleotide changes as a result of incorrect incorporation 
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of nucleotides, or even larger-scale insertions or deletions as a result of strand slippage in 

repetitive sequences6. Subsequently, as the DNA is transcribed into RNA, which is 

translated into protein, these modifications will result in the production of proteins that 

may display different functionalities than the original protein. In some cases, this new 

protein may provide the organism with some sort of evolutionary advantage, but in other 

cases, it may facilitate the development of disorders or diseases. 

 

1.2  Sources of DNA Base Modifications 

1.2.1  Replication Errors 

During DNA replication or repair, it is possible for an incorrect base to be inserted, which, 

if not corrected, will often lead to a change in the DNA sequence with the error being 

carried through during subsequent replication events. This type of modification can occur 

as a result of the activity of DNA polymerases, enzymes that replicate or repair DNA, with 

low fidelity and are more subject to making these types of mistakes, or due to changes in 

the concentrations of deoxynucleotide triphosphates (dNTPs) in the cell environment6. 

 

1.2.2 DNA Oxidation 

Reactive oxygen species (ROS) are highly reactive molecules that contain oxygen and are 

naturally present in cells as a result of metabolic and other reactions5,6. ROS can be found 

in many forms, including peroxides, superoxides, and hydroxyl radicals. ROS are naturally 

formed as a byproduct of oxygen metabolism and have important roles in cell signaling. 

They can also be generated by external sources such as ionizing radiation, which frequently 

produce hydroxyl radicals, in addition to the direct damage to DNA that can be induced by 
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the radiation6. A dramatic change in ROS levels can cause significant cell and tissue 

damage; this is often referred to as oxidative stress. 

 

These ROS are capable of oxidizing DNA bases directly, as well as inducing other types 

of damage such as single- and double-stranded breaks. The most common type of lesion 

that occurs as a result of DNA oxidation is 8-oxoguanine (8-oxoG), which often incorrectly 

pairs with adenine instead of cytosine, which subsequently results in a change of sequence 

from G:C to T:A5,6. 

 

1.2.3  DNA Hydrolysis 

Apurinic and apyrimidinic (AP, or abasic) sites can occur in DNA when the bond between 

the base and the DNA backbone is hydrolyzed or broken by a DNA glycosylase6. They can 

also be produced by reaction with reactive oxygen species (ROS)5. While many of these 

are repaired, those that are not can produce a change in the sequence, as adenine is 

preferentially incorporated opposite AP sites during DNA replication5.  

 

1.2.4 DNA Methylation 

DNA methylation, the process by which a methyl group is added to the DNA molecule, 

occurs most commonly via reaction with S-adenosylmethionine (SAM), another molecule 

with high reactivity5,6. DNA methylation is an important method by which genes can be 

silenced, altering the properties of cells without actually changing the DNA sequence10, 

which most frequently occurs with 5-methylcytosine (5mC)11. However, methylation of 

the other bases can also result in changes in the sequence, as with O6-methylguanine that 
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can alter a G:C base pair to an A:T or O4-methylthymine changing a T:A base pair to a 

C:G5,6. Furthermore, the methylation of adenine can produce a cytotoxic modification due 

to the ability of methyladenine to inhibit DNA synthesis5,6, which affects cell replication. 

 

1.2.5  Base Deamination 

Base deamination most commonly occurs among cytosine (C) and 5-methylcytosine (5mC) 

bases, which are changed into uracil (U) and thymine (T) respectively, though deamination 

can also occur on adenine (A) or guanine (G) bases. For cytosine, this results in a change 

from a C:G base pair to a U:A pairing, and ultimately T:A. For 5-methylcytosine, this 

results in a change from a C:G base pair to a mismatched T:G base pair, which may 

eventually be converted to T:A5,6.  

 

1.3  Common Methods of Analyzing Base Modifications 

1.3.1  Bisulfite Sequencing 

The most common method of analyzing the products of the cytosine demethylation 

pathway (5-methylcytosine, 5-hydroxymethylcytosine, 5-formylcytosine, and 5-

carboxylcytosine) is through bisulfite sequencing. In this method, DNA is treated with 

bisulfite to convert cytosine to uracil, which allows for 5-methylcytosine (5-mC) and 5-

hydroxymethylcytosine (5-hmC) to be distinguished from cytosine, 5-formylcytosine (5-

fC), or 5-carboxylcytosine (5-caC)12. However, as is apparent, this method presents 

difficulties in distinguishing between 5-mC and 5-hmC, both of which remain unconverted 

following bisulfite treatment, and cytosine, 5-fC, and 5-caC, which are all converted to 

uracil following treatment. 
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Methods to address these issues have been developed, such as oxidative bisulfite 

sequencing, which oxidizes 5-hmC to 5-fC, and TET-assisted bisulfite sequencing, in 

which 5-hmC is protected from oxidation by TET, which converts 5-mC to 5-caC. These 

allow 5-mC and 5-hmC to be distinguished in a sample, as following treatment, either 5-

mC or 5-hmC will not be converted to uracil so the differences between a sample in which 

both modifications remain and a sample in which one modification has been converted can 

provide information on each modification individually. Similarly, reductive bisulfite 

sequencing can be used to reduce 5-fC to 5-hmC, protecting it from conversion to uracil 

and allowing for differentiation between 5-fC and 5-caC. 

 

However, a readily apparent limitation of bisulfite sequencing is its applicability to 

primarily these modifications. Furthermore, it results in the loss of pyramidine bases in the 

DNA, which results in strand cleavage and loss of material, requiring several rounds of 

PCR prior to sequencing to produce enough material for sequencing12. This need for 

amplification introduces the possibility of PCR biases that may produce less than accurate 

results. 

 

1.3.2 Liquid Chromatography-Mass Spectrometry 

Liquid chromatography-mass spectrometry is an analytical technique that incorporates 

physical separation and mass separation via liquid chromatography and electrospray 

ionization to identify the components of a mixture. In the liquid chromatography part of 

the process, the liquid mixture is first injected through a column under high pressure. Due 
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to differences in the weight of the molecules within the mixture, the components will 

separate, with smaller molecules traveling further than larger molecules13. When this liquid 

stream is exposed to a high voltage, it will form liquid droplets that contain a positive 

charge. As the liquid in the droplets gradually evaporates, the solution will aerosolize into 

small, ionized molecules14,15. These ionized molecules can then captured by an electric 

field and analyzed with mass spectrometry. Due to the charge contained on these ionized 

molecules, they can then be separated due to the ratio of the charge to the mass of the 

molecule, as lighter, more charged molecules will be more greatly influenced by electric 

fields and deflect further than heavier, less charged molecules13. By analyzing the mass to 

charge ratios collected from a sample, it is then possible to compare them to samples of 

known identity in order to determine what the sample is. 

 

However, for LC-MS to be used for analyzing DNA bases, it is usually necessary for the 

DNA to be digested into its individual nucleotides16. As such, the original DNA cannot be 

recovered following LC-MS, and the sequence data will be lost. Furthermore, the necessity 

of ionizing the nucleotides presents the risk of inducing lesions such as oxidative damage 

where it was not present in the original DNA, artificially increasing the measurements of 

these base modifications17. The use of LC-MS is also limited by sample size requirements, 

due to the low prevalence of some DNA base modifications, particularly if the 

methodology is to be applied to human patients18. 
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1.4  Base Excision Repair 

Base excision repair (BER) is a method by which base modifications that do not 

significantly distort the structure of the DNA are repaired6. In BER, the modification is 

recognized by a DNA glycosylase enzyme, which subsequently hydrolyzes the nitrogenous 

base to create an abasic (AP) site. If the DNA glycosylase has bifunctional activity, the 

glycosylase will then also cleave the DNA backbone after the abasic site. Monofunctional 

glycosylases do not display this additional behavior. 

 

As such, following base excision, the natural repair process for monofunctional and 

bifunctional glycosylases differ. In monofunctional glycosylases, an additional enzyme, 

AP endonuclease, cleaves the DNA backbone at the front of the AP site. This gap is then 

primed for repair by the POL β enzyme, which acts to ensure that the ends of the gap have 

the proper chemical structures to allow for repair before inserting the correct nucleotide at 

the gap. Finally, a DNA ligase repairs the DNA backbone between the new nucleotide and 

the rest of the DNA strand, reconsolidating the structure of the DNA. 

 

For bifunctional glycosylases, an AP endonuclease again cleaves the DNA backbone at the 

start of the AP site. Following this, a DNA polymerase (POL β or POL δ/ε) inserts the 

correct nucleotide at the gap before starting to synthesize the rest of the strand, partially 

replacing the original strand. The excess from the original strand is removed by a flap 

endonuclease, and then the partially synthesized strand is reconnected to the remaining 

segment of the original strand to complete the repair. 
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Other mechanisms of DNA repair for more severe damage are also present in the cell, such 

as nucleotide excision repair, crosslink repair, and strand break repair, but in our 

experiments, we focus exclusively on adapting the steps of the base excision repair 

pathway to develop a methodology for the labeling of DNA base modifications. 

 

In order to achieve this, we developed a series of discrete steps to emulate each process 

that occurs during BER. First, we introduced a glycosylase specific to the modification we 

were attempting to label to cleave the modification and leave an AP site. Glycosylases that 

demonstrated bifunctional ability would also cleave the DNA backbone 3’ to the new AP 

site. Then, we added an endonuclease to cleave 5’ to the AP site and prime that end for 

nucleotide addition. Nucleotide addition was achieved by incubation of the DNA with a 

DNA polymerase and appropriate nucleotides. For analytical methods that required an 

unbroken DNA backbone, ligation was performed by an additional incubation step with a 

DNA ligase. In this way, we were able to develop a modular labeling protocol for a wide 

range of DNA modifications: by switching out the glycosylase being used, many different 

DNA modifications could be targeted with minimal changes to the procedure while 

preserving the DNA sequence. 
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CHAPTER 2 – MATERIALS AND METHODS 

2.1  Labeling Procedures 

Uracil labeling A custom 40 nt oligonucleotide with a 5’ FAM (sequence: TCA CGA CTA 

GTG TTA ACA TGT GCA CCT GCA GAA UGA GAA T) was annealed to a 

complementary sequence by mixing both at an equimolar ratio, incubating in deionized 

water at 95°C for 10 minutes, and cooling to room temperature over 1 hour. To cap the 3’ 

ends of the DNA, a 100 μL aliquot was prepared containing 385 pmol duplex DNA, 30 

nmol 2’,3’-dideoxyadenosine 5’-triphosphate (ddATP) (GE Healthcare), 500 U Terminal 

Transferase (New England Biolabs, Ipswich, MA), and 25 mmol CoCl2 (New England 

Biolabs) and incubated in 1X Terminal Transferase Reaction Buffer (New England 

Biolabs) at 37°C for 1.5 hrs. The resulting material was purified with the QIAquick PCR 

purification kit (Qiagen, Valencia, CA) to allow for buffer exchange. To excise uracil, a 30 

μL aliquot was prepared containing 100 pmol of capped duplex DNA, 20 U E. coli UDG 

(New England Biolabs), 40 U EndoIV (New England Biolabs), 3 μg bovine serum albumin 

(BSA, New England Biolabs), and incubated in 1X NEB2 buffer (New England Biolabs) 

at 37°C for 1 hr. Next, 1.5 nmol of biotinylated dUTP (Perkin Elmer, Waltham, MA) and 

0.12 U T4(exo-) (Lucigen, Middleton, WI) were added to a final volume of 40 μL in 1X 

NEB2 buffer and the mixture was incubated at 37°C for 30 minutes. Finally, the mixture 

was subjected to purification by QIAquick PCR purification kit to remove proteins and 

excess nucleotides.  

 

UDG Ligation 40 pmol of DNA was co-incubated with 16 U of Fpg (New England Biolabs) 

during the UDG incubation step, with the rest of the labeling and purification proceeding 
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as previously described. 400 U of T4 DNA Ligase (New England Biolabs) in T4 DNA 

Ligase buffer (50 mM tris-HCl 10 mM, MgCl2, 1 mM ATP, 10 mM DTT, pH 7.5) 

overnight at room temperature. The DNA was then purified with the Nucleotide Removal 

Kit and eluted in deionized water. 

 

OxoG labeling with hOGG1 A custom 40 nt oligonucleotide with a 5’ FAM (sequence: 

TCA CGA CTA GTG TTA ACA TGT GCA CCT GoCA GAA TGA GAA T, where Go is 

oxoG) was annealed to a complementary sequence by mixing both at an equimolar ratio, 

incubating in deionized water at 95°C for 10 minutes, and cooling to room temperature 

over 1 hour. To excise oxoG, a 30 μL aliquot was prepared containing 100 pmol of duplex, 

6.5 U hOGG1 (New England Biolabs), 40 U EndoIV, 3 μg BSA, and incubated in 1X 

NEB2 buffer at 37°C for 1 hr. Next, 1.5 nmol of biotinylated dGTP (Perkin Elmer) and 

0.12 U T4(exo-) were added to a final volume of 40 μL in 1X NEB2 buffer and the mixture 

was incubated at 37°C for 30 minutes. Finally, the mixture was subjected to QIAquick PCR 

purification kit purification to remove proteins and excess nucleotides. 

 

OxoG labeling with Fpg A custom 40 nt oligonucleotide with a 5’ FAM (sequence: TCA 

CGA CTA GTG TTA ACA TGT GCA CCT GoCA GAA TGA GAA T, where Go is oxoG) 

was annealed to a complementary sequence by mixing both at an equimolar ratio, 

incubating in deionized water at 95°C for 10 minutes, and cooling to room temperature 

over 1 hour. To excise oxoG, a 30 μL aliquot was prepared containing 50 pmol of duplex, 

16 U Fpg (New England Biolabs), 20 U EndoIV, 3 μg BSA, and incubated in 1X NEB2 

buffer at 37°C for 1 hr. Next, 0.75 nmol of biotinylated dGTP (Perkin Elmer) and 0.06 U 
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T4(exo-) were added to a final volume of 40 μL in 1X NEB2 buffer and the mixture was 

incubated at 37°C for 30 minutes. Finally, the mixture was subjected to QIAquick PCR 

purification kit purification to remove proteins and excess nucleotides. 

 

Fpg Ligation 40 pmol of labeled DNA was incubated with 400 U of T4 DNA Ligase (New 

England Biolabs) in T4 DNA Ligase buffer (50 mM tris-HCl 10 mM, MgCl2, 1 mM ATP, 

10 mM DTT, pH 7.5) overnight at room temperature. The DNA was then purified with the 

Nucleotide Removal Kit and eluted in deionized water. 

 

T:G mismatch labeling A custom 40 nt oligonucleotide with a 5’ FAM (sequence: TCA 

CGA CTA GTG TTA ACA TGT CGA CCT TGA GAA TGA GAA T) was annealed to a 

complementary sequence (except with a guanine opposite the indicated thymine) by mixing 

both at an equimolar ratio, incubating in deionized water at 95°C for 10 minutes, and 

cooling to room temperature over 1 hour. To excise target thymine, a 30 μL aliquot was 

prepared containing 100 pmol of duplex, 7.5 mg human TDG19, 40 fg APE1 (D308A 

mutant20), 3 μg BSA, and incubated in 1X HEMN.1 buffer (20 mM HEPES (pH 7.3), 100 

mM NaCl, 2.5 mM MgCl2, 0.2 mM EDTA) at 37°C for 1 hr. The mixture was purified 

with a QIAquick PCR purification kit. Then, 40 U EndoIV and 3 μg BSA were added to a 

total volume of 30 μL in 1X NEB2 buffer and incubated at 37°C for 30 min. 1.5 nmol 

biotinylated dCTP (Perkin Elmer, Waltham, MA) and 0.12 U T4(exo-) were added to a 

final volume of 40 μL in 1X NEB2 buffer and the mixture was further incubated at 37°C 

for 30 minutes. Finally, the mixture was subjected to a second purification to remove 

proteins and excess nucleotides.  
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TDG Ligation 40 pmol of labeled DNA with the phosphate flap removed (i.e. treated with 

Endonuclease VIII) was incubated with 400 U of T4 DNA Ligase (New England Biolabs) 

in T4 DNA Ligase buffer (50 mM tris-HCl 10 mM, MgCl2, 1 mM ATP, 10 mM DTT, pH 

7.5) overnight at room temperature. The DNA was then purified with the Nucleotide 

Removal Kit and eluted in deionized water. 

 

1,N6-ethenoadenine labeling A custom 34 nt oligonucleotide with a 5’ FAM (sequence: 

CAG TTG AGG ATC CCC ATA AeTG CGG CTG TTT TCT G, where Ae is 1,N6-

ethenoadenine) was annealed to a complementary sequence by mixing both at an equimolar 

ratio, incubating in deionized water at 95°C for 10 minutes, and cooling to room 

temperature over 1 hour. To cap the 3’ ends of the DNA, a 100 μL aliquot containing 385 

pmol duplex DNA, 30 nmol ddATP, 500 U of Terminal Transferase, and 25 mmol CoCl2 

was incubated in 1X Terminal Transferase reaction buffer at 37°C for 1.5 hrs. The resulting 

material was purified with a QIAquick PCR purification kit to allow for buffer exchange. 

To excise target 1,N6-ethenoadenine, a 80 μL aliquot was prepared containing 100 pmol of 

duplex, 425 U hAAG (New England Biolabs), 200 fg APE1 D308A mutant, 8 μg BSA, 

and 1X Thermopol buffer (New England Biolabs) and incubated at 37°C for 1 hr. The 

mixture was purified with a QIAquick PCR purification kit. Then, 40 U EndoIV and 3 μg 

BSA were added to a total volume of 30 μL in 1X NEB2 buffer and incubated at 37°C for 

30 min. 1.5 nmol biotinylated dATP (Perkin Elmer, Waltham, MA) and 0.12 U T4(exo-) 

were added to a final volume of 40 μL in 1X NEB2 buffer and the mixture was further 
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incubated at 37°C for 30 minutes. Finally, the mixture was subjected to a second QIAquick 

purification to remove proteins and excess nucleotides.  

 

DNA constructs for cytosine demethylation labeling Four sets of 34 nt-long DNA 

oligonucleotides featuring a fluorescent 5’ FAM label were purchased commercially 

(Integrated DNA Technologies, Coralville, IA) with the sequence 5’-CAG TTG AGG ATC 

CCC ATA ATG CGG CTG TTT TCT G-3’, in which the highlighted nucleotide (C) was 

replaced with 5mC, 5hmC, 5fC, or 5caC, respectively. Duplex constructs were formed by 

mixing 10 µM of each with its unmodified complementary sequence at a ratio of 1:1.2 in 

deionized water, incubating at 95°C for 10 minutes, and gradually cooling to room 

temperature over two hours. Products were confirmed by gel electrophoresis. 

 

Dual labeling 5fC and 5caC 40 pmol DNA was incubated with 3 μg wild-type TDG, 13.3 

fg APE1 D308A, and 4 µg bovine serum albumin (BSA, New England Biolabs, Ipswitch, 

MA) in 20 µL HEMN.1 Buffer (200 mM HEPES, 1M NaCl, 2 mM EDTA, 25 mM MgCl2) 

at 37°C for 1 hour to excise target bases and detach the TDG from the resulting AP site. 

After purifying the DNA with a Nucleotide Removal Kit (Qiagen), it was incubated with 

20 U of Endonuclease IV (New England Biolabs), 100 U of Endonuclease VIII (New 

England Biolabs), and 4 µg BSA in 20 µL NEB2 buffer (50 mM NaCl, 10 mM tris-HCl, 

10 mM MgCl2, 1 mM DTT, New England Biolabs) at 37°C for 30 minutes to prime the 

gap for base incorporation. Then, 1.5 nmol of biotinylated dCTP (Perkin Elmer, Waltham, 

MA) and 0.12 U of T4 polymerase having no exonuclease activity (Lucigen, Middleton, 
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WI) were added and the mixture and incubated at 37°C for an additional 30 minutes. The 

DNA was again purified with the Nucleotide Removal Kit and eluted in deionized water.  

 

Selective labeling of 5fC An identical protocol was used as that described above for 5fC 

and 5caC, but substituting the TDG-N191A mutant for the WT TDG. 

 

Dual labeling 5mC and 5hmC 12.5 pmol DNA was incubated for 2 hours at 37°C with 1.5 

µg of TET2-CS, 5mM adenosine triphosphate (New England Biolabs), and 75 nM 

Fe(NH4)2(SO4)2 in 50 µL of reaction buffer containing 50 mM HEPES, 50 mM NaCl, 1 

mM α-ketoglutarate, 2 mM L-ascorbic acid, and 1 mM DTT (pH 7.5) to fully oxidize both 

5mC and 5hmC. The treated DNA was purified with the Nucleotide Removal Kit and 

eluted in deionized water. The above protocol for dual 5fC and 5caC was then followed for 

labeling. 

 

Selective labeling of 5mC 40 pmol DNA construct was incubated for 1 hour with 10 pmol 

of UDP-Glucose (New England Biolabs) and 50 U of T4 phage βGT (New England 

Biolabs) in NEB4 buffer (50 mM potassium acetate, 20 mM tris-acetate, 10 mM 

magnesium acetate, 1 mM DTT, pH 7.9, New England Biolabs) at 37°C. Then, the 

protected DNA was purified with the Nucleotide Removal Kit and eluted in deionized 

water. The above protocol for dual 5mC and 5hmC was then followed, resulting in labeling 

of 5mC alone. 
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TDG release via phenol treatment Where phenol was used to release TDG from the AP 

site, the protocol described above was employed with two exceptions. First, no APE1 was 

included in the base excision mixture (i.e. 40 pmol DNA, 3 mg WT TDG, and 4 µg BSA 

in HEMN.1 buffer). Second, directly following the excision step, an equal volume of 

phenol:chloroform:isoamyl alcohol (25:24:1) saturated with tris buffer (pH 8.0) was added 

and mixed by vortexing for 1 min, segregating the DNA construct into the aqueous (buffer) 

phase and the protein constituents (TDG, BSA) into the inorganic (phenol-chloroform) 

phase. The mixture was loaded into a phase-lock tube (5Prime, QuantaBio, Beverly, MA) 

and centrifuged at 14,000 ×g for 25 min and then an equal volume of pure chloroform was 

added and centrifuged at the same speed for an additional 20 min to remove any remnant 

phenol. Finally, the aqueous phase containing DNA was aspirated, purified with the 

Nucleotide Removal Kit, and eluted in deionized water. 

 

Genomic DNA Fragmentation DNA was extracted from SCC-61 and rSCC-61 cells 

following irradiation using the DNeasy Blood and Tissue Kit (Qiagen) and resuspended in 

200 μL of deionized water. 2 μg of each sample was then incubated with 4 μL of NEBNext 

dsDNA Fragmentase (NEB) in 20 μL of 1X NEBNext dsDNA Fragmentase Buffer (NEB) 

at 37°C for 2 hours. 5 μL of 0.5 M EDTA was added immediately after incubation and 

vortexed to stop the reaction. Then, the fragmented DNA was purified with the Nucleotide 

Removal Kit and eluted in deionized water. 

 

Following fragmentation, 1.5 μg of DNA was blunted by incubating the DNA with 1 nmol 

each of dNTPs (dATP, dCTP, dGTP, dTTP) (NEB) and 5 U DNA Polymerase I, Large 
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(Klenow) Fragment (NEB) in 1X NEB2 Buffer at 25°C for 15 minutes. Afterwards, the 

blunted DNA was purified with the Nucleotide Removal Kit and eluted in deionized water. 

 

Adapter Ligation To allow for the analysis of any blunt-ended DNA with qPCR, adapters 

were ligated to the ends of blunt-ended DNA. To do this, 1.5 μg of blunted DNA was 

incubated with 10 U Terminal Transferase (NEB) in 1X Terminal Transferase Buffer 

(NEB) supplemented with 250 μM CoCl2 and 100 μM dATP at 37°C for 30 minutes to 

attach a single dATP overhang to the 3’ ends of the DNA. The single A-tailed DNA was 

then purified with the Nucleotide Removal Kit and eluted in deionized water. 

 

Then, the A-tailed DNA was incubated with 500 μM of a hairpin adapter (5’-

GATCGGAAGAGCACACGTCTGAACTCCAGTCdUACACTCTTTCCCTACACGAC

GCTCTTCCGATC*T-3’, dU = deoxyribouracil, * = phosphorothiolate bond) (IDT) and 

600 U T4 DNA Ligase (NEB) in T4 DNA Ligase Buffer (NEB) at room temperature 

overnight before purification with the Nucleotide Removal Kit and elution of the adapter-

labeled DNA in deionized water. The uracil within the hairpin adapter was excised as per 

the uracil labeling protocol presented above to regenerate double-stranded DNA from the 

DNA loop produced after adapter ligation. 

 

2.2  Protein Expression 

APE1 D308A protein expression APE1 D308A plasmid (provided by the Demple Lab, 

Stony Brook University) was transformed into BL21*(DE3) cells and grown in 1 L LB 

broth at 37°C. After bacterial cell cultures reached OD600=0.6, expression was induced with 
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0.5 mM isopropyl β-D-thiogalactopyranoside (IPTG). The cultures were then incubated for 

another 90 minutes before being harvested by centrifugation, resuspended in 50 mM 

HEPES-KOH (pH 7.5), 100 mM KCl, 1 mM EDTA, 0.1 mM DTT, and 10% (v/v) glycerol, 

and lysed by two passes through an EmulsiFlex-C5 (Avestin, Ottawa, Canada). The lysate 

was cleared by centrifugation at 20,000×g for 20 minutes,loaded onto a 15 mL SP 

Sepharose column (GE Healthcare, Pittsburgh, PA), and eluted with a linear gradient of 

100-750 mM KCl. Elutions were analyzed by SDS-PAGE and fractions containing the 

protein were pooled and dialyzed overnight at 4°C against APE1 storage buffer (50 mM 

HEPES-KOH (pH 7.5), 200 mM KCl, 1 mM EDTA, 0.1 mM DTT, 10% (v/v) glycerol) 

and concentrated using 10 kDa MWCO centrifugal spin filter columns (EMD Millipore, 

Billerica, MA). Final protein concentration was determined with the Bio-Rad Protein 

Assay (Bio-Rad) and aliquots were stored at -20°C prior to use. 

 

TDG protein expression from E. coli For expression of WT TDG, we followed an existing 

protocol21 adapted from prior work19 with minor modifications. A plasmid for human TDG 

based on pET28 was transformed into BL21(DE3) cells and grown in 1 L LB broth at 37 

°C until the cultures reached an OD600 of 0.6. Then, they were gradually cooled to 16 °C, 

induced with 0.25 mM IPTG and incubated overnight. Harvesting was performed by 

centrifugation and retrieved cells were resuspended in 20 mL of TDG lysis buffer (50 mM 

sodium phosphate, pH 8.0, 300 mM NaCl, 25 mM imidazole) with protease inhibitors and 

then lysed by two passes through an EmulsiFlex-C5 homogeniser. The lysate was cleared 

by a 20 min centrifugation at 20,000 ×g, loaded onto a 1 mL column of HisPur cobalt resin 

(Fisher Scientific, Hampton, NH) equilibrated with TDG lysis buffer, and then bound by 
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two applications of the lysate to the column under gravity flow. The column was washed 

with 20 mL of TDG lysis buffer and subsequently eluted by a linear gradient of imidazole 

(100-500 mM) into 1 mL aliquots that were then analyzed by SDS-PAGE. Fractions 

containing TDG were pooled and dialyzed overnight at 4 °C against TDG storage buffer 

(20 mM HEPES, pH 7.5, 100 mM NaCl, 1 mM DTT, 0.5 mM EDTA, 1% v/v glycerol). 

Dialyzed proteins were concentrated using 10 kDa molecular weight cutoff centrifugal spin 

filter columns. Final protein concentration was determined analytically by Bradford protein 

assay and aliquots were stored at -80°C prior to use. 

 

A mutant TDG22 with no recognition for 5caC (TDG-N191A) was expressed in an identical 

fashion to WT TDG but using the mutant plasmid. 

 

Human TET2-CS, the crystal structure variant of the enzyme (1129-1936 Δ1481-1843), 

was purified from insect cells as previously described23. Briefly, the construct, with an N-

terminal FLAG tag, was subcloned into a pFastBac1 vector. After generation of 

baculovirus, 1L of Sf9 cells were infected and cells were collected after 24 h and 

resuspended in lysis buffer (50 mM HEPES, pH 7.5, 300 mM NaCl, and 0.2% (v/v) NP-

40) containing complete, EDTA-free Protease Inhibitor Cocktail (Roche, 1 tablet/10 mL). 

Cells were lysed by three passes through a microfluidizer at 15,000 psi and the lysate was 

cleared by centrifugation at 20,000 ×g for 30 min. The supernatant was then passed three 

times over a 1 mL packed column of anti-FLAG M2 affinity resin (Sigma). The column 

was washed three times with 10 mL of wash buffer (50 mM HEPES, pH 7.5, 150 mM 

NaCl, and 15% (v/v) glycerol). 1 column volume of elution buffer (wash buffer with 100 
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μg/mL 3× FLAG peptide (Sigma) added) was then incubated on the column for 10 min 

followed by collection of the elution fraction. Serial elutions were similarly collected until 

no more protein was detected by the Bio-Rad Protein Assay. The three most concentrated 

fractions were pooled, aliquoted, and stored at −80 °C. 

 

2.3  Analytical Techniques 

Gel Electrophoresis The DNA denaturing gel was prepared by mixing thoroughly 70 mL 

of 23% gel matrix (22% acrylamide, 1% bis-acrylamide, 7 M urea in 1X 3:1:1 

tris/borate/EDTA (TBE) buffer), 240 μL of 25% ammonium persulfate, and 42 μL 

tetramethylethylenediamine. The gel mixture was cast and allowed to polymerize for 30 

minutes before running samples with dye in 1X 3:1:1 TBE at 55 W for 90 minutes. Yields 

were approximated by measuring product band intensity relative to intermediates in the 

final lane using ImageJ analysis software24. For electromobility shift assays (EMSA) gels 

(see Supplementary Fig. S3), 3.5% agarose gels were prepared in 1X TBE buffer with 

GelRed nucleic acid stain (Phenix Research Products, Candler, NC). Gel images were 

acquired using a Gel DocTM system (Bio-Rad, Hercules, CA). 

 

SS-Nanopore measurements Fabricated silicon chips (4×4 mm), each supporting a 10-20 

μm thin film silicon nitride window (20 nm thickness) were obtained commercially 

(Norcada, Inc., Alberta, Canada). A single SS-nanopore (diameter 7.5-9.0 nm, as 

determined from resistance measurement25) was produced in each membrane using a 

helium ion milling technique described elsewhere26. Prior to measurement, a chip was 

rinsed with deionized water and ethanol, dried under filtered air flow, and then exposed to 
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air plasma (30 W) for 2 min on each side before being placed into a custom Ultem 1000 

flow cell that enabled introduction of measurement buffer (1 M NaCl, 10 mM PBS buffer) 

to independent reservoirs on each side of the device. Ionic current measurements were 

performed with a patch clamp amplifier (Axopatch 200B) through Ag/AgCl electrodes and 

used to verify pore diameter. After introducing biomolecules in measurement buffer to the 

cathode chamber, current was recorded at a bandwidth of 200 kHz with a 100 kHz four-

pole Bessel filter. Analysis was performed with custom software and an additional low-

pass filter of 25 kHz. The event threshold for analysis was set at 4.5 standard deviations 

above the RMS noise level and only events with durations between 12.5 µs and 2.5 ms 

were considered. Each rate measurement was determined by considering at least 3.5 min 

of uninterrupted trace recording, broken into segments of 3.2 s. The standard deviation 

between segments was taken as the measurement error. 

 

Preparation of synthetic DNA by PCR 150 bp ds-DNA oligonucleotides containing a single 

biotin modification were prepared by PCR using λ-phage DNA (New England Biolabs) as 

a template. The unmodified forward primer (5’-AAC AAC TGT TTC AGC CAC TGC 

TTC-3’) and the biotinylated reverse primer (5’-CAG TTG AGG ATC CCC ATA ATG 

CG -3’, where T is a biotinylated base) were synthesized commercially (Integrated DNA 

Technologies, Coralville, IA). The PCR product was subsequently purified using a 

QIAquick PCR Purification Kit (Qiagen) and eluted in deionized water (EMD Millipore, 

Billerica, MA). The resulting stock solution was determined to have a concentration of 0.6 

μM by spectrophotometry (Nanodrop 2000c, ThermoScientific, Waltham, MA).  
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Binding of biotinylated DNA to free monovalent streptavidin For measurements involving 

free streptavidin, a mutant variant of streptavidin, MS27, was employed consisting of a 

single active high-affinity biotin-binding region. The binding reaction was performed by 

mixing 100 nM MS with 50 nM biotinylated 150 bp dsDNA  in 1x PBS and incubating for 

at least 10 minutes at room temperature. The single biotin-binding site of MS ensured 

purely symmetric binding of one protein to one DNA. 

 

Binding of biotinylated DNA to streptavidin-coated magnetic beads For bead capture 

measurements, 10 μL of streptavidin conjugated beads (1 μm diameter Dynabeads MyOne 

Streptavidin C1 beads, Invitrogen, Carlsbad, CA) were washed three times in 1X 

binding/washing buffer (5 mM Tris-HCl, pH 7.5, 0.5 mM EDTA, 1 M NaCl) before being 

resuspended in 10 μL of 2X binding/washing buffer. 10 μL of biotinylated 150 bp dsDNA 

at a concentration of 50 nM were then added to the beads and agitated for 30 minutes.  

 

Preparation of binary biotinylated and non-biotinylated DNA mixture 4.8 μg λ-phage DNA 

(New England Biolabs) were incubated at room temperature for 30 minutes with 3.3 μM 

dGTP (New England Biolabs), 3.3 μM biotinylated dCTP (Trilink Biotech, San Diego, 

CA), 6.7 μM ddATP (Trilink Biotech), and 5 units of Klenow Fragment (New England 

Biolabs) in 30 μL of 1X NEBuffer 2. Given the cos overhang sequences of λ-phage DNA 

(5’ GGGCGGCGACCT 3’ and 5’ AGGTCGCCGCCC 3’), this results in one end of the 

DNA being biotinylated and the other being capped to prevent further incorporation. The 

product was purified by conventional phenol-chloroform extraction and 1 μg of the labeled 

DNA was incubated at 37°C for 1 hour with 5 units of PspXI (New England Biolabs) in 50 
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μL of 1X CutSmart Buffer to cut the DNA into fragments of approximately 33.5 kbp and 

15 kbp. The resulting product was purified again by conventional phenol-chloroform 

extraction. For bead capture, 500 ng of the resulting mixture was incubated with 25 μL of 

streptavidin beads resuspended in 2X binding/washing buffer, with the rest reserved for 

SS-nanopore measurements. Note that this the amount required according to the bead 

capacity supplied by the manufacturer, and which we have determined to be sufficient in 

capturing all the material. The binding reaction was incubated at room temperature for 1 

hour under constant agitation. After agitation, the beads were immobilized magnetically 

and the supernatant (containing non-biotinylated DNA) was discarded. Finally, the beads 

were washed three times with 1X binding/washing buffer to remove any non-specifically 

bound DNA and re-suspended in 25 μl of deionized water. The bound material was then 

eluted from the beads at room temperature using 12.5% (v/v) phenol in chloroform for SS-

nanopore measurements. 

 

Dissociation by phenol Phenol dilutions were prepared by adding pure chloroform (Ricca 

Chemical Company, Arlington, TX) to 25:24:1 phenol:chloroform:isoamyl alcohol (Acros 

Organics, Morris, NJ) until the desired proportion of phenol was obtained. Phenol-

chloroform was added to an equal volume of sample (10 or 25 uL) in binding/washing 

buffer and thoroughly mixed by vortexing for 1 minute. In the case of bead-bound 

streptavidin, beads were removed by placing the sample tube on a magnet and decanting. 

For both processes, the bi-phasic mixture was then transferred into a phase-lock tube 

(5Prime, QuantaBio, Beverly, MA) and centrifuged at 14,000g for 25 min. An additional 

sample volume of chloroform was added to the aqueous phase and the mixture was 
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centrifuged at the same speed for an additional 20 min. Finally, the aqueous phase 

containing eluted DNA was aspirated for subsequent use or analysis. All steps were 

performed at room temperature. Control experiments were performed with pure 

chloroform or deionized water instead of phenol-chloroform.  

 

Streptavidin bead capture and elution for the SCC-61 and rSCC-61 experiments For bead 

capture measurements, 25 μL of streptavidin conjugated beads (Dynabeads M-280 

Streptavidin beads, Invitrogen, Carlsbad, CA) were prepared for each sample. The beads 

were washed three times in 1X binding/washing buffer (5 mM Tris-HCl, pH 7.5, 0.5 mM 

EDTA, 1 M NaCl) before being resuspended in 8 μL of 2X binding/washing buffer. 8 μL 

of purified, labeled DNA were then added to the beads and agitated overnight.  

 

Following bead capture, the beads were washed twice with 25 μL of 1X binding and 

washing buffer, washed once again with 25 uL of 100 mM NaCl, and resuspended in 25 

μL of 100 mM NaCl. Then, 25 μL of water-saturated 25:24:1 phenol:chloroform:isoamyl 

alcohol (Acros Organics, Morris, NJ) was added to the resuspended beads, vortexed for 30 

s, and left to sit for 30 minutes. After allowing time for dissociation, the sample was spun 

down in a centrifuge at 13,000 rpm for 25 minutes, and 20 μL of the aqueous layer was 

decanted into a new PCR tube. 20 μL of pure chloroform was added to the removed 

aqueous layer, vortexed for 30 s, and spun down at 13,000 rpm for 20 minutes to isolate 

any remaining phenol contamination. Subsequently, 12 μL of the aqueous layer was 

removed and stored in another clean PCR tube. 
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Finally, the isolated DNA was cleaned with ethanol precipitation to remove any remaining 

organic contaminants. To the recovered material, 0.1 volume of 5M NH4OAc (Invitrogen), 

0.05 volume of glycogen (20 mg/mL) (Molecular Biology Grade, Thermo Fisher 

Scientific, Waltham, MA), and 1 volume of isopropanol (Thermo Fisher) was added before 

incubating at -20°C overnight. The DNA and glycogen was pelleted by spinning the 

mixture at 13,000 rpm for 30 minutes at 4°C, after which the supernatant was removed 

without disturbing the pellet. Then, 150 μL of ice-cold 70% ethanol was added and 

vortexed for 10 s before spinning down again at 13,000 rpm for 20 minutes at 4°C, with 

the supernatant removed again afterward. The recovered material was then allowed to air-

dry at room temperature before being resuspended in 12 μL RT-PCR  grade water (Thermo 

Fisher Scientific). 

 

qPCR Protocol The qPCR master mix was prepared for each sample by mixing 5 μL 2X 

SYBR Green PowerUp Master Mix (Applied Biosystems, Foster City, CA), 0.4 μL of 

forward primer (5’-GACGTGTGCTCTTCCGA-3’) at 5 μM (IDT), 0.4 μL of reverse 

primer (5’-CACGACGCTCTTCCGAT-3’) at 5 μM (IDT), and 2.2 μL PCR-grade water 

(Thermo Fisher Scientific) and scaling up to the required number of samples. In a 96-well 

qPCR plate, 2 μL of no template control, standards, and samples were added in triplicate, 

to which 8 μL of the master mix was added. The qPCR protocol consisted of an initial 

enzyme activation stage of 95°C for 50 s, 57°C for 40 s, and 72°C for two minutes. This 

was followed by 50 cycles of 95°C for 35 s, 57°C for 30 s, and 72°C for two minutes to 

replicate the sample DNA, and a final extension step of 72°C for two minutes. The results 

from these experiments were compiled and analyzed.  
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CHAPTER 3 – DEVELOPMENT OF A MODULAR ENZYMATIC LABELING 

PROCESS FOR DNA BASE MODIFICATIONS 

3.1  Introduction 

A variety of non-canonical bases are prevalent in genomic DNA and play crucial roles in 

cell functions that include gene expression and suppression28, transposon expression29,30, 

stem cell differentiation31, and chromosomal inactivation32. For example, the abundance 

and position of epigenetic modifications are tightly regulated and errors in this regulation 

have been linked to a wide range of diseases33 including cancer. In addition, DNA base 

damage elements generated both endogenously and exogenously are a major source of 

point mutations if not correctly repaired by cellular processes. The locations of these 

elements can be random or could be linked to sequence accessibility in chromatin 

structures. While the impact of modified DNA bases is clear, their detection can be 

challenging due to a variety of issues. Conventional detection technologies such as 

sequencing, chromatography, and immunochemical assays lack the ability to identify the 

wide variety of non-canonical bases that may be present in DNA34. Furthermore, cross-

reactivity of antibodies35 and non-specific induction of additional lesions17 can result in an 

overestimation of the amount of damage present in the DNA. Thus, there is a need for a 

technique that can recognize and accurately quantify specific DNA modifications. One 

approach that addresses these concerns has been pioneered recently by Song, et al36 in 

which a single, high-affinity tag was attached enzymatically to 5-hydroxymethylcytosine 

bases, permitting downstream analysis, enrichment, or sequencing. While the process has 

been adapted to access some additional elements of the demethylation pathway37–39, only 

a limited suite of modifications are suitable for such tagging. As the ability to probe a wide 
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variety of base modifications would be of significant value, we set out to develop a new 

labeling strategy that would be permissive for a host of different DNA modifications. In 

our methodology, we exploit the enzymatic machinery of the DNA base excision repair 

(BER) pathway, which identifies and restores base lesions in vivo.  

 

3.2  Development of a method of labeling uracil and 8-oxoguanine 

In our approach (Figure 1), a modified base element was first excised from the DNA using 

a DNA glycosylase, which removed the target base from the phosphate backbone, leaving 

an abasic (AP) site. If the glycosylase was bifunctional (i.e. had AP lyase activity), the 

phosphodiester bond was also cleaved 3’ to the modification, leaving a single strand nick. 

Ensuing steps were not affected by this activity. Next, an AP endonuclease was used to 

cleave the phosphodiester bond 5’ to the abasic site and remove the exposed 3’ phosphate, 

leaving a hydroxyl group that was amenable to the final step: treatment with a gap-filling 

polymerase to incorporate a biotin-conjugated nucleotide into the DNA structure. For this, 

we used a mutant polymerase lacking 3’-5’ exonuclease activity (T4(exo-)) and provided 

it with only of the cognate biotin-dNTP, resulting in the insertion of a single affinity label 

at the precise location of the modified base.  
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Figure 1. Schematic representation of the general labeling approach 

(i) A duplex DNA molecule featuring a target base element (red). (ii) A glycosylase 

recognizes and excises the base element (diagram shows activity of a bifunctional 

glycosylase that nicks the phosphate backbone 3’ to the excision). (iii) An AP 

endonuclease cuts the backbone 5’ to the excision. (iv) A gap-filling polymerase 

incorporates a single biotinylated nucleotide at the modification position. 

 

We have found the absence of exonuclease activity to be particularly important as 

processive cleavage of nucleotides from the modification site can result in prevention or 

misincorporation of the biotinylated nucleotide label. We note that this methodology 

ultimately resulted in a nick 3’ to the inserted biotin-dNTP. While it is possible to repair 

this nick through ligation, we did not include such a step because of the potential for 
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reduced product yield. The presence of the nick did not negatively impact subsequent 

measurements.  

 

Crucially, this general approach could be used to target a variety of distinct modified bases 

through variation of two central components: the DNA glycosylase, selected for 

recognition of a particular lesion, and the biotin-conjugated nucleotide, selected to match 

the canonical identity of the target modified base (or in the case of a mismatch target, the 

appropriate nucleotide for Watson-Crick base-pairing with the opposite strand). As an 

initial demonstration of this modularity, we first showed selective detection of uracil and 

oxoguanine (oxoG) bases. Uracils arise in DNA upon deamination of cytosine, resulting in 

a mutagenic U:G mismatch, or upon misincorporation of dUTP, resulting in a genotoxic 

U:A pair40. Meanwhile, oxoG is the major oxidative base damage associated with reactive 

oxygen species (ROS) due to the low redox potential of guanine and has known mutagenic 

potential via transversion during DNA replication41. For these measurements, we used 

synthetic 40 bp double-strand (ds-) DNA oligonucleotides, with one strand containing the 

target modified base at a known position and a fluorescent FAM label at the 5’ end. We 

utilized endonuclease IV (EndoIV) to prime the excised gap for T4(exo-) incorporation of 

a biotin-dNTP.  

 

Denaturing gel analysis of each sequential step for the two bases using an appropriate 

glycosylase/nucleotide combination showed excision of the modified base and 

incorporation of the biotin-dNTP. Labeling of uracil was achieved using a combination of 

uracil DNA glycosylase (UDG) and biotin-dUTP while oxoG labeling employed human 
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oxoG DNA glycosylase (hOGG1) and biotin-dGTP. Notably, we made use of a “one-pot” 

treatment for each of these targets that minimized material loss and enabled high product 

yields of ~92% and ~83%, respectively. In addition, UDG is a monofunctional glycosylase 

while hOGG1 is bifunctional, showing that the approach was not affected significantly by 

either absence or presence of AP lyase activity in the glycosylase. Identical treatments of 

each base modification with non-target components showed no detectable labeling, 

highlighting process selectivity that was facilitated by the low cross-recognition of each 

glycosylase (Figure 2). 

 

Figure 2. Denaturing gel analyses of labeled uracil and oxoG-containing DNA constructs 

(Steps numbered as in Figure 1) Lane 1: annealed oligonucleotide; lane 2: following 

glycosylase/endonuclease treatment; lane 3: following T4(exo-) fill-in. * indicates DNA 

length plus biotin tag. Left: molecular structures of the target bases. 
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3.3  Development of a method of labeling T:G mismatches and ethenoadenine with 

APE1 displacement 

While these data clearly demonstrated a flexible approach that could in principle be 

extended to a broad range of base targets42, glycosylases can also have additional activities 

that could interfere with the labeling procedure as described. For example, thymine DNA 

glycosylase (TDG) is a major component of the cytosine demethylation process, 

recognizing T:G mismatches43 among other elements44, but it also recruits additional 

enzymes like histone acetyltransferases45. Because of this latter role, TDG has a high 

affinity for the AP site resulting from base excision, making it difficult to detach for 

subsequent labeling steps (Figure 3a).  

 

Figure 3.  Denaturing gel analyses of labeled T:G-mismatch-containing DNA constructs 

Top: molecular structure of T:G mismatch 
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(a) Top: Schematic showing inaccessibility of AP site by EndoIV caused by TDG binding. 

Bottom: denaturing gel of labeling steps for a T:G mismatch oligonucleotide using 

EndoIV only. No significant labeling is observed. (b) Top: schematic showing release of 

TDG by APE1, leaving DNA accessible by EndoIV. Bottom: denaturing gel of labeling 

steps for a T:G mismatch oligonucleotide using both EndoIV and APE1 (D308A mutant), 

indicating recovery of high yield labeling. 

 

To address this, we sought to promote enzyme disengagement through the incorporation 

into the protocol of an additional endonuclease, AP endonuclease 1 (APE1). The extensive 

dsDNA binding surface of APE1 and the prominent kinking it induces in the DNA helix46 

have been suggested as means to promote displacement of glycosylases more efficiently 

than EndoIV47. However, the improved activity of APE1 comes at the expense of 3’-5’ 

exonuclease activity not found in the other enzyme, especially under key buffer 

conditions48. To partially mitigate this effect, we used the APE1 D308A mutant20, which 

features reduced 3’-5’ exonuclease activity. This inclusion improved yield significantly 

over wild type APE1 (Figure 4), but the remaining nucleotide digestion activity still 

necessitated a supplementary purification step prior to polymerase gap-filling to limit 

decomposition of the DNA. While this increased the number of steps and decreased overall 

product yield somewhat, the resulting material showed successful incorporation of biotin-

labeled nucleotides on gel (Figure 3b) at a high yield (~73%).  
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Figure 4. WT APE1 and D308A APE1 exonuclease activity. 

Denaturing gel analysis of a FAM-labeled 40 nt T:G mismatch DNA oligonucleotide 

before and after treatment with TDG and APE1. Left gels show WT APE1 behavior, 

resulting in massive loss of product due to 3’-5’ exonuclease activity. Right gels show 

same treatment with the APE1 D308A mutant. While some exonuclease activity is 

observed in our buffer conditions, it is significantly reduced compared to WT. 

 

Notably, this alternative method could be used to incorporate other glycosylases with 

similar behavior as well. As an example, we utilized human alkyladenine DNA glycosylase 

(hAAG), which excises alkylated bases from DNA, but has also been observed to bind 

tightly to its DNA template49. The major target of hAAG is the important epigenetic 

element methyladenine50, but this base is known to be unstable for in vitro measurements. 
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Consequently, we instead used for our demonstration a synthetic oligonucleotide featuring 

the methyladenine analog 1,N6-ethenoadenine, and employed hAAG and biotin-dATP for 

labeling. Subsequent analyses of the product again indicated efficient (~74%) labeling on 

gel (Figure 5). Thus, we are able to demonstrate the broad modularity of the labeling 

scheme. 

 

Figure 5. Denaturing gel analyses of labeled 1,N6-ethenoadenine-containing DNA 

constructs 

Top: molecular structure of 1,N6-ethenoadenine. Bottom: Denaturing gel of labeling 

steps for a 1,N6-ethenoadenine oligonucleotide using EndoIV and APE1 (D308A mutant), 

showing high yield biotin labeling. 

 

Unlike the labeling methods developed for uracil and oxoG, “one-pot” reactions were not 

viable for the labeling of T:G mismatches and 1,N6-ethenoadenine due to the requisite 
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buffer compositions for the TDG and hAAG glycosylases, which differed greatly from the 

buffers that could be utilized by the subsequent EndoIV and T4(exo-) reactions. This may 

partially account for the lower yield in the labeling of these modifications in comparison 

due to the removal of the glycosylase during additional purification steps during the 

labeling process to facilitate buffer exchange, thus preventing the glycosylase from 

continuing to act on any oligo that retained the modification of interest. However, it may 

be possible to further increase the yields of these reactions by increasing the incubation 

time with the glycosylase or increasing the concentration of glycosylase within the reaction 

in order to fully excise the modification of interest prior to the addition of endonuclease. 

 

3.4 Optimization of protocols to improve labeling accuracy 

Upon the performance of electromobility shift assay (EMSA) gels by conjugating 

monovalent streptavidin (MS) to biotin-labeled nucleotides, we observed the presence of 

secondary shifts in some gels, with a prevalence of 7.6% in uracil-containing oligos and 

4.0% in 1,N6-ethenoadenine-containing oligos. We suspected that these secondary shifts, 

indicative of the presence of a second biotinylated nucleotide in the labeled oligo, could be 

the result of non-specific end-labeling of the oligos by the T4 polymerase. To verify 

whether this was the case and to correct this erroneous labeling, which could result in false 

positives in applications of this labeling method, we performed end-labeling reactions on 

oligos prior to glycosylase labeling with terminal transferase and the chain-terminating 

dideoxyadenosine triphosphate (ddATP), the latter of which lacks 2’ and 3’ hydroxyl 

groups. This structure of the ddATP renders the resulting 3’ end of the DNA oligo 

incapable of receiving further deoxynucleotide additions51, including that of biotinylated 
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deoxynucleotides. We found that this change in the protocol was capable of eliminating 

the occurrence of secondary shifts, indicating an inhibition of the undesired incorporation 

of an additional biotinylated nucleotide (Figure 6). 

 

Figure 6. Limiting off-target T4 polymerase end-labeling with terminal transferase  

Electromobility shift assay (EMSA) gels for all specifically-labeled DNA constructs. In 

each image, labeled DNA is visualized without (lane 1) and with (lane 2) MS. Green 

arrows indicate target DNA-MS construct. For uracil (left) and 1,N6-ethenoadenine 

(right), an additional band was observed (red arrow), indicating superfluous end-

labeling of the construct by the T4 polymerase, possibly driven by incorporation kinetics 

of dUTP and dATP, respectively. By capping the 3’ ends of these oligonucleotides with 

terminal transferase and ddATP (see Materials and Methods) prior to labeling (blue 

arrows), we find that multiple biotin-labeling is inhibited, with results similar to those of 

oxoG and T:G mismatch (open red arrows). 
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3.5  Discussion 

We have shown that a variety of single-base modifications can be assessed by incorporating 

an efficient and targeted affinity-labeling technique that exploited the physiological 

activities of enzymes involved in the BER pathway to install a single biotin tag at the 

precise location of a given base element. We first showed selective recognition of uracil 

and oxoG bases with the glycoslyases UDG and hOGG1, respectively. Next, we sought to 

utilize other glycosylases by integrating a mixture of endonucleases designed to promote 

enzyme release and limit DNA digestion. While the alternative procedure entailed some 

loss of material due to increased exonuclease activity, it enabled the use of glycosylases 

that are specifically challenging to incorporate in the labeling approach due to strong AP 

binding capacity. As a demonstration, we showed that this approach could be used for the 

study of T:G mismatch bases with TDG and the methyladenine analog 1,N6-ethenoadenine 

with hAAG. Therefore, with the flexible protocols established here, nearly any glycosylase 

could be integrated, facilitating the labeling and analysis of a broad range of bases that they 

target, including the widely studied methylcytosine10. The central limiting factor for this 

capacity is in the specificities of the glycosylases themselves, since many have recognition 

for multiple elements. However, the affinity for specific targets can vary wildly, offering a 

potential pathway to high selectivity. We expect that the use of point mutations in the 

glycosylases may also be able to tailor their specificity and enable high certainty in 

recognition. In total, this work opens new avenues to study base modifications that may 

have important impacts on biology and disease, but are challenging to probe with 

conventional techniques. In addition, the modular labeling approach alone could also be 
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employed in applications like affinity enrichment and genomic analyses36–38, and is 

amenable to the integration of any label that can be incorporated by polymerase activity, 

including fluorescent tags. 

 

Peer-Reviewed Publication: F. Wang, O. K. Zahid, B. Swain, D. Parsonage, T. Hollis, 

S. Harvey, F. Perrino, R. M. Kohli, E. W. Taylor, A. R. Hall. "Solid-state nanopore 

analysis of diverse DNA base modifications using a modular enzymatic labeling process." 

Nano Letters, 17 (11), 7110–7116, 2017.  
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CHAPTER 4 – LABELING OF PRODUCTS OF THE CYTOSINE 

DEMETHYLATION PATHWAY 

4.1  Introduction 

Composed structurally of a cytosine nucleobase with a methyl group at the fifth carbon 

atom, the epigenetic modification 5-methylcytosine (5mC) has an overall prevalence of 

~4% (5mC/C) in the human genome52. It is the most widely studied DNA base variant, 

largely because of the early advent of a technique with which it could be probed; it was 

demonstrated53,54 as early as 1970 that exposure to sodium bisulfite is capable of 

deaminating cytosines and converting them to uracils, but that this chemical reaction is 

blocked by methylation. In combination with the growing availability of sequencing 

technologies, this simple treatment has enabled a large number of studies that have been 

able to determine the genomic positions of 5mC as well as highlight its importance in 

diverse biological processes. For example, physiologically, 5mC has been shown to occur 

primarily in symmetric CpG dinucleotides55, where it plays an important role in the 

regulation of gene expression56 and has consequently been implicated in a variety of 

diseases57 including cancer58. 

 

While bisulfite treatment is the gold standard for DNA epigenetic analysis, it has two 

significant drawbacks. First, the procedure induces widespread damage to DNA in general. 

Bisulfite conversion of cytosines requires a single-strand target, so the process is typically 

carried out at elevated temperature. This, combined with the chemical reactivity of sodium 

bisulfite itself, results in substantial fragmentation of the DNA59 that can reduce its viability 

for downstream analyses and places practical limitations on the minimum starting DNA 
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mass. Second, bisulfite conversion is limited in its intrinsic ability to resolve multiple 

cytosine modifications. The recent identification of the ten-eleven translocase (TET) 

family of enzymes60,61 has elucidated the pathway by which cytosine demethylation is 

achieved physiologically (Figure 7a): 5mC is oxidized in a stepwise fashion by TET to 

each of the three additional modified bases 5-hydroxymethylcytosine (5hmC), 5-

formylcytosine (5fC), and 5-carboxylcytosine (5caC), the final two of which can be excised 

by thymine DNA glycosylase (TDG) and replaced with canonical cytosine upon 

completion of base excision repair (BER). Each of the three additional modified bases 

represents a potentially independent regulatory element, but bisulfite treatment has variable 

effects on them62, with 5mC and 5hmC each blocking conversion and 5fC and 5caC each 

able to be deaminated. Consequently, analyses incorporating conventional bisulfite 

treatment are inadequate to probe all components of the demethylation pathway. Innovative 

and effective strategies have been developed to expand possible base targets, but most still 

employ bisulfite63–65,37,66 (and thus still encounter the challenge of DNA damage above).  
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Figure 7. Schematics of the cytosine methylation/demethylation pathway and the 

generalized labeling scheme. 

(a) The cytosine methylation/demethylation pathway. Canonical cytosine (C) is 

methylated to 5mC by DNA methyltransferase (DNMT), which can then undergo TET 

oxidation to 5hmC, 5fC, and 5caC sequentially. Both 5fC and 5caC are recognized by 

TDG, leaving an AP site and enabling the BER pathway to install a canonical C. (b) 

Steps of the generalized labeling scheme. DNA (i) containing a single modified base (red) 

is treated with a targeting glycosylase (a monofunctional glycosylase for illustration) to 

excise the base and endonuclease and produce a site for polymerase activity (ii). A gap-

filling polymerase is then used with a matched dNTP containing a biotin (‘B’) to install 

an affinity moiety at the precise location of the original modified base (iii). Illustration 

shows the fluorescent FAM label (green) employed in our constructs. 
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Driven partially by the interest generated by recent non-bisulfite approaches to the analysis 

of DNA epigenetics67,68, we present a modular approach for installing a single affinity label 

at the precise locations of cytosine modifications and demonstrate adaptations to the 

process that enable all four elements of cytosine demethylation – 5mC, 5hmC, 5fC, and 

5caC – to be assessed. We show that modified bases can be replaced by a biotinylated 

nucleotide with high efficiency, providing a mechanism for selective isolation by e.g. 

streptavidin-driven affinity precipitation. 

 

4.2  Development of protocols to selectively label the substrates of the cytosine 

demethylation pathway: methylcytosine, hydroxymethylcytosine, carboxylcytosine, 

and formylcytosine 

First, we exploit the capability of wild-type (WT) TDG to excise both 5fC and 5caC. As a 

demonstration, we perform our full labeling procedure on test double-strand (ds) DNA 

oligonucleotides 34 bp in length that feature a single base modification positioned 22 nt 

from a fluorescent 5’ reporter. Figure 8a,c shows the results of the sequential process for 

both of the modifications, as demonstrated by a denaturing gel that follows the single DNA 

strand featuring the 5’ fluorescent label (Figure 7b).  
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Figure 8. Denaturing gel analyses of 34 nt DNA constructs featuring 5fC and 5caC. 

Gels show 5fC (a-b) or 5caC (c-d) at base position 22 and labeled using either WT TDG 

(a, c) or TDG-N191A mutant (b, d). Steps numbered (i-iii) as in Figure 7. Lane (i): 

annealed oligonucleotide; lane (ii): following glycosylase/endonuclease treatment; lane 

(iii): following polymerase fill-in with a biotinylated nucleotide to yield a labeled product 

(red). Construct lengths at left apply to all gels and * indicates DNA length plus biotin 

tag. 

 

The initial 34 nt construct (lane 1) is first exposed to WT TDG glycosylase, along with AP 

endonuclease 1 (APE1 mutant D308A20 with reduced exonuclease activity) to displace the 

glycosylase69, which is known to bind tightly to the DNA substrate49. After a subsequent 

treatment with EndoIV to nick the DNA 5’ to the remnant AP site, we observe a shorter 21 

nt product (lane 2), consistent with the position of the modification at base 22. After 

incubation with T4 DNA polymerase and biotinylated dCTP to fill the gap, the product 

increases in molecular weight to greater than 22 nt (lane 3); note that the shift appears 

larger than 1 nt because of the added mass of the attached biotin.  
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Our results show high labeling yield with WT TDG for both 5fC and 5caC (87% and 79%, 

respectively), but also demonstrate a lack of differentiation with the procedure. To rectify 

this, we employ a mutant TDG (TDG-N191A) that has been shown22 to have selectivity 

for 5fC in particular. Repeating our procedure with this alternative glycosylase, we find 

that the 5fC construct yields the same characteristic shifts observed for WT TDG (Figure 

8b), indicating a comparable high labeling yield (80%). In contrast, the 5caC construct 

results in minimal shifts (<10%) through the same process (Figure 8d), confirming the lack 

of 5caC recognition by the mutant TDG and indicating that no label is inserted. 

Consequently, the combined use of WT TDG and TDG-N191A in separate treatments can 

be used to deliver information about both modified bases through differential analysis. We 

expect that utilization of another recently discovered70 mutant TDG (N157D) with specific 

recognition for 5caC only could also be used for completely independent analyses. 

 

Having established protocols to assess 5fC and 5caC, we next investigate 5mC and 5hmC 

as base targets. For recognition of these two modifications collectively, we first employ 

TET to oxidize them and then subsequently carry out labeling with WT TDG as above. 

While TET oxidation converts these bases sequentially through each successive derivative, 

5caC is the terminal element in the process. Consequently, the treatment can be performed 

to completion rather than requiring scheduled cessation to capture a particular base 

modification, in contrast to some existing applications of TET to demethylation analysis38.  

The results of this overall strategy using oligonucleotides with 5mC and 5hmC are shown 

in Figure 9.  
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Figure 9. Denaturing gel analyses of 34 nt DNA constructs featuring 5mC and 5hmC. 

Gels show 5mC (a) or 5hmC (b-c) at base position 22 and labeled using WT TDG 

following oxidation of each base with TET. In (c), a treatment with βGT prevents labeling 

of 5hmC specifically.  Steps numbered (i-iii) as in Fig. 1b. Lane (i): annealed 

oligonucleotide ± βGT; lane (ii): following glycosylase/endonuclease treatment; lane 

(iii): following polymerase fill-in with a biotinylated nucleotide to yield a labeled product 

(red). Construct lengths at left apply to all gels and * indicates DNA length plus biotin 

tag. 

 

For both, an identical protocol results in effective insertion of biotinylated bases (62% and 

65% yield, respectively), demonstrating the effectiveness of WT TDG on the TET-oxidized 

substrates. No labeling was observed for either base without TET treatment, confirming 

that WT TDG has no intrinsic recognition for 5mC or 5hmC71.   
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As with 5fC and 5caC above, this procedure labels two base modifications simultaneously 

and so additional steps must be taken to discriminate 5mC and 5hmC. To achieve 

differentiation, we incorporate an additional treatment with β-glucosyltransferase (βGT), 

an enzyme that affixes a glucose moiety to 5hmC bases selectively. The presence of this 

bulky sugar disrupts the target recognition of TET and inhibits oxidation of 5hmC, thus 

preventing labeling with WT TDG. The effectiveness of this strategy is demonstrated in 

Figure 9c, showing that βGT-treated 5hmC yields no measurable product with the same 

treatment as above. In this way, the combination of TET treatments with and without βGT 

in independent treatments enables analysis of both 5mC and 5hmC.  

 

Because TET oxidizes 5mC, 5hmC, and 5fC bases in DNA to 5caC, the treatment renders 

all cytosine variant considered here susceptible to WT TDG recognition and labeling. This 

produces a potential complication in comprehensive analysis of all four demethylation 

elements independently.  In practical terms, given the abundance of 5mC and 5hmC over 

5fC and 5caC, the protocols are likely to be used for different profiling goals.  A simple 

differential comparison between protocols with and without TET could be used to assign 

labeled DNA to either the 5mC/5hmC grouping or the 5fC/5caC grouping before further 

analysis. However, a more precise assessment could also be achieved by incorporating into 

the 5mC and 5hmC protocols an additional pretreatment with WT TDG in which canonical 

dCTP is incorporated rather than biotinylated nucleotides. This would preclude labeling of 

5fC and 5caC selectively in subsequent steps and ultimately enable assessment of all four 

cytosine demethylation pathway base elements (Figure 10). 
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Figure 10. Labeling scheme for differentiating the four bases of the cytosine 

demethylation pathway with modular glycosylase labeling. 

 

4.3  Discussion 

We report a method for affinity labeling the four components of the cytosine demethylation 

pathway in DNA, comprising 5mC, 5hmC, 5fC, and 5caC. Our approach builds on a 

modular labeling strategy employing the enzymatic constituents of the BER72 in which (i) 

a glycosylase is used to excise a target base, (ii) an endonuclease is used to hydroxylate the 

3’ DNA end at the gap, and (iii) a polymerase is used to introduce a biotinylated base at 

the same position. Here, we exploit the recognition of TDG for some cytosine variants (5fC 

and 5caC) and enact a series of additional modifications to the general protocol to permit 

the assessment of all four independent modifications: first, a TDG mutant (TDG-N191A) 

is employed to differentiate 5fC from 5caC; second, TET enzymes are used to oxidize 5mC 

and 5hmC and enable their joint recognition by WT TDG; and third, βGT is used to 

preferentially block 5hmC recognition and distinguish it from 5mC. Consequently, 

information about each variant can be attained by performing pairwise comparisons across 

the four closely related protocols.  
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The incorporation of biotin tags enables the enrichment and isolation of DNA fragments 

containing the modification or modifications of interest in a manner similar to 

immunoprecipitation73,74. Isolated products can subsequently be assessed by a broad range 

of analytical approaches including quantitative PCR or sequencing. In addition, the 

generalized method can also be applied easily to alternative labels like fluorophores or 

chemical linkers, provided that nucleotides synthesized to contain them are viable for 

polymerase incorporation. While modularity and diversity of base recognition are major 

advantages of our approach, another potential benefit is its directedness. In contrast to the 

widespread DNA damage induced by bisulfite exposure, the enzymatic activity employed 

is limited only to the base targets themselves. Thus, our methodology could enable 

improved analyses of small amounts of DNA, including those derived from inherently 

limited samples like liquid biopsies75.  

 

There are key challenges that remain with implementing our approach. Due to the base 

excision step in our process, we envision potential challenges with assessing symmetric 

modifications, i.e. modifications that are present on both strands of DNA. Critically, 5mC 

is often55 (though not always76) found in symmetric CpG dinucleotides. It is unclear how 

TDG will act on symmetric modifications that have been oxidized by TET, however there 

is a theoretical risk of generated breaks on both strands of DNA. One potential solution 

could be to purposefully employ lower amounts of TET or TDG to limit excision 

efficiency, but another possibility could also include performing a single cycle of 

amplification prior to processing, thereby forming hemimethylated target sites that would 

not be prone to breakage. 
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In conclusion, we have described adaptations to an enzymatic procedure for affinity 

labeling that can be used to tag the four base modifications involved in cytosine 

demethylation.  Overall, our approach adds to the epigenetics analytical toolbox by 

providing modularity and extended target recognition, thereby progressing towards more 

comprehensive characterization of DNA modifications. 

 

Peer-Reviewed Publication: F. Wang, O. K. Zahid, U. Ghanty, R. M. Kohli, A. R. Hall. 

“A modular approach for affinity-labeling the base elements of the cytosine demethylation 

pathway in DNA.” Scientific Reports, 2020.  
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CHAPTER 5 - SOLID-STATE NANOPORE ANALYSIS OF DIVERSE DNA 

BASE MODIFICATIONS 

5.1 Introduction 

SS-nanopores77,78 have been widely studied as a means to assess biological molecules like 

DNA79,80, RNA81,82, and proteins83–85 using the principle of resistive pulse sensing. The 

platform consists of an insulating thin-film membrane that contains a nanometer-scale 

pore, positioned in an electrolyte solution. Application of an electrical bias across the 

membrane generates an electric field through the pore, and as charged molecules are 

threaded electrophoretically one-by-one, they temporarily occlude the aperture and 

interrupt the measured ionic current. These brief electrical disruptions are designated as 

“events”, and their properties have been used to study molecular attributes86, probe 

intermolecular interactions87,88, and determine analyte concentration25,89. Historically, a 

significant limitation of this measurement approach has been a lack of selectivity: all 

molecules of like-charge will translocate and contribute to the overall signal, thus requiring 

differentiation ex post facto via often subtle differences in event characteristics. We have 

developed a SS-nanopore assay that enables nearly binary detection and quantification of 

DNA featuring a single biotin affinity tag90. Briefly, when target DNA fragments (below 

~250 bp) or a key chaperone protein (monovalent streptavidin91, MS) are introduced 

individually to a SS-nanopore of appropriate diameter, their rapid translocations prevent 

events from being resolved by conventional electronics (Figure 11a-b). However, when the 

two molecules bind, the larger nucleoprotein complex interacts with the walls of the 

nanopore during passage, slowing its translocation to a resolvable speed and yielding 

events (Figure 11c).  
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Figure 11. Depiction of the selective SS-nanopore assay. 

Individual passage of (a) a short DNA or (b) a chaperone protein (MS) yields no events 

due to the high translocation speed (red arrows); (c) a DNA-protein complex interacts 

with the pore walls (yellow arrows), resulting in slower translocation speed (green 

arrow) and resolvable events. Sample conductance traces at bottom were measured at 

300 mV using 75 bp DNA at 500 nM with a synthetic biotin. 

 

Recently, we expanded this basic approach to assess hydroxymethylcytosine epigenetic 

modifications89 by employing an established method for specific biotin labeling of the 

base36, enabling direct assessment of a base modification with physiological relevance. 

However, the scope of possible targets for the labeling approach was limited intrinsically 

by enzymatic recognition. Here, we enhance our SS-nanopore measurement scheme 

significantly by integrating it with an alternative, modular labeling technique that enables 

the targeted detection of diverse base modifications.  
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5.2 Nanopore analysis of uracil, 8-oxoguanine, T:G mismatches, and 

ethenoadenine with glycosylase specificity testing  

SS-nanopore analyses of the uracil-containing and oxoG-containing oligos labeled in 

Chapter 3 demonstrated clear specificity in the resulting electrical signal as well. For the 

appropriate combinations of base modification and enzymes, we observed exponential 

voltage-dependent event rates (Figure 12a,d), characteristic of the assay89,92. Provided with 

the same total DNA concentrations (250 nM), the nearly identical event rate trends for both 

cases further indicated not only the similarity of the yields for the two labeling protocols, 

but also the reproducibility of the assay. In contrast, mismatched components yielded 

negligible event rates that were indistinguishable from negative controls across the entire 

investigated range of applied voltage (Figure 12b,c). These results suggested that non-

specific labeling of DNA was insignificant and confirmed intrinsic discrimination for an 

intended base element. 
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Figure 12. SS-nanopore analyses of DNA oligonucleotides featuring either a single uracil 

or a single oxoG. 

Data points indicate measurements on treated DNA at 250 nM with (blue) and without 

(black) MS. Filled circles and open diamonds are independent measurements on different 

SS-nanopore devices and all lines are exponential fits to the data. Dramatic increases in 

event rate are measured for DNA-MS when a glycosylase specific for the target base is 

used (blue data, upper left and lower right). Almost no effect is observed for mismatched 

glycosylase (blue data, upper right and lower left). 

 

Additional nanopore analysis of the labeled T:G-containing oligos also demonstrated 

selective detection by our SS-nanopore assay (Figure 13a). Indeed, we recovered the same 

exponential trend in measured SS-nanopore event rate and the same selectivity over a 

negative control as found for uracil and oxoG. The event rate dependence was slightly 
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higher for TDG labeling than for previous examples, which could be due to minor residual 

enzyme binding or small differences in pore attributes (diameter, shape, etc.). Similar 

trends were observed in the nanopore analysis of the labeled 1,N6-ethenoadenine-

containing oligos. However, this modification did present a lower maximum rate at 600 

mV, which we attributed to the smaller length89 of this DNA as compared to the other 

constructs described in this report. However, the selective rate difference is easily resolved, 

demonstrating the broad modularity of both the labeling scheme and the measurement 

approach. 

 

Figure 13. SS-nanopore analyses of DNA oligonucleotides featuring either a single T:G 

mismatch or a single 1,N6-ethenoadenine. 

(a) T:G mismatch; (b) 1,N6-ethenoadenine. Data points indicate measurements on treated 

DNA at 250 nM with (blue) and without (black) MS. Filled circles and open diamonds 

are independent measurements on different SS-nanopore devices and all lines are 

exponential fits to the data. 

 

In some preparations of the labeled 1,N6-ethenoadenine oligos (Figure 13b), we observed 

a reproducible artifact for this material wherein an anomalously high event rate was 
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measured at low voltages (<400 mV) that returned to the expected exponential relationship 

(dashed line) at higher voltages (Figure 14), which we suggest may have been due to 

structural irregularities associated with the modified base itself. This contributes to a 

greater variability in the data, and one possible explanation for this behavior may be in the 

structure of 1,N6-ethenoadenine, which is known to cause kinking in DNA93 and may 

potentially alter interactions with the nanopore during translocation. While capping DNA 

reduced the apparent emergence of end labeling (Figure 6), gel analysis could not confirm 

the location of the single biotin tag. It is possible that some population of monobiotinylated 

DNA could be end labeled while maintaining the 1,N6-ethenoadenine. As a result, a kinked 

structure may be maintained. We hypothesize that the high event rate at low voltages could 

be due to orientation-specific interactions of the kinked DNA-MS construct threading 

through the pore, which are not present at high voltage due to a greater electrophoretic 

force. Future measurements will focus on elucidating the basis of this effect and optimizing 

procedures as necessary, both by considering the use of other sizes of pores and improving 

the efficacy of the labeling process. 
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Figure 14. Additional SS-nanopore data for labeled 1,N6-ethenoadenine DNA. 

Data points indicate measurements on treated DNA at 250 nM with MS. Filled circles 

and open diamonds are independent measurements on different SS-nanopore devices. 

The solid line is a polynomial fit to the data to serve as a guide to the eye, and the dotted 

line is an exponential fit to the data. 

 

The 250 nM concentration used in these experiments is sufficient as a proof of concept of 

the viability of this approach. In previous work with other DNA base modifications, we 

have demonstrated the ability to detect concentrations of labeled DNA as low as 10 nM89, 

a more physiologically relevant value. We have also previously shown that a calibration 

curve can be prepared to calculate the concentration of the targeted material in solution 

from the event rate92, allowing for precise quantification of difficult-to-detect 
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modifications in DNA. Coupled with our previous reports showing assay viability among 

a background of non-target components90,92, these data established a highly selective SS-

nanopore technique for assessing physiologically-relevant base modifications in DNA. 

 

5.3  Discussion 

We have shown that a variety of single-base modifications can be assessed with a selective 

SS-nanopore assay in conjunction with our targeted affinity-labeling technique. This 

provides an additional analysis tool in the investigation of DNA base modifications due to 

the high sensitivity of nanopores that allows the rapid analysis of low-concentration 

samples and the flexibility provided by this labeling method. Notably, the presence of a 

nick in the DNA backbone, which would greatly hinder analysis methods such as 

sequencing and qPCR, does not appear to have a negative effect on the ability to gather 

nanopore data, as events are generated by the interaction of the bulky biotin-streptavidin 

interaction with the nanopore rather than through any intrinsic character of the DNA 

structure itself.  

 

However, this process can still be refined further, as the 1,N6-ethenoadenine results 

illustrate. In comparing the labeling efficiency of this modification as presented in Chapter 

3 and the nanopore analysis of the labeled material, it seems probable that the incomplete 

labeling of the bulky base modification may be a cause, at least in part, of the artifact 

observed in low-voltage nanopore measurements. Thus, by taking steps to improve the 

labeling efficiency of this modification, it may be possible to obtain nanopore results that 

are more comparable to those of the other modifications within this study. 



57 

 

 

This work demonstrates that this labeling method can be incorporated into our already 

existing nanopore system to expand the applications of this analysis method, with the 

potential for further expansions to recognize additional analytes by incorporating the use 

of other glycosylases that target other DNA base modifications. This provides a flexible 

and useful tool to identify and quantify the presence and prevalence of different 

modifications within a DNA sample and may help to better elucidate the profiles of 

different diseases. 

 

Peer-Reviewed Publication: F. Wang, O. K. Zahid, B. Swain, D. Parsonage, T. Hollis, 

S. Harvey, F. Perrino, R. M. Kohli, E. W. Taylor, A. R. Hall. "Solid-state nanopore 

analysis of diverse DNA base modifications using a modular enzymatic labeling process." 

Nano Letters, 17 (11), 7110–7116, 2017. 
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CHAPTER 6 – OPTIMIZATION OF LIGATION PROTOCOLS FOR LABELED 

MATERIALS 

6.1 Introduction 

Our labeling strategy as we have demonstrated it thus far leaves a nick in the DNA 

backbone. This defect has no apparent negative effect on many applications including 

immunoisolation and single-molecule detection and quantification by solid-state 

nanopore69, but would be disruptive to other important analytical techniques like 

quantitative PCR or sequencing. Therefore, we next develop a ligation step to repair the 

nick and restore the DNA structure. 

 

There are two families of glycosylase: bifunctional and monofunctional42. Bifunctional 

glycosylases (i.e. those having AP lyase activity, like formamidopyrimidine-DNA 

glycosylase94) leave the labeled DNA strand primed for phosphate ester linkage. However, 

monofunctional glycosylases like UDG result in a phosphate flap that renders the nick a 

poor substrate for ligation. In principle, the inclusion of an additional enzyme with 

independent AP lyase activity would remove the flap and enable subsequent ligation. 

Furthermore, glycosylases that display a high binding affinity for the AP site such as TDG 

may have additional difficulties in displacing the enzyme and repairing the DNA backbone. 

Due to the difference in the activities of these glycosylases, we have performed 

independent ligation experiments to develop protocols for the ligation of DNA containing 

modifications targeted by these different glycosylases. 
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6.2 Development of ligation protocols for bifunctional glycosylases (case study: 

Fpg)  

To perform ligation with a bifunctional glycosylase, we chose to use 

formamidopyrimidine-DNA glycosylase (Fpg). Following our previously described 

labeling procedure with Fpg, the purified, labeled DNA was subsequently incubated with 

T4 DNA Ligase in appropriate buffer overnight. Analysis of the result on a DNA 

denaturing gel indicated a good yield of ligated construct (51%, Figure 15) 

 

Figure 15. Denaturing gel analyses of 40 nt DNA constructs featuring a single 8-

oxoguanine at base position 27 following ligation. 

The base is excised with the bifunctional glycosylase formamidopyrimidine-DNA 

glycosylase (Fpg) and the construct is treated with EndoIV to prepare the 3’ end of the 

gap, T4 polymerase and biotinylated dGTP to label, and T4 ligase to repair the 

remaining nick. Lane (i): annealed oligonucleotide; lane (ii): following 

glycosylase/endonuclease treatment; lane (iii): following polymerase fill-in with a 
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biotinylated nucleotide; lane “Lig” is post ligation yielding a biotin-labeled construct 

with a repaired backbone (red). Construct lengths at left apply to both gels and * 

indicates DNA length plus biotin tag. 

 

6.3 Development of ligation protocols for monofunctional glycosylases (case study: 

UDG)  

Subsequently, we attempted to perform ligation with the monofunctional glycosylase uracil 

DNA glycosylase (UDG). Earlier attempts to simply include a DNA ligase following our 

previously described labeling protocol demonstrated very low efficiencies of ligation, 

which we attributed to structural artifacts remaining after the labeling process, most 

significantly the presence of a small flap of the DNA backbone 3’ to the gap following 

cleavage 5’ to the AP site by EndoIV. To remove this flap, we subsequently incorporated 

the AP lyase endonuclease EndoVIII before proceeding to the nucleotide incorporation. As 

with the bifunctional glycosylase, this labeled material was then ligated by incubation with 

T4 DNA Ligase overnight. This protocol allows the nick to be ligated with good yield 

(50%, Figure 16), comparable to that of the bifunctional glycosylase Fpg.  
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Figure 16. Denaturing gel analyses of 40 nt DNA constructs featuring a single uracil at 

base position 33 following ligation. 

In each, the base is excised with the monofunctional glycosylase uracil DNA glycosylase 

(UDG) and the construct is treated with EndoIV to prepare the 3’ end of the gap, 

EndoVIII to remove the phosphate flap, T4 polymerase and biotinylated dUTP to label, 

and T4 ligase to repair the remaining nick. Lane (i): annealed oligonucleotide; lane (ii): 

following glycosylase/endonuclease treatment; lane (iii): following polymerase fill-in 

with a biotinylated nucleotide; lane “Lig” is post ligation yielding a biotin-labeled 

construct with a repaired backbone (red). Construct lengths at left apply to both gels and 

* indicates DNA length plus biotin tag. 
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6.4 Development of ligation protocols for glycosylases requiring enzymatic 

displacement (case study: TDG) 

Due to the use of thymine DNA glycosylase (TDG) in several of our labeling experiments, 

we considered it vital to examine the ligation of substrates following treatment with TDG, 

as TDG has the characteristic of maintaining strong binding affinity to the AP site after 

base excision95; this factor necessitated69 the use of an active displacement element in our 

protocol in the form of AP endonuclease 1 (APE1), which we considered may have a 

deleterious effect on any ligation attempts. As we suspected, either the specific activity of 

TDG binding to the DNA or its forcible removal appears to induce damage to the proximal 

substrate because we find a very low yield (~12%) of ligated construct and observe 

additional bands using the same protocol as for UDG (Figure 17).  

 

Figure 17. Denaturing gel analyses of 34 nt DNA constructs featuring a single 5caC at 

base position 22 following ligation. 

In each, the base is excised with WT TDG and the construct is treated with EndoIV to 

prepare the 3’ end of the gap, EndoVIII to remove the phosphate flap, T4 polymerase and 
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biotinylated dCTP to label, and T4 ligase to repair the remaining nick. Lane (i): 

annealed oligonucleotide; lane (ii): following glycosylase, APE1 treatment, and 

endonuclease; lane (iii): following polymerase fill-in with a biotinylated nucleotide; lane 

“Lig” is post ligation yielding a biotin-labeled construct with a repaired backbone (red). 

Construct lengths at left apply to both gels and * indicates DNA length plus biotin tag. 

 

Increasing the EndoVIII concentration by up to 50% does not improve this yield, possibly 

indicating that the low efficiency may be a consequence of damage induced to the DNA 

itself rather than incomplete removal of the DNA flap. We note that while the precise nature 

of the damage is unclear, the observation that efficient base incorporation is achieved at 

the available 3’ end in the gap with T4 polymerase suggests that it is localized 

predominantly at the flap or at the base directly after the AP site. This could be related in 

part to the unusual binding conformation of TDG to DNA96. 

 

To address this challenge, we finally investigate an alternative mechanism for TDG release 

intended to improve ligation yield by avoiding structural complications known to 

accompany APE1, including extensive DNA kinking46. For this, we use a phenol 

incubation following base excision by TDG. The low polarity of phenol makes it capable 

of inducing conformational changes in proteins exposed to the solvent97, driving 

hydrophilic residues into a more interior position while drawing hydrophobic residues to 

the surface in an inversion of the aqueous conformation. As such, we hypothesize that 

treatment of the TDG-bound DNA with phenol would result in release of the DNA with 

reduced substrate damage and sequestration of the TDG in the organic layer. To validate 
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this, following TDG incubation, we introduce to the bound DNA a phenol solution to a 

final concentration of 25% (v/v). We then decant the aqueous layer to recover the released 

DNA, purify it via column purification, and continue labeling and ligation as with UDG. 

The results of this procedure demonstrate a significant improvement over the use of APE1 

for TDG removal (Figure 18), achieving a yield of ~26%.  

 

Figure 18. Denaturing gel analyses of 34 nt DNA constructs featuring a single 5caC at 

base position 22 following ligation. 

In each, the base is excised with WT TDG and the construct is treated with EndoIV to 

prepare the 3’ end of the gap, EndoVIII to remove the phosphate flap, T4 polymerase and 

biotinylated dCTP to label, and T4 ligase to repair the remaining nick. Lane (i): 

annealed oligonucleotide; lane (ii): following glycosylase, phenol treatment, and 

endonuclease; lane (iii): following polymerase fill-in with a biotinylated nucleotide; lane 

“Lig” is post ligation yielding a biotin-labeled construct with a repaired backbone (red). 

Construct lengths at left apply to both gels and * indicates DNA length plus biotin tag. 
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While this approach is not as effective as the protocol for glycosylases that do not 

demonstrate high binding affinity to AP sites, additional improvements may be instituted 

in the future to realize higher yields. 

 

6.5 Discussion 

Through these experiments, we have demonstrated some success in ligating the nicked 

DNA products produced through our labeling processes. However, there is still room for 

improvement with regard to improving the efficiency of the ligation. One way in which 

this may be achieved is by further improving the efficiency of the labeling process to ensure 

the incorporation of the labeled nucleotide into more of the molecules; the absence of this 

replacement for the excised modification would leave a 1 nt gap at the site of the excision, 

assuming that the cleanup of the DNA backbone 3’ to the gap was entirely efficient, which 

would understandably hinder ligation attempts. Another method of increasing the ligation 

efficiency would likely be the aforementioned cleanup of the DNA backbone, particularly 

for materials treated with TDG or another glycosylase that demonstrates high binding 

affinity to the AP site. We also note that in the experiments we conducted, the thermal 

stabilities of the short DNA strands remaining after the nick may limit the overall yields 

and that these could improve with long constructs or genomic DNA fragments. 

 

However, although our ligation efficiencies are less than ideal, this process can still be used 

in the preparation of labeled DNA for techniques that require an un-nicked DNA backbone. 

Since a sample of DNA will usually contain multiple copies of fragments of interest, even 

a 26% efficiency of ligation, the lowest efficiency we were able to achieve in these 
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experiments, should not significantly affect the representation of any particular fragment 

or sequence. As such, this additional adaptation to our labeling process will expand the 

potential applications of this work to include technologies such as qPCR and sequencing. 

 

Peer-Reviewed Publication: F. Wang, O. K. Zahid, U. Ghanty, R. M. Kohli, A. R. Hall. 

“A modular approach for affinity-labeling the base elements of the cytosine demethylation 

pathway in DNA.” (Submitted) 
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CHAPTER 7 – SIMPLE AND EFFICIENT ROOM-TEMPERATURE RELEASE 

OF BIOTINYLATED NUCLEIC ACIDS FROM STREPTAVIDIN 

7.1 Introduction 

The strong non-covalent bond (K=10-15 M) between biotin and streptavidin allows for 

robust biochemical labeling in competitive chemical environments, where the biotin 

moiety interacts with the highly electronegative binding site of streptavidin98. Because of 

this stability, biotin capture has become a foundational technique for the biochemical 

selection of target molecules, particularly with nucleic acids where it can play a central role 

in diverse analytical approaches like single nucleotide polymorphism detection99, DNA 

sequencing100, and epigenetic labeling39,73,101. However, a major disadvantage of the bond 

strength is that biotinylated molecules are often difficult to recover for downstream 

isolation, amplification, and other processes. Existing elution methods have significant 

challenges. For example, modified forms102–104 of biotin and streptavidin have been 

developed that enable improved release kinetics or enzymatic cleavage. However, the 

enhanced elution is achieved by reducing binding strength, and cleavage of the biotin tag 

precludes the possibility of iterative use, both of which diminish the advantages of the 

system. Biotin-streptavidin can also be disrupted chemically, but with significant 

drawbacks. For example, ammonium hydroxide at elevated temperatures has been 

reported105 to yield up to 96% recovery of bound nucleic acids, but the chemical also 

damages the nucleic acids themselves. Alternatively, Holmberg et al.106 have reported that 

the biotin-streptavidin bond can be dissociated with over 95% yield in pure water at 

temperatures above 70°C. While dissociation in water is an improvement in terms of 

chemical biocompatibility, the practical yield can vary significantly due to the presence of 
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buffer salts106. In addition, high temperatures are not compatible with all constructs, 

particularly small nucleic acids with low melting temperatures or DNA nanostructures 

composed of short staple strands107. 

 

Here, an alternative approach to disrupting the biotin-streptavidin interaction is 

demonstrated that is highly compatible with nucleic acids and operates at room 

temperature. The low-polarity solvent phenol is used to reconfigure the structure of 

streptavidin and release bound nucleic acids. By creating a bi-phasic system between a 

binding buffer and a phenol-chloroform mixture108, as is done widely in conventional 

biomolecular preparations109–111, synthetic biotinylated DNA constructs can be recovered 

from both free streptavidin and streptavidin-coated beads with reproducible yields 

approaching 100%. While the process may render the streptavidin non-functional, the 

DNA-conjugated biotin tag remains intact and active for downstream uses. As an 

application for this release approach, the technique is incorporated into an isolation strategy 

to enable target selection for solid-state nanopore analysis. 

 

7.2  Release of biotinylated nucleic acid bound to free monovalent streptavidin 

The phenol dissociation technique was first demonstrated for solution-phase nucleoprotein 

complexes of nucleic acids with free monovalent streptavidin (MS). MS is a variant of 

tetravalent wild-type streptavidin in which only a single binding region retains its high 

affinity for biotin27. The nucleic acid portion of the nucleoprotein complex is a model 150 

bp double-strand (ds-) DNA featuring a single biotin tag. The low polarity of phenol 

relative to water is known to induce conformational changes in proteins97,112 that result in 
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less polar residues on the surface and increased solubility in non-polar solvent; nucleic 

acids remain soluble only in the aqueous phase113. The organic nature of phenol creates a 

biphasic mixture with aqueous solutions, and so in conventional phenol extraction108, 

proteins and nucleic acids are effectively partitioned into separate phases. In the case of a 

nucleoprotein complex, the dual nature of the construct could cause it to be sequestered to 

the liquid-liquid interface. However, the biotin-streptavidin interaction is critically 

dependent on both a sterically-defined binding pocket and the highly polar residues within 

it114, as is clear from the free energy surface115 of the wild-type (WT) streptavidin-biotin 

complex displayed116 in Figure 19a. As a consequence, the protein structural changes 

induced by phenol exposure should both significantly disrupt the bond and segregate the 

constituents.  
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Figure 19. Schematic of proposed biotin-streptavidin dissociation method 

(a) Cut-away diagram of the crystal structure of WT streptavidin (Protein Database 

structure 1MK5) showing that its biotin-binding regions are highly hydrophobic in their 

active state. Scale goes from hydrophilic (red) to hydrophobic (green). (b) Liquid-phase 

elution. Biotinylated DNA-MS complexes (in water) are added to a combination of 

phenol/chloroform/isoamyl alcohol (yellow) with water (blue) and mixed. As proteins are 

exposed to phenol (center), they dissociate from the DNA and then segregate into the 

organic when the phases are allowed to separate (right). 

 

Separation of the biotin-streptavidin bond was initially demonstrated by performing 

conventional phenol extraction (Figure 19b) using a 25:24:1 mixture of 

phenol:chloroform:isoamyl alcohol on 150 bp biotinylated dsDNA-MS complex. 
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Chloroform is an organic solvent in which phenol is soluble but is less effective in 

rearranging protein conformation independently; its central role in the extraction process 

is to increase the density of the non-polar solution to aid phase separation. Likewise, 

isoamyl alcohol is an additive to prevent foaming that does not otherwise impact the 

protocol.  

 

An electromobility shift assay (EMSA) with the synthesized 150 bp construct confirmed 

its capacity to bind MS with high affinity, yielding a clear shift to a higher molecular weight 

upon incubation with MS (Figure 20c, lanes 1-2). The lack of higher-order bands after 

complex formation is indicative of the 1:1 binding symmetry with MS. The unshifted band 

remaining at the 150 bp position (typically <5% of total lane intensity) was minor and 

likely due to incomplete biotin incorporation. Analyzing the extracted aqueous phase 

material (Figure 20c, lane 3), a single band was observed at the unbound 150 bp position. 

The absence of a significant population remaining at higher molecular weight indicates that 

MS was removed from the dsDNA with high efficiency. Incubation of the recovered DNA 

with a fresh aliquot of MS (Figure 20c, lane 4) yielded a single, high molecular weight 

band indistinguishable from the initial nucleoprotein complex, demonstrating that biotin is 

not modified irreversibly by the procedure and there is no measurable effect on MS 

binding. A control measurement of the nucleoprotein complex treated identically as above 

but with 100% chloroform in the incubation (Figure 20c, lane 5) confirmed that phenol is 

critical for separation while incubation in pure water at room temperature resulted in only 

a modest release of DNA (~20%, Figure 20c, lane 6), consistent with past reports106.  
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Figure 20. Gel analysis of liquid-phase elution 

In the first panel, lane 1 is the 150 bp DNA construct alone, lane 2 is the construct bound 

to MS, lane 3 is the recovered DNA following elution, and lane 4 is the recovered DNA 

bound to fresh MS. In the second panel, the left lane shows elution with pure chloroform 

(no phenol) and the right lane shows elution with pure water at room temperature. 

 

The low but non-zero solubility of phenol in water can result in trace quantities remaining 

in the aqueous phase following extraction. Since phenol contamination can have 

deleterious effects on proteins in downstream processes, avoiding remnant phenol is 

critical. While subsequent washing steps can be used to remove most of the residual 

chemical, reducing total phenol in solution may be an important preventative measure. 

Moreover, the toxic, corrosive, and flammable nature of phenol make limiting it in 

experimental protocols valuable. Therefore, the minimum phenol concentration required 

for efficient dissociation was determined next. Employing the same construct as above 

(biotinylated 150 bp dsDNA bound to MS), phenol was titrated against chloroform in the 

separation protocol and the recovered aqueous phase analyzed on gel (Figure 21, top). 

Qualitatively, there was a transition from ~10% release of biotinylated dsDNA at 0% (v/v) 

phenol to total release at 25% (v/v). By plotting the intensity ratios of shifted to non-shifted 

bands (Figure 21, bottom), a sigmoidal relationship was observed from which it was 
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determined that DNA constructs are fully released from the complex with as little as 12% 

(v/v) phenol.  

 

 

Figure 21. Effect of phenol concentration on biotinylated DNA release  

Top: Gel analysis of 150 bp DNA-MS complex treated with a phenol titration. Bottom: 

DNA dissociation as determined from intensity of the DNA band relative to that of the 

nucleoprotein complex in each lane across three replicate experiments. Red line is a 

sigmoidal fit to the data from which it is determined that complete dissociation occurs at 

12% (v/v) phenol. Each data point represents n=3. Note that certainty in the apparent 

100% dissociation data points is limited by sensitivity of the imaging system.  
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7.3 Release of biotinylated nucleic acid bound to streptavidin-coated magnetic 

beads 

Because streptavidin-coated surfaces are often used for isolation of biotinylated species, 

the use of phenol to release biotinylated dsDNA from streptavidin-coated magnetic beads 

was also investigated. For quantitation, samples were incubated with sufficient beads such 

that all biotinylated dsDNA in solution could be captured. Following elution with phenol 

above the minimal concentration for dissociation (12.5% v/v in chloroform), the aqueous 

phase was loaded onto a gel and imaged. From band intensity analysis of the initial and 

recovered DNA (Figure 22, lanes 1-2), ~90% of bound material was recovered; the minor 

losses are theorized to have resulted from non-specific binding with the beads and 

plasticware. Consistent with results using free MS, eluted biotinylated dsDNA remained 

active and could be bound to fresh streptavidin beads successively (Figure 22, lane 3). 

Since the beads themselves are capable of being isolated magnetically from the organic 

phase, this approach also provided the opportunity to investigate the potential for their 

reuse as well. Unfortunately, biotinylated dsDNA incubated with used streptavidin beads 

resulted in very poor (<3%) yield using either recovered (Figure 22, lane 4) or fresh DNA 

(Figure 22, lane 5). Given that the attachment of streptavidin to the beads is covalent in 

nature, it is unlikely that phenol-induced conformational changes could cause protein loss. 

These observations therefore suggest that streptavidin is altered irreversibly to some degree 

by the phenol, permanently adopting a non-functional conformation even after 

reintroduction into an aqueous environment. Consequently, while it would be possible in 

principle to extend the applications of this procedure to retrieve streptavidin and detached 
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biotinylated proteins from the organic phase following phenol extraction117, it is unclear 

whether their activity would be recovered. 

 

 

Figure 22. Gel analysis of 150 bp biotinylated DNA elution from streptavidin-conjugated 

magnetic beads 

Lanes from L-R show: unprocessed DNA; fresh DNA bound to and eluted from fresh 

beads; recovered DNA bound to and eluted from fresh beads; recovered DNA bound to 

and eluted from used beads; and fresh DNA bound to and eluted from used beads. All 

elutions performed with 12.5% (v/v) phenol at room temperature. 

 

7.4 Isolation of biotinylated DNA from a mixture with non-biotinylated DNA 

and verification by solid-state nanopore analysis 

Biotin-streptavidin linkages are used broadly in diverse single-molecule assays for 

anchoring nucleic acids to substrates118–120, and solid-state (SS-) nanopores78,121 comprise 

one technique for which the interaction has been particularly beneficial in recent years122–

124. In the fundamental platform, translocations of charged molecules through a nanometer-

scale pore in a thin film membrane are probed electrically through resistive pulse 

sensing125, producing a signal that is critically dependent on molecular structure126,127. 
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However, because each translocating biomolecule typically yields a signal, a remaining 

challenge in the field has been the general absence of intrinsic discrimination by signal 

generation. Conventionally, any differentiation has been accomplished through signal 

analysis. However, while significantly different molecules can typically be resolved128–130, 

those with size or structure similarity can be difficult to distinguish. One selective SS-

nanopore assay has demonstrated131 that it can be applied to the detection and 

quantification of diverse molecular biomarkers like DNA base modifications69,89 and 

sequence motifs132, but it is viable for short (<250 bp) DNA fragments only and so 

additional capabilities are needed. 

 

A potential solution to this challenge is the isolation or enrichment of target molecules 

prior to measurement for which phenol elution can be an enabling factor. Therefore, the 

optimized protocol was finally used to add selectivity to SS-nanopore analysis. As a model, 

λ-phage DNA was digested by restriction enzyme into two fragments approximately 33.5 

and 15 kbp in length, respectively, with the latter containing a single biotin moiety at its 

end. 

 



77 

 

 

Figure 23. Isolation and analysis of biotinylated DNA from a mixture with non-

biotinylated DNA 

(a) Schematic showing isolation of biotinylated DNA. A mixture of biotinylated (red) and 

non-biotinylated (blue) DNA fragments are incubated with streptavidin magnetic beads 

(1). The beads with bound DNA are collected magnetically and non-biotinylated DNA is 

washed away (2). Biotinylated DNA is eluted with 12.5% (v/v) phenol (3). (b) Gel 

analysis showing: unprocessed 48.5 kbp (i) λ-phage DNA (lane 1); λ-phage DNA 

biotinylated at one end digested with PspXI to produce fragments approximately 33.5 (ii) 

and 15 kbp (iii) in length (lane 2); and the fragments after isolation and phenol elution 

from streptavidin beads (lane 3). The red arrow indicates the biotinylated ~15 kbp 

fragment. (c) Normalized SS-nanopore event histograms of ECD for the initial admixture 

(top, n=1,158) and the product of bead isolation (bottom, n=519). Lower ECD 

corresponds to lower molecular weight (i.e. the 15 kbp biotinylated DNA). Insets: 

schematics of SS-nanopore translocation. 
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Figure 23a shows the isolation procedure in which a mixture (1:1) of the two fragments 

was first added to streptavidin beads for capture of biotinylated fragments (1), then the 

beads were held magnetically while unbound (i.e. non-biotinylated) fragments were 

washed away (2), and finally the biotinylated fragments were eluted with phenol for 

collection and analysis (3). Gel analysis (Figure 23b) confirmed the selective capture of 

the 15 kbp fragment with this method. SS-nanopore translocations of both the original 

mixture and the isolate were then measured. We observed no additional contamination, 

noise (Figure 23c), or increased tendency towards clogging of the pore with the sample 

eluted with phenol. It is possible that trace amounts of phenol remain in the solution, but 

these did not affect nanopore performance in any measurable way. The event charge deficit 

(ECD), or the area defined by each translocation signal133,134, was used as a primary metric 

because it gives an accurate assessment of fragment molecular weight (i.e. length). Indeed, 

an ECD histogram of the initial mixture of fragments (Figure 23d, top) showed a clear 

bimodal distribution that indicated the two distinct DNA sizes present. In contrast, the same 

analysis of the isolated and phenol dissociated material (Figure 23d, bottom) yielded a 

single population that matched the position of the smaller (15 kbp) fragment from the 

mixture, in agreement with the prepared biotin position. This result demonstrates that 

biotinylated nucleic acids can be isolated selectively prior to measurement, allowing for 

simple discrimination by SS-nanopore. While the fragments investigated here were 

considerably different in size for clarity, the approach is equally viable for molecules very 

close in size or structure that could be difficult to discriminate on subtle differences in 

signal alone.  
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7.5 Discussion 

In conclusion, the biotin-streptavidin bond can be disrupted efficiently through incubation 

with phenol at room temperature. Isolation and recovery were demonstrated with 

biotinylated dsDNA constructs bound first to solution-phase MS and then to substrate-

bound streptavidin in the form of conjugated magnetic beads. Extraction with phenol leaves 

incorporated biotin intact and capable of subsequent binding. Streptavidin was not 

reusable, although it is not clear from this study whether the protein was denatured in 

phenol, competitively bound to phenol, or deactivated by some other mechanism. Limited 

extraction was observed in pure water or pure chloroform at room temperature, showing 

that phenol is responsible for the high efficiency of extraction. A minimal 12% (v/v) phenol 

content was sufficient to fully dissociate the biotin-streptavidin bond.  

 

Though affinity labeling and purification are commonly used techniques, the strong biotin-

streptavidin bond often results in low yield, substrate damage, or other challenges that 

produce difficulty in performing sequential experiments on tagged molecules. As such, the 

capability to reliably and reversibly dissociate biotin-labeled DNA is expected to open up 

new possibilities in the downstream analysis of biotinylated constructs. The method 

reported here for breaking the biotin-streptavidin bond is unique for the absence of high 

temperatures and harsh chemicals while maintaining the integrity of the biotin and 

biotinylated construct. Consequently, the approach will be valuable not only to SS-

nanopore measurements, but also in a broad range of diverse nucleic acid preparations and 

analyses. 
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CHAPTER 8 - ANALYSIS OF 8-OXOGUANINE IN RADIATION-SENSITIVE 

AND RADIATION-RESISTANT CELL LINES 

8.1  Introduction 

To synthesize our work to date and demonstrate the applicability of the ligation process, 

we subsequently used our labeling methodology to examine the formation and repair of 8-

oxoguanine in radiation-sensitive and radiation-resistant head and neck cancer cell lines. 

From a parental radiation-sensitive SCC-61 cell line, the radiation-resistant rSCC-61 cell 

line was generated by exposing the SCC-61 cell line to 2 Grays (Gy) of 137Cs radiation, 

culturing the surviving cells, and repeating the exposure and culture to a cumulative total 

of 16 Gy135. In this way, cells that demonstrated a higher resistance to radiation exposure 

were selected for. Analysis of these two cell lines following this treatment has indicated a 

number of phenotypic differences between the parental SCC-61 and the resulting rSCC-61 

cell line, including in their protein regulation, response to a small-molecule inhibitor of the 

epidermal growth factor receptor, and energy metabolism135,136. Some of these phenotypic 

changes may be the result of alterations in DNA methylation and subsequent gene 

expression, with the rSCC-61 cells demonstrating altered ILK signaling, glucocorticoid 

receptor signaling, fatty acid oxidation, and cell cycle regulation137. However, our interest 

lay in the immediate aftereffects of the exposure to radiation, which we believed would 

induce oxidative damage, including that of 8-oxoguanine, and whether the ability of the 

cells to repair this damage affected their viability.  
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8.2 Development of a protocol for labeling and quantifying oxidative damage in 

DNA extracted from cells with qPCR  

As an analytical assessment to quantify the levels of oxidative damage generated by 

radiation exposure in the two cell lines, we chose to use qPCR due to its high sensitivity. 

Initial studies were performed with synthetic DNA oligos. In developing our protocol, we 

primarily adapted next-gen sequencing techniques through which adapters of known 

sequence could be ligated to the ends of the DNA138. This would allow us to design primers 

that could be used regardless of the actual sequence of the DNA. In order to allow for 

accurate ligation of this adapter to the DNA, we sought to first end-label the target DNA 

with a single adenine overhang and then use designed adapters with a single thymine 

overhang and a stem-loop structure containing a single uracil (Figure 24). This design was 

intended to minimize the possibility of adapter dimers or multiple pieces of dsDNA ligating 

together, which could occur with blunt-ended DNA or adapters. Following successful 

ligation of the adapters, the loop can be cut through the excision of the uracil to result in a 

linear dsDNA construct. 
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Figure 24. DNA hairpin adapter schematic 

(a) DNA adapters designed to form a stem-loop structure, containing a 3’-thymine and a 

uracil in the loop (left, right) are aligned with DNA to which a 3’-adenine overhang has 

been added (center). (b) The adapters are ligated to the DNA. (c) Following ligation of 

the adapters, the uracil is excised. 

 

This labeling approach was validated on synthetic DNA oligos containing a single 8-oxoG 

and analyzed by DNA denaturing gel electrophoresis (Figure 25, lanes 1-4). Due to the 

presence of a 5’-FAM fluorophore on one strand of the DNA oligo, an adapter was unable 

to be incorporated onto that end of the oligo, resulting in the characteristic labeling shifts 

associated with adapter attachment and ligation on the remaining end. 
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Figure 25. Denaturing gel analysis of adapter ligation 

Lane 1: annealed oligos; Lane 2: single A-tailed oligo; Lane 3: adapter ligation; Lane 4: 

adapter uracil excision; Lane 5: 8-oxoG excision; Lane 6: bio-dGTP incorporation; 

Lane 7: ligation. * indicates DNA length plus biotin tag. 

 

In our assessment, we estimated the yield for adapter attachment and ligation to be 37% 

(calculated from Figure 25, Lane 3). However, to fully establish the protocol, we also 

performed labeling of 8-oxoG in the product (Figure 25, lanes 5-7). Following the final 

ligation step, we observed a yield of 33% for adapter-ligated, labeled DNA. Since only one 

DNA end was available here, we therefore estimated that, when using a construct with two 

viable ends, a ~12% yield of fully labeled and adapter-ligated DNA could be expected. 

While this can be optimized further, it was sufficient for the analysis of genomic DNA. 

 

Given the unwieldy length of genomic DNA, we then performed enzymatic fragmentation 

experiments to obtain fragments of a useable length. Our goal was to create DNA fragments 

that were as small as possible to allow for more accuracy of quantification but still large 
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enough to be adapter labeled and efficiently amplified by qPCR. For these reasons, we 

aimed for mean fragment lengths of approximately 150 bp.  

 

Figure 26. Agarose gel of enzymatic fragmentation 

Enzymatic fragmentation of 2 µg genomic DNA after 35 minutes (Lane 1) and 1 hour 

(Lane 2) incubation with 4 µL of dsDNA fragmentase. Ladder is GeneRuler 1kb Plus 

DNA Ladder. 

 

The results of fragmentation under two conditions are shown in Figure 26. Although the 1 

hour fragmentation produced smaller fragment lengths (mean ~85 bp), it was also 

accompanied by a significant loss of material (~40%). Consequently, we chose to employ 

35 min incubation which yielded a mean fragment length of ~170 bp. The enzymatically-

fragmented DNA was subsequently blunt-ended by treating with DNA Polymerase I, Large 

(Klenow) Fragment and then processed with the adapter ligation protocol described above. 
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The ability of the resulting product to be amplified and measured by qPCR was confirmed 

by performing qPCR on a serial dilution of the material and comparing to a no-adapter 

control. 

 

Finally, adapter-labeled samples were affinity-labeled for 8-oxoG through the insertion of 

a biotinylated-dGTP to enable the isolation of oxidized fragments and assessment of the 

fraction of oxidative damage within the two cell lines. Using the incorporated biotin tag, 

labeled fragments could be captured selectively with streptavidin-conjugated magnetic 

beads and then eluted with phenol-chloroform139. Because trace amounts of organic 

solvents present following phenol-chloroform extraction were found to impact 

quantification, an additional ethanol precipitation step was employed and followed by 

resuspension in deionized water for increased purity. 

 

8.3 Radiation dosage and time course study of oxidative damage 

Following the development of our isolation and quantification protocol, we first 

investigated the effects of radiation dosage on SCC-61 and rSCC-61 cell lines. We 

hypothesized that the radiation-resistant rSCC-61 cells would either accumulate less 

oxidative damage through protective mechanisms or that they would repair the damage 

more quickly. We first tested dose response by plating SCC-61 and rSCC-61 cells and 

exposing each cell type to four conditions of single-dose radiation: 0 (control), 1, 2, and 4 

Gy, respectively. 30 minutes after irradiation, surviving cells were harvested and their 

DNA was extracted with a commercial kit (Qiagen DNeasy Blood and Tissue Kit). Isolated 

DNA was subsequently fragmented, labeled for 8-oxoG, affinity-isolated, and quantified 
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by qPCR as described above. To determine the net amount of oxidative DNA damage in 

each sample, the quantity of affinity-isolated DNA (i.e. fragments containing 8-oxoG) was 

compared to the total amount of extracted DNA. The results of this measurement, corrected 

for material loss during the isolation protocol, are shown in Figure 27. 

 

Figure 27. Effect of radiation dosage on 8-oxoG in SCC-61 and rSCC-61 cells 30 min 

after irradiation 

Each data point represents n=3. 
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Interestingly, the surviving rSCC-61 cells showed accumulation of more oxidative damage 

than the surviving SCC-61 cells. This result suggested that rSCC-61 cells are capable of 

tolerating larger quantities of damage than SCC-61, an observation that coincides with the 

method by which rSCC-61 were originally identified135. Due to our method of cell 

collection following irradiation, dead cells would lose their adherence to the plate and be 

rinsed away, preventing their contents from being quantified. Thus, if the SCC-61 cells 

with large oxidative damage accumulations died, those higher quantities of damage would 

not be included in the data.  

 

Having investigated oxidative damage formation, we next studied its repair in each cell 

line by quantifying 8-oxoG at different timepoints following irradiation at a single dose. 

For this, we chose 2 Gy because (i) it is a physiologically relevant dose that is used in 

conventional radiotherapy for a variety of cancers140–142 and (ii) a significant difference in 

response was observed at this dose between the SCC-61 and rSCC-61 in our previous 

measurements above. For these measurements, plated SCC-61 and rSCC-61 cells were 

irradiated in matched pairs at 2 Gy and then placed back into the incubator. Pairs of plates 

(i.e. each cell line) were removed at 1, 2, 6 and 24 hrs post-irradiation and DNA was 

extracted and processed as above. Again, one pair of plates was not irradiated to serve as a 

baseline control group for comparison.  
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Figure 28. Change in net 8-oxoG content as a function of time for SCC-61 and rSCC-61 

cells following 2 Gy irradiation 

Blue data refers to SCC-61; orange data refers to rSCC-61. 0* = non-irradiated 

comparison samples. Each data point represents n=3. 

 

The results of the time course experiment are shown in Figure 28. For the first six hours, 

both of the cell lines demonstrated an overall increase in the presence of oxidative damage, 

likely due to increasing reactive oxygen species (ROS) in the media following irradiation. 

The rate of damage accumulation appeared greater in the rSCC-61 cells, potentially related 

again to their higher survivability in response to radiation damage. However, by 24 hrs, 

there was a marked change in the oxidative damage present in the cell lines. Significantly, 

the SCC-61 cells continued to accumulate damage while the rSCC-61 cells began to show 

a clear decrease in the amount of oxidative damage, with total content falling below that of 

the SCC-61 cells. This suggested a strong difference in the BER mechanisms within the 
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cells, indicating that rSCC-61 cells may have a higher capacity for efficient damage repair. 

We therefore anticipate that rSCC-61 cells may have higher expression of hOGG1, the 

glycosylase responsible for 8-oxoG repair in humans143. While 8-oxoG levels did not return 

to pre-irradiation levels for the rSCC-61 cells within the time period being examined, the 

trend suggested that this would occur. We anticipate that the SCC-61 cells would also 

recover over a longer time course; given that the rSCC-61 cells are in fact a subset of the 

SCC-61 cells, irradiation is likely to simply select for the population of resistant cells 

within that group. 

 

8.4 Discussion 

Through direct measurement of 8-oxoG content in DNA extracted from cell culture, we 

have successfully demonstrated the application of our labeling protocol to the analysis of 

genomic samples via qPCR. By incorporating the usage of streptavidin-coated magnetic 

beads to capture selective fragments and phenol to elute them, we effectively isolated DNA 

containing 8-oxoG from a background of other DNA fragments. Although more 

optimization could improve the efficiency of the adapter ligation process and thus reduce 

the amount of required input, our yields were sufficient to perform the experiments and 

analysis. 

 

These experiments have also provided a preliminary investigation into the effects of 

radiation on the formation of oxidative damage in two head and neck cancer cell lines. We 

first observed that following irradiation, surviving radiation-resistant rSCC-61 cells appear 

to have a greater accumulation of 8-oxoG than SCC-61 cells. We interpreted this to suggest 
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that rSCC-61 cells are able to tolerate a higher level of oxidative damage and remain viable, 

whereas SCC-61 cells are more prone to die from the exposure and thus not contribute to 

quantified damage. Over a time course following irradiation, both rSCC-61 cells and SCC-

61 cells displayed sharp increases in 8-oxoG content. However, SCC-61 cells were found 

to both accumulate the damage slower and continued to accumulate throughout the entire 

measurement time, whereas rSCC-61 cells showed clear signs of repair by 24 hrs. We 

interpreted this to indicate a significant difference in the efficiency of the BER processes 

in the rSCC-61 cells.  

 

Decisive conclusions were challenging to draw from our results in part because of the 

confounding factor of cell viability and the loss of dead cell DNA for quantification. Thus, 

future experiments may include examining 8-oxoG content in living and dead cells 

collectively. In addition, time course experiments could be performed at multiple additional 

points, including beyond the 24-hour window examined in our experiments so far. Finally, 

coupled analyses of the cells at different time points would illuminate the involved 

processes further, including ROS content and expression of BER enzymes, either directly 

through ELISA analyses or by quantifying mRNA.  

 

Our general approach may also serve to support other studies. For example, it could enable 

additional screening for cancer patients in combination with stereotactic body radiation 

therapy (SBRT). In SBRT, patient tumors are imaged and used to generate 3D models to 

allow for accurate targeting of the tumors with high doses of radiation (typically between 

7.5-20 Gys per dose) while minimizing damage to normal tissues144,145. We hypothesize 
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that these high doses of radiation would induce elevated oxidative damage profiles within 

the targeted tissues, which subsequently shed their DNA into the blood following apoptosis 

or necrosis, potentially allowing for the performance of liquid biopsies146. In conjunction 

with our method of labeling modifications such as 8-oxoguanine with an affinity tag, this 

could facilitate the isolation and examination of cell-free tumor DNA from among a 

background of other cell-free DNA. For patients with inaccessible tumors (e.g. brain 

tumors), this could provide a new means of performing tumor genetic screening and 

personalized medicine that could not be achieved otherwise. 
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CHAPTER 9 – FUTURE DIRECTIONS 

Thus far, we have been able to demonstrate the applicability of our labeling method with 

several different glycosylases that have different functionalities: monofunctional 

glycosylases like UDG, bifunctional glycosylases like Fpg and hOGG1, and 

monofunctional glycosylases with a high affinity for AP sites such as hAAG and TDG. 

Therefore, it is highly probable that the techniques we have developed can be used for the 

labeling of other DNA modifications by simply using an appropriate glycosylase that can 

target the modification of interest.  

 

However, many glycosylases are capable of identifying multiple modifications, as we have 

demonstrated with the use of TDG to excise not only T:G mismatches but also 5-fC, 5-

caC, and to a lesser extent, uracil. This may be cause for concern during attempts to analyze 

less frequently occurring modifications such as 5-fC and 5-caC, where off-target labeling 

of other modifications would result in false positives that could affect the accuracy of the 

analysis. We have also seen, though, that introducing mutations into glycosylases can alter 

their recognition of the targets; with TDG-N191A, the ability to excise 5-caC was lost, 

allowing for differentiation between 5-fC and 5-caC. Experiments to determine the ability 

of TDG-N191A to recognize and remove T:G mismatches and uracil have not been 

performed as of this time. As such, there may be ways to improve the specificity of other 

promiscuous glycosylases through mutation in order to obtain more reliable results. It may 

also be possible to introduce other mutations that decrease the affinity of glycosylases to 

AP sites after base excision, which we believe to be a major factor in the lesser labeling 

yield for those types of glycosylases compared to other glycosylases. As such, research 
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into altering the recognition of glycosylases to improve specificity and decrease AP site 

binding would be valuable in increasing the accuracy and efficiency of labeling for specific 

modifications. 

 

Another step that can be taken is improving the efficiency of the labeling process itself. 

Although we were able to successfully apply the labeling process to nanopore analysis and 

qPCR, improving the efficiency of labeling by further optimizing reaction conditions 

would correlate to a smaller required input of DNA. Clearly, requiring a smaller sample 

size would be an immense benefit regardless of the work being done, especially in cases of 

patient samples, in which the amount of material that can be extracted can vary. Though 

many steps of the labeling process can be improved, the one that would provide the greatest 

benefit to explore first would be ligation. As ligation is used in several steps within the 

process and has relatively poor yields, improving its efficiency, particularly for analytical 

techniques such as qPCR that require an unbroken backbone, would greatly improve the 

applicability of this technique. For bifunctional glycosylases, this may be able to be 

achieved through optimization of the reaction conditions, as both sides of the AP site have 

been sufficiently primed for ligation. However, for monofunctional glycosylases, we 

believe that for an undetermined proportion of the excised material, the 5’ end of the gap 

may retain a fragment of the original DNA backbone, which would result in steric 

hindrance during attempts at ligation. 

 

These improvements could subsequently allow for the capture and analysis of small, 

physiologically relevant quantities of patient DNA from large samples of a mixed 
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background. As in the potential application of the labeling and capture methodologies to 

analyzing liquid biopsies from patients who receive SBRT or the comparable Gamma 

Knife radiosurgery147,148, which primarily targets tumors in the brain, the amount of DNA 

that can be collected from a sample of the patient’s blood is expected to be relatively low 

and combined with various other components found in blood including other cellular DNA 

that is shed by normal, non-cancerous cells. As such, improving the efficiency of this 

process will facilitate the ability to conduct these types of less invasive diagnostics and 

analyses. 

 

But perhaps more importantly, this labeling methodology allows for the examination of 

many different DNA modifications whose effects on gene expression, disease development 

and progression, and other processes have not been able to be determined due to difficulty 

in analyzing them with traditional genetic analysis techniques. As such, this may hold the 

key to a greater understanding of how certain illnesses arise or whether they have particular 

genetic profiles, which could have implications in this methodology’s use as part of a 

potential diagnostic tool in addition to simple analytics. 
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APPENDIX 

 

Figure 29. Cross-recognition for uracil modified bases 

Denaturing gel analyses for an oligonucleotide containing a single uracil treated with (a) 

UDG, (b) hOGG1, (c) TDG, and (d) hAAG. Lanes are labeled with treatment steps and * 

indicates 34 nt length plus the incorporated biotin. Aside from UDG, only TDG shows 

recognition, though yield of biotin-labeled product is very low due to additional 

exonuclease activity (lower bands) under our conditions. 

 

 

Figure 30. Cross-recognition for oxoG modified bases 

Denaturing gel analyses for an oligonucleotide containing a single oxoG treated with (a) 

UDG, (b) hOGG1, (c) TDG, and (d) hAAG. Lanes are labeled with treatment steps and * 
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indicates 28 nt length plus the incorporated biotin. Only hOGG1 shows any significant 

yield of biotin-labeled product. 

 

 

Figure 31. Cross-recognition for T:G mismatch 

Denaturing gel analyses for an oligonucleotide containing a single T:G mismatch treated 

with (a) UDG, (b) hOGG1, (c) TDG, and (d) hAAG. Lanes are labeled with treatment 

steps and * indicates 28 nt length plus the incorporated biotin. Only TDG shows any 

significant yield of biotin-labeled product. 

 

 

Figure 32. Cross-recognition for 1,N6-ethenoadenine modified bases 

Denaturing gel analyses for an oligonucleotide containing a single 1,N6-ethenoadenine 

treated with (a) UDG, (b) hOGG1, (c) TDG, and (d) hAAG. Lanes are labeled with 



120 

 

treatment steps and * indicates 19 nt length plus the incorporated biotin. Some minor 

recognition is observed for off-target glycosylases, possibly due to DNA kinks induced by 

1,N6-ethenoadenine, but only hAAG shows a high yield of biotin-labeled product. 
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