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ABSTRACT
Nanopore sensing technology was initiated with the ultimate goal of developing a
rapid, single-molecule sequencer. With the release of Oxford Nanopore Technology’s
Minion sensor in 2014, that goal has been achieved. While this device utilizes biological
nanopores, Solid-State Nanopore sensors were also initially investigated to develop
sequencing devices. Significant efforts are being made to this day towards this end, with
advances and improvements being made to amplifiers and using various 2-D materials for
devices such Graphene, and MoS2. Other embodiments include, plasmonic nanopore
devices, or integration of tunneling electrodes with SS-Nanopores. However, sequencing
is not the only application that can be addressed by SS-nanopores, these devices have
tremendous potential to detect various types of disease biomarkers such as nucleic acids,
epigenetic modifications and proteins. Several studies have made significant efforts to
develop novel assays to detect biological markers of disease such as cancer, and
infectious disease agents. However, most of these involve significant interpretation of the
electronic current signature, which can be difficult due to minor structural differences
between analytes.
This work specifically focuses on development of a novel binary nanopore
detection assay for detection of cancer-specific nucleic acid biomarkers. First, we report
on the assay and its binary nature of exclusively detecting dsDNA molecules with biotin
modifications due to selective binding of a protein ligand. We demonstrate the event rate
exclusively correlates to the concentration of the protein-bound dsDNA complex, thereby
allowing quantification of biotinylated dsDNA in a target sample.
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We adapt the assay to detect specific single-stranded nucleic acid sequences by
designing biotinylated ss-DNA binding probes. We demonstrate the assay generates
events when protein is bound to biotinylated ds- as opposed to ssDNA. These detection
differences arise due to the overall structure of the two nucleic acid strands at the
investigated length scales. We demonstrate detection of a particular sequence from a
background of non-specific ss-DNA sequences. Finally we detect a microRNA sequence,
miR155, an important biomarker of lung-cancer.
We employ the assay to detect another important cancer biomarker, the epigenetic
modification 5-hydroxymethylcytosine (5hmC). This modification is significantly
depleted in all forms of cancer and the ability to quantify using a highly sensitive but
affordable technique would help in early cancer screening. Since our nanopore assay
works on biotinyalted dsDNA, we perform an enzymatic labeling technique to attach a
biotin linker to 5hmC. We demonstrate selective detection of target 5hmC containing
DNA by the nanopore assay once it is labeled with biotin. As a proof-of-concept we
quantify 5hmC content in murine genomic DNA, and find our assays results to be within
error of mass spectrometry.
Finally, we adapt a novel labeling assay developed in our lab that replaces damaged
DNA bases with biotinylated nucleotides to address cytosine DNA epigenetic
modifications. Other than 5hmC, there are three other cytosine epigenetic modifications,
5mC, 5fC and 5caC. We demonstrate successful labeling of the demethylation pathway
modifications with biotin.
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1. Chapter 1 - Introduction
All prokaryotes and eukaryotes are cellular organisms, while prokaryotes are single-cell
entities eukaryotes are multi-cellular beings, with different types of cells and several
smaller molecular machines and compartments called organelles. Common aspect among
these different types of organisms is that they are cellular organisms, i.e. they have a
boundary referred to as the membrane that encloses organelles and the code of life, the
genome or genetic material. All information that leads to the formation of cells and
cellular components, to tissues etc., is stored in the genome, and is passed on to the
offspring, each individual unit is referred to as a gene. While in the case of eukaryotes the
genetic material is enclosed within another protective structure called the nuclear
membrane and the structure itself is called the nucleus, most prokaryotic organism’s
genome is not. Within the nucleus there are compact structures called chromosomes,
observable under a microscope when stained with dyes, they are made up of DNA and
proteins referred to as histones (Figure 1-4). With the advent of molecular biology,
several experiments established that DNA is the carrier of genetic information in cells. In
order to pass on the genetic information the DNA should be accurately copied and passed
on or transferred.
1.1. Central Dogma of Life
Shortly after the discovery of the DNA double helix, a clearer picture of the flow of
information was formulated. DNA is first transcribed or copied into another form of
nucleic acid molecule, the ribonucleic acid (RNA) where the sugar contains a hydroxyl
group at the 2’ C as opposed to DNA. RNA is generally present in a single-stranded
1

form, it acts as short-term transfer of information and due to its flexibility can fold upon
itself to form complex structures, some with catalytic activity such as ribosomes. The
RNA transcript called the messenger RNA (mRNA), is then translated into a polymer of
amino acids called proteins. The whole process of DNA transcription to RNA, and
subsequent translation of RNA to protein is referred to as the Central Dogma of life (
Figure 1-1). Proteins form specific well-defined structures depending on their amino acid
sequence, they form complex structural components in animals such as muscles and are
responsible for most of the enzymatic activity.

Figure 1-1 Central Dogma of Life. A cartoon representation of a cell illustrating the
concept, Central Dogma of Life. DNA is first transcribed into an RNA molecule, the
primary transcript. The primary transcript is then spliced to form a mature mRNA (other
RNA machinery are also generated – tRNA, rRNA etc. not represented here). Mature
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mRNAs are exported into the cytoplasm where the information is translated into an
amino acid polypeptide that folds into a functional protein molecule.
Since there are four DNA bases and 20 amino acids, a sequence of three bases called
codons, code for each amino acid. Codon sequences within the mRNA dictate the
initiation of translation, determine the amino acid sequence and finally terminate the
reaction resulting in a particular amino acid polypeptide, that folds into functional
proteins. Several different proteins are generated that conduct enzymatic reactions or
form important structural elements, such as the DNA packaging units, histones. Other
proteins span across the cell membrane, these transmembrane proteins allow for
movement of ions and other molecules in and out of the cell, allowing them to
communicate with their environment along with many other functions.
1.2. Dexoyribonucleic Acid
Genes, or genetic information is stored in DNA. The first indication that DNA is the
‘transforming principle’1 i.e. it carries genes was demonstrated by an experiment
conducted by Oswald and colleagues. DNA is composed of four nitrogen bases either
purines, Adenine (A) or Guanine (G), or pyrimidines like Cytosine (C) and Thymine (T),
a ribose sugar group and a phosphate backbone. The monomers, referred to as
nucleotides constitute a nitrogen base, a pentose sugar and a phosphate head, individual
nucleotides connect via a phosphodiester bond formed between the 3’OH group on the
sugar to the 5’ phosphate head group of the neighboring nucleotide forming a polymeric
strand (Figure 1-2a). In 19532, Watson and Crick delineated the structure of DNA from
the X-ray diffraction images taken by Rosalind Franklin and Raymond Gosling and a key
discovery made by Erwin Chargaff3; that all organisms have a 1:1 ratio of adenine to
3

thymine and cytosine to guanine bases. Using these key findings they demonstrated that
DNA is composed of two intertwined antiparallel strands that formed a helical structure,
the DNA double helix, with the bases at the center forming hydrogen bonds between
them (See Figure 1-3). The bases on one strand are complementary to the opposing
strand, this allows for each strand to serve as a template during the replication process.
Adenine pairs with thymine and guanine pairs with cytosine forming 2 and 3 hydrogen
bonds between them, respectively, so the four bases (A, T, G and C) form the genetic
coding language. Furthermore, the strands are stabilized by the interactions of the twisted
base pair stacks4. There are several different configurations of dsDNA (B, A and Z
forms)5, in most organism, at physiological conditions the most common is the B-form of
DNA5. This form, has a diameter of ~2.2nm, is right-handed and a full twist occurs at
every 10.4 nucleotides with a rise of 3.4 nm6. The distance between each base pair stack
is 0.34nm6. Since the strands run anti-parallel to each other the structure twists
asymmetrically and forms a major and minor groove, each 2.2 and 1.2nm wide
respectively7 (Figure 1-3 b). These grooves allow specific interactions, or binding sites
for proteins, such as transcriptions factors, or DNA/RNA polymerases8.
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Figure 1-2 Schematic and chemical composition of a nucleotide. (a) Schematic
representation of a nucleotide monomer, representing the sugar phosphate head and a
nitrogen base. (b) Chemical composition of the 5 carbon deoxyribose sugar with the base
bonded to the carbon at 1’ and the phosphate head to the 5’ C. (c) A cartoon
representation of an oligonucleotide, demonstrating the 5’ phosphate covalently linked to
the 3’ OH group of the neighboring nucleotide via a phosphodiester bond.

Figure 1-3 Schematic of DNA double Helix. (a) The two strands run anti-parallel to
each other, nucleotides are added to the 3’ end while the other strand serves as a template.
(b) Cartoon representation of the B-form of DNA double helix.
5

So how is this stored information converted into physical cells, tissues and
enzymes? As mentioned earlier (See Chapter 1.1) essentially a three base sequence
encodes for an amino acid9,10. These three DNA base sequences are called codons, when
found in a long series in a stretch of DNA are referred to as a gene. Each gene represents
and codes for a sequence of amino acids, which form polypeptides that fold into specific
structures, proteins. Genes in DNA are distinguished by another set of codons, the start
and stop codons11, which initiate transcription of gene and subsequently terminate it. In
certain cases, codons within genes can get mutated to code for a different amino acid or a
stop codon resulting in early termination of the gene, which can result in certain disease
states such as cancer.
1.3. Cancer
Cancer is a major public health problem worldwide and is the second leading cause of
death in the United States, its estimated that approximately 1,688,780 new cases of
cancer and 600,920 patient deaths will occur in 2017 alone12. Along with high mortality
rates, diagnostic and treatment costs are estimated to increase significantly, ~$158 billion
by 202013. Cancer is a disease that arises due to uncontrolled growth of cells, in general
the cells in our body have a very defined and structured lifetime. Healthy cells divide and
form new cells when necessary, as the cells grow older and their genetic make-up is
damaged, they are destroyed in a controlled manner by a process called apoptosis14.
However, in the case of cancer cells this ordered process breaks down and the cells
continue to proliferate uncontrollably generating a large mass referred to as tumors15.
Cells once they switch and become cancerous, can bypass markers and signals of
apoptosis and continue to survive, tumors that do not spread to different regions of the
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body are benign. Malignancy is an advanced stage of cancer, where the cancer cells from
the primary site of tumor are released, travel through the lymphatic or circulatory system
and invade other tissues. The tumor microenviorment is significantly different from
healthy tissues, since tumors divide uncontrollable they require excessive amounts of
nutrients, cancer cells can signal the generation of increased vascularization to keep up
with their energy demands16. Cancers generally arise due to mutations in gene bodies that
can be hereditary or spontaneous15,17, environmental stresses18 such as UV radiation
damage, toxins from cigarette smoke and other sources can lead to mutations. Mutations
arising specifically in proto-oncogenes, tumor suppressor genes and those of DNA
Damage Repair pathway (DDR)19 along with chromosomal rearrangements20 are
considered to be ‘drivers’ of cancer. These could be the primary cause of switching to the
cancerous state or be the consequence of a primary event. Genetic makeup of cells within
the tumor can also be extremely heterogenous and a single cancer type can be a result of
mutations that arise at different levels of the signaling pathway. An example of this can
be found in colorectal cancer, where the Epidermal Growth Factor (EGFR), a
transmembrane receptor is overexpressed in a large percentage of colorectal cancers
cases21,22. Anti-EGFR monoclonal antibodies can be used to treat colorectal cancer23,24,
except in another form of colorectal cancer where the k-ras gene is mutated, this type is
resistant to monoclonal anti-body therapy25,26. This is indicative of the extremely
complicated nature of cancer, and the necessity to develop affordable early-stage cancer
diagnostic methods and personalized therapies. Significant improvement of patient
survival and recovery can be achieved with early stage cancer detection and personalized
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treatments. Furthermore, genetic mutations aren’t the sole contributor to tumorigenesis,
it’s now been established that epigenetics plays a significant role as well27,28.
1.4. Epigenetics
Epigenetics was derived from the Greek word epigenesist, which literally means extra
growth. The prefix ‘Epi’ generally means ‘on top of’ or ‘in addition to’. With reference to
describing a scientific phenomenon or affect, epigenetics was first coined by C.H.
Waddington in 194229,30. He used it to describe the process of cells differentiating into
various types from their initial totipotent state. Waddington wasn't too far off, because
epigenetic changes as we understand them today, vary as a cell differentiates; therefore
they play an important role in development31,32. Once the concept of genes and their
hereditary nature was established later, Holliday revised it, "the study of the mechanisms
of temporal and spatial control of gene activity during the development of complex
organisms."33. Therefore, epigenetics refers to any heritable (and now encompasses nonhereditary) changes that occur to the genome which do not change or affect the DNA
sequence but affect the development of the organism, or expression etc. These are
essentially chemical modifications that arise on either histones, or nucleic acids. Several
Epigenetic changes have been identified in chromatin34, as well as within DNA
sequences35, therefore the field is extremely broad. With this in consideration the NIH
defines epigenetics as ‘epigenetics refers to both heritable changes in gene activity and
expression (in the progeny of cells or of individuals) and also stable, long-term alterations
in the transcriptional potential of a cell that are not necessarily heritable."36
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Figure 1-4 The Epigenetic Landscape. Image demonstrates the dynamic epigenetic
state of chromatin, representing the repressed or inactived gene region (top) and actively
transcribed gene regions (center). DNA is wrapped around nucleosomes, the transcribed
gene regions that are ‘loosely packed’ are referred to as Euchromatin. Nucleosomes are
further wrapped into 30nm thick fibers, referred to as the heterochromatin. Both the
nucleosomes and DNA contain epigenetic marks, the red flags represent histones
containing gene silencing or repressive modifications whereas the blue flags indicate
histones with transcriptional permissive modifications. Green flags represent an actively
transcribed gene body and its corresponding enhancer. Active gene regions and enhancer
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are not heavily methylated (blue circles) whereas silent regions (red circles) are marked
by 5-methylcytosine modifications. The red shaded region refers to an inactive gene state
occupied by histone modifying proteins that add repressive modifications. These marks
can be reversed by another set of activating histone modifying proteins and initiate gene
transcription. Reprinted by permission from Macmillan Publisher Ltd. Nat. Can. Rev.,
Ref [27], copyright (2011).
Epigenetic modifications arise within the DNA sequence and the Chromatin. Nucleosome
is the fundamental unit of chromatin that is made up 2 copies each of 4 separate histone
protein (H2A, H2B, H3 and H4), about 147 bps of double-stranded (ds-)DNA wraps
around it. The N-terminal tails of these core histone proteins carry amino acid residues
that are ordained with various chemical modification groups34. These modifications allow
for the recruitment of several non-histone proteins to the chromatin that carry out specific
types of functions, for example initiate DNA repair, replication, transcription and several
others34 (See Figure 1-4). Similarly, at the DNA level several different types of chemical
modifications have been identified, the most common is methylation (5-methylcytosine,
5mC) of the cytosine residue35 (See Figure 1-5). Within the human genome, the 5mC
mark almost exclusively occurs in the context of cytosine-phosphate-guanine
dinucleotides (CpG). The methyl group is added to a cytosine nucleotide by a class of
enzymes called methyltransferases that transfer a methyl group from S-adenosyl-Lmethionine (SAM) to the carbon 5 atom of the cytosine ring. CpG dinucleotides are
dispersed across the genome with significant repeating units of CpG dinucleotides
referred to as CpG islands37. CpG islands are often but not always present in gene
promoter regions, the degree of methylation represents the transcriptional state of the
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gene38 (Figure 1-4). 5mC methylation marks in CpG dinucleotides occur globally in
highly repetitive regions referred to as satellites, these methylation marks are important
for maintaining the genome stability39. Epigenetic modifications are dynamic and
changes occur in 5mC marks, localized gain of methylation (hypermethylation) and loss
of methylation (hypomethylation), are often associated with a diseased state27. 5mC is the
most commonly studied epigenetic mark, decades of research has given insight into the
location and functional roles of this modification in healthy and tumor cells. It is now
widely accepted that cancer development arises due to a combination of genetic and
epigenetic anomalies28. Significant focus on studying epigenetics and its role in cancer
has given rise to the concept and importance of the cancer epigenome27. Although
whether epigenetic changes are a cause or consequence of cancer development is yet to
be determined, a clear link between the two has been established.
For several decades, 5mC was considered to be the predominant DNA epigenetic
modification, until less than a decade ago an oxidized form of 5mC, 5hydroxymethylcytosine (5hmC) was unequivocally identified by the Rao and Heintz
group independently40,41. Upon further investigation it was established that 5hmC can be
oxidized by the same Tet family of Fe(II)- and α-ketoglutarate (α-KG) dependent
dioxygenases to 5-formylcytosine (5fC), and ultimately to 5-carboxylcytosine (5caC)42.
The latter two modifications are excised by thymine DNA glycosylase43,44, therefore the
action of TET dioxygenases and subsequently the Base Excision Pathway enzymes,
formulate the active demethylation pathway43. Recent reports have led to establishing
5hmC role’s in cellular differentiation45, neurodegenerative disorders46 and cancer47.
Intense research into epigenetic changes occurring in cancer has lead to the understanding
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of the cancer epigenome. Genetic mutations are not the only changes that occur in cancer
but significant restructuring of epigenetic modifications of the chromatin and DNA has
been observed and its been established that epigenetic abnormalities also contribute to
carcinogenesis27. Understanding and determining when and where these aberrant
epigenetic marks arise can give us insight into the development of tumor. For instance,
abnormal gain of the 5-methylcytosine mark (hypermethylation) has been observed in
gene bodies of several types of cancer48. Recognizing regular epigenetic patterns and
their evolution in particular cancers can allow us to establish certain modifications as
important biomarkers of cancer development and progression.
1.4.1. 5-Hydroxymethylcytosine
Since its discovery in 200940,41, research has been conducted to determine the
biological role of 5hmC in the mammalian genome. Evidence suggests that 5hmC is
involved in cellular differentiation45, aging49 and neurological disorders such as
Alzheimer’s50. With respect to cancer, a promising discovery was made, the 5hmC mark
is significantly depleted in all forms of cancer51. As opposed to 5mC, which has varying
levels of methylation patterns in cancer cells, 5hmC modification is drastically reduced.
This is a ubiquitous phenomenon observed in all cancer types and has been observed by
several groups independently52–54. These results have established quantification of 5hmC
is an ideal biomarker target to determine an individual’s cancer susceptibility.
1.4.2. Detection of 5-Hydroxymethylcytosine
Two main techniques have been developed to probe 5hmC position and amounts in
the genome, Oxidative Bisulfite Sequencing (OxBS-Seq)55 and Tet-Assited Bisulfite
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Sequencing (TAB-Seq)56. Both methods are performed in conjunction with classical
bisulfite sequencing along with a second reaction pathway wherein the genomic sample is
first treated with either an oxidizing chemical or with a set of enzymes, respectively.

Figure 1-5 Methods to probe 5hmC. (a) Reaction scheme and sequencing output of
oxidative bisulfite sequencing. The oxidation reaction converts 5hmC to 5fC, subsequent
BS treatment results in only 5mC being read as C, 5hmC can be distinguished by
comparing output with traditional BS sequencing. (b) In TAB-Seq, 5hmC is blocked by
glycosylation, subsequent treatment with TET oxidizes 5mC to 5caC. BS treatment of the
sample results in 5hmC as the only base that is read as C, comparison with regular BSSeq allows for 5mC discrimination.
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In the case of OxBS-Seq the oxidation step converts 5hmC to 5fC, subsequent
treatment by BS, results in 5fC being converted to uracil (and appears to be read as
thymine in sequencing reaction). Comparative analysis with classical BS reaction, which
converts all cytosine to uracil but reads both 5mC and 5hmC as cytosine determines the
5hmC position (Figure 1-5 a). In TAB-Seq, a UDP-glucose molecule is added to the
hydroxyl group of 5hmC by β-glucosyltransferase (β-GT), samples are then treated with
excess amounts of TET enzyme that oxidizes 5mC to either 5fC or 5caC, while 5hmC
remains unaltered due to the presence of UDP-glucose. Subsequent treatment with
bisulfite results in 5mC being converted to uracil which is then read in the sequencing
reaction as thymine as opposed to 5hmC which is continued to be read as cytosine.
Another method recently developed by the He group, nano-hmC-seal was used
determine genomic regions where 5hmC was enriched with limited sample input57. Here,
they adapt a method developed by Adey et al.58 where a Tn5 transposase is used to
fragment the genomic DNA down to ~300-500 bps length fragments and incorporate
sequencing-compatible adaptors in a single step. Subsequently, they treat the genomic
DNA with a synthetic form of UDP-glucose containing an azide group in the presence of
β-GT, which incorporates the UDP-N3-Glucose to 5hmC. Biotin linkers can then be
attached to the azide group by copper free click chemistry, affinity purification by
streptavidin-coated beads collects any sequence regions where 5hmC is present. These
genomic regions are amplified using primers that selectively anneal to the linkers
previously added to the ends of the genomic fragments, subsequent sequencing of the
amplified library determines the genomic regions 5hmC is prevalent in. Analysis of these
regions established that 5hmC is present in transcriptionally active gene regions,
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associated with permissive histone modifications or ‘open’ chromatin marks57. A
subsequent study by the group using nano-hmC-seal technique was conducted on liquid
biopsy samples collected from over 250 patients suffering from 5 different types of
cancer and compared those to ~100 healthy individuals59. They conducted a
bioinformatic analysis and found unique set of genes being overexpressed in cancer
patients and demonstrated that once again 5hmC was enriched in active gene bodies,
associated with open chromatin marks. Furthermore, the gene expression profiles of the
liquid biopsy samples were comparable to the cancer tissue biopsy profile. They
confirmed this finding in patient derived xenograft mouse models, where they analyzed
the tumor 5hmC gene profiles of the cancer tissue xenograft to the 5hmC gene profiles of
the cfDNA collected from the mouse blood plasma. Li et al. finally concluded out of the
five different cancer types they studied, 5hmC was an ideal cancer-specific biomarker for
colorectal and gastric cancers, and showed strong evidence to suggest that it is possibly a
superior method to conventional cancer biomarker determinants.
While all of these methods have shed significant insight into the role of 5hmC and
established its importance as a cancer-specific biomarker, they are all based on nextgeneration sequencing analysis, which generates huge amounts of data and requires
cumbersome analysis to determine the position and content of 5hmC. Similarly, HighPerformace Liquid Chromatography (HPLC)60,61, the gold standard method for
quantification of total nucleic-acid content has been used to determine 5hmC (and other
epigenetic modification content), however, it suffers from requiring sophisticated
equipment, high sample concentration, (≥1µg) prolonged experimental run time and loss
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of sequence information. Therefore, both methods can be difficult to implement in
regular clinical workflow and screen individuals for cancer susceptibility.
To overcome these drawbacks, alternative highly sensitive, affordable and rapid
methods are required for detection of 5hmC content. Thus, allowing them to be
implemented in clinics for regular monitoring of epigenetic modifications such as 5hmC
and others.
An optical detection technique developed recently by the Ebenstein lab62, is identical
to the labeling method pioneered by Song et al.63, where a UDP-N3-Glucose molecule is
enzymatically added to 5hmC but instead of attaching a biotin label using click
chemistry, the Ebenstein lab employs a fluorophore linker. They determine the relative
change of 5hmC content between healthy and tumor tissues by measuring the fluorescent
labels intensity, lower intensity is observed for the tumor samples thereby correlating
cancer incidence by measuring the 5hmC content. An ELISA based immunoassay was
developed 64, where the signal is enhanced by utilizing a biotinylated secondary antibody,
which can then subsequently bind to at least three horseradish peroxidase (HRP) enzyme
units instead of the traditional single (or two) HRP. The assay was used to screen 5mC,
5hmC and 5caC modification content from liquid biopsies of patients suffering from
lung, pancreatic and bladder cancer and compared to healthy individuals. They
demonstrated ability to measure reduced 5hmC content of patients suffering from lung
cancer, while no significant change was observed for the other cancer types in
comparison to healthy individuals. However, even in the case of lung cancer patient
samples the error was significant and overlapped with epigenetic content measured in
healthy individuals. While both studies demonstrated ability to detect and quantify 5hmC
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content inexpensively, the former method while highly sensitive requires extensive DNA
sample preparation, and the latter lacks specificity and sensitivity. Therefore, techniques
that can rapidly quantify 5hmC content (as well as other epigenetic base modifications)
with high-sensitivity and selectivity would be ideal for implementation in a clinical
setting. A goal of this research has been to realize a novel, highly sensitive, singlemolecule detection assay that can rapidly quantify 5hmC (See Chapter 5.1).
1.4.3. Detection of Formyl- & Carboxylcytosine
As mentioned earlier, 5mC and 5hmC are not the only cytosine epigenetic marks,
5fC and 5caC are other oxidized forms of cytosine base modifications. In order to
investigate these modifications, a handful of methods have been developed that sequence
5fC and 5caC at single-base resolution. However, all of them involve chemical treatment
performed in conjunction with traditional bisulfite sequencing to determine the position
of the base modification. Two methods were recently developed to address 5fC, reduced
bisulfite sequencing (redBS-Seq)65 and 5fC-assisted bisulfite sequencing (fCAB-Seq)66
by the Balasubramanian and He group respectively (Figure 1-6a). Both involve
chemically blocking 5fC thereby preventing its deamination during bisulfite treatment.
Therefore 5fC along with 5mC and 5hmC is read as C. The read out is compared to
traditional bisulfite sequencing where untreated 5fC is deaminated and is therefore read
as T, thus identifying the position of 5fC.
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Figure 1-6 Schematic and read out of methods developed to probe 5fC and 5caC. (a)
Two methods, fCAB-Seq and redBS-Seq distinguish 5fC and have identical outputs. In
fCAB-Seq (top), sample is chemically treated with hydroxylamine to form an adduct that
is resistant to BS deamination. In redBS-Seq, chemical treatment results in selective
reduction of 5fC to 5hmC, which is also resistant to deamination by BS. In both cases,
5fC is read as C and therefore can be distinguished by comparing results to BS-Seq. (b)
In CAB-Seq, chemical treatment results in the addition of an amide group to 5caC,
thereby protecting it from deamination by BS. 5caC is therefore read as C and can be
differentiated by comparing results to BS-Seq.
A similar method was developed to sequence 5caC, chemical modification assisted
bisulfite sequencing (CAB-Seq)67, wherein DNA is first treated with 1-ethyl-3-[3(dimethylamino)propyl]-carbodiimide hydrochloride (EDC), which selectively reacts
with 5caC and forms an amide (Figure 1-6b). The amide labeled 5caC is resistant to
deamination by subsequent sodium bisulfite treatment, and is therefore read as C whereas
5fC and C are deaminated and read as T. Subtraction of regular BS-Seq data from CABSeq, where C, 5fC and 5caC are all deaminated and thus read as T (5mC and 5hmC are
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both unaffected, read as C) gives quantitative information on 5caC. Methylase assisted
bisulfite sequencing (MAB-Seq)68,69is a subtraction independent method that addresses
both 5fC and 5caC but suffers from the inability to distinguish between the two. Here, the
sample is first treated with a bacterial DNA CpG methyltransferase M.SssI, that converts
all cytosines (within the CpG context) to 5mC. Subsequent treatment with BS results in
the deamination of 5fC and 5caC that are read T as opposed to all cytosines (converted to
5mC), 5mC and 5hmC which are resistant to BS and therefore read as C. A slight
modification to the latter method was made to develop 5caC methylase-assisted bisulfite
sequencing (caMAB-Seq)69, here 5caC can be resolved at single base resolution. caMABSeq employs an additional chemical treatment post methyltransferase reaction, NaBH4 is
introduced that selectively reduces 5fC to 5hmC. Subsequent BS treatment deaminates
5caC exclusively and is read as T whereas all other cytosines are protected since they are
either in the form of 5mC or 5hmC and therefore read as C. All of these methods require
BS treatment and sequencing in order to get relevant information, thus suffer from
damaging the target DNA significantly. Novel BS free methods are required that can
generate important biologically relevant results without conducting whole genome
sequencing, similar to 5hmC-nano-seal (see 1.4.2).
1.5. MicroRNA
MicroRNAs are single-stranded, non-coding RNA molecules that are approximately 1824 nucleotides in length and play an important role in eukaryotic post-transcriptional
gene silencing70. An important aspect is that they are readily found in the blood plasma as
cell-free nucleic acids and are therefore an ideal target for minimally invasive liquid
biopsies for cancer diagnosis and progression71. Over 2500 microRNAs have been
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recognized72 and there is strong evidence demonstrating at least two-thirds of human
genes are targeted by microRNAs73. The origin of cell free microRNAs is still a hot topic
of debate, with two main hypotheses. Passive release from apoptotic cells 74,75 or shuttled
from cells in either vesicles71 or bound to RNA-binding protein such as Argonaute76.
While they might arrive in blood plasma through one or all of the aforementioned
sources, the degree and extent to which each contributes is also contentious. However,
what is important and established is that cell free microRNA can be utilized for cancer
screening and specific microRNAs correlate to the type of cancer. MicroRNA expression
profiles are unique to not only the cancer type but give insight to the stage of tumor
development77. All of these characteristics make microRNAs an ideal nucleic acid
biomarker for cancer screening and regular monitoring of patients undergoing treatment.
1.5.1. Detection of MicroRNAs
Several methods for microRNA detection have been developed, these include,
quantitative reverse transcription PCR (qRT-PCR), microarray-based hybridization
methods and next generation sequencing with qRT-PCR among them being them most
popular78. However, due to their small size and minor sequence differences, detection of
these short nucleic acids can be challenging, as conventional methods tend to introduce
bias and lack specificity78,79.
To overcome these short-comings, nanotechnology based methods are being
developed. Recently, the Mirkin group employed spherical nucleic acid (SNA) gold
nanoparticle conjugates to screen for prostate cancer specific mircoRNAs80. Label-free
electrochemical-based assays have been utilized as well to monitor cfmicroRNAs.
However, sophisticated fabrication methods are necessary to fashion these devices and a
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diagnostic tool has yet to be realized. Therefore, novel highly sensitive techniques are
required that can rapidly monitor these important disease biomarkers. Nanopore-based
sensors81 have demonstrated tremendous potential for molecular sensing of biomolecules
and are an ideal tool for the task.
1.6. Nanopores
The detection principle of Nanopore sensing is based on an invention developed by
Wallace H. Coulter in the late 1940’s, commonly referred to as the Coulter Counter82.

Figure 1-7 The Coulter Counter. (a) A schematic representation of the Coulter Counter
demonstrating the sensing principle, an orifice separates two chambers, a voltage bias
generates a measureable ionic current. Solution from one chamber (containing cells) is
pumped into the other and presence of cells blocks the current. (b) Schematic of typical
results from instrument, a baseline ionic current level is measured across the chambers,
presence of cells generate resistive pulses. The frequency of the pulses is indicative of the
number of cells in a particular sample and the magnitude of the resistive pulses represents
either RBC or WBC.
The initial design of the invention would appear primitive; an orifice was generated in a
cellophane cigarette wrapper using a hot needle. This aperture with a diameter of several
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microns, is placed between two chambers filled with electrolyte solution, application of a
voltage bias across the chambers resulted in a measureable ionic current (See Figure 1-7).
Blood sample is introduced to one of the chambers (cis) and pressure applied to sample
containing chamber such that solution flows through the orifice into the second chamber
(trans) (Figure 1-7a). For a pure electrolyte solution the ionic current remains
unperturbed, however in the presence of cells, discrete downward spikes or resistive
pulses are observed indicating the solution conductivity is temporarily reduced. These
pulses are generated when cells are present within the orifice and occupy the sensing
volume thus displacing ions and temporarily blocking the ionic current. The total number
of pulses measured over time co-relates to the total amount of cells present in the sample
and the magnitude of each ionic current drop is indicative of the cell size (Figure 1-7b).
Therefore, not only can you rapidly determine the number of cells in a given sample you
can also differentiate between the cell type (Red Blood Cells or White Blood Cells). The
Coulter Counter revolutionized the field of hematology and is still widely used in
hospitals to this day.
Nanopore sensing (Figure 1-8) is also a resistive pulse based technique that has
tremendous potential to usher in the next revolution in diagnostic medicine. In this case,
however the aperture dimensions are in the nanoscale and the target analytes aren’t
micron-sized cells but individual biomolecules such as DNA83, RNA84 or proteins85,86. In
a typical setup, a nanopore is placed between two chambers containing electrolyte
solution; application of a voltage bias across the chambers generates a strong electric
field at the pore. Charged biomolecules are electrophoretically driven through the pore
individually and their presence within the pore perturbs the measured ionic current
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(Figure 1-8c). These brief electrical pulses are commonly referred to as ‘events’ and the
electrical profile can be used to characterize biomolecules, or study biomolecular
interactions87.

Figure 1-8 Nanopore device and detection. (a) Schematic of a thin SiN membrane (2030nm thick) supported on a silicon chip forms the basis of the device. A high-energy
beam is used to ablate the atoms to fabricate a pore. (b) Chip containing a single
nanopore is mounted on a custom designed flow cell. A lateral view of the final device is
represented (top-right), demonstrating the nanopore serving as the only connection
between the cis and trans chambers of the device. Lower left inset is a TEM image of a
typical nanopore fabricated in SiN membrane. Scale bar is 10nm. (c) Cartoon
representation of the translocation process with corresponding ionic current signal below:
baseline open-pore current (bottom, left); threading of the molecule decreases ionic
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current (center); current returns to baseline upon molecular passage (bottom, right). The
total electrical signal is referred to as an event.
1.6.1. Biological Nanopores
Nanopore based biomolecular sensing was initiated using a transmembrane protein
channel, the α-hemolysin toxin isolated from the bacterium staphylococcus aureus. This
heptameric porin, with an approximate diameter of 2nm, self-assembles and easily
embeds into lipid bilayer membranes88. In 1999 Kasianowicz et al.
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demonstrated the

detection of RNA homopolymers through the pore, and sparked the possibility of
developing a next-generation sequencing platform based on nanopore ionic current
detection. They hypothesized that each base would block a certain amount of current
based on its unique structure as it passed through the pore and the ionic current signatures
would therefore contain the sequence information of the DNA or RNA molecule. The
first confirmation of this hypothesis was provided by Akeson et al.,90 they investigated
the translocation of an RNA block copolymer that consisted of 70 Cytosine and 30
Adenine bases, respectively. The ionic current signatures of this polymer resulted in two
distinct current blockade levels, corresponding to the levels previously observed for
homopolymers of these bases. This provided compelling evidence that under the correct
parameters, nanopores could be used for sequencing. Over a decade of experiments were
conducted by various groups to delineate the ideal conditions for sequencing, initially it
was hypothesized that an exonuclease tethered atop the α-hemolysin channel across
which a voltage bias is applied can determine the sequence91. The exonuclease cleaves
off nucleosides from a target polymer and each cleaved nucleoside would be detected as
the porin electrophoretically captures it. However, this strategy results in loss of sequence
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information, the process is stochastic and not every cleaved nucleoside is captured. The
solution was provided by utilizing a phi29 polymerase that slows the translocation speed
of the target polymer being sequenced92,93. The polymerase adds nucleotides to one of the
strands with free 3’ end in a step-wise single nucleotide addition while the
complementary strand occupies the pore sensing region and gradually ratchets through
the pore. As the polymerase continues the extension the template strand is gradually
pulled out of the pore, and the ionic current profile corresponds to all the bases occupying
the α-hemolysin porin. Similar experiments pioneered by the Akeson group were
performed using the MspA porin isolated from mycobacterium smegmatis94. Both
systems have successfully demonstrated the capability to sequence nucleic acid targets.
Several other porins such as ClyA95 and OmpG96 have also been used to detect a
variety of proteins. However, biological nanopores while highly reproducible suffer from
geometric constraints, most pore channel diameters are no larger than ~2nm and can
therefore only allow biomolecules less than 2nm in diameter to translocate through them.
The lipid bilayers that these channels are embedded in are highly unstable and tend to
disrupt easily rendering the system ineffective. Biological nanopores, especially with
larger (>2nm) diameters are not ideal for molecular detection, as most of porins exhibit
gating, a phenomenon where the ionic current measured through the pore varies
significantly due to stochastic structural changes of the channel walls. Over 25 years of
research has resulted in only a few biological nanopores that can be utilized for molecular
analysis.
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1.6.2. Solid-State Nanopores
To overcome these stability and geometric constraints nanopores were fabricated in thin
free-standing solid state membranes81. These nanopore are highly robust, mechanically
stable and can withstand high temperature as well as a variety of solvent conditions97–99.
The pore diameter and membrane thickness100,101 can be fine-tuned depending on
the desired application. The first demonstration102 of a nanopore device was conducted
using a high energy Ar+ ion beam, however this method lacked sensitive control of the
desired diameter. Subsequently, a fabrication method utilizing Transmission Electron
Microscope, wherein an electron beam is used to form pores was developed103. This
technique has fine-control over the nanopore dimensions and is currently the most
popular method for fabrication of SS-nanopore devices. Other methods such as dielectric
breakdown have also been developed104, here a high bias is applied across a thin solidstate membrane, over time this leads to the formation of a nanopore. A novel method
developed in the Hall lab takes advantage of focus ion beam milling, using the Helium
Ion Microscope (HIM), this has significant advantages over other methods with respect
to fabrication time and throughput105. By tuning total ion dose we can precisely control
the nanopore device dimensions as can be seen in Figure 1-9 a. Furthermore, the method
allows for rapid fabrication of nanopore array devices (see Figure 1-9 b) that can be
employed for high-throughput screening techniques and simultaneous optical and
electrical detection106 setups. Another distinct advantage of the HIM is the ability to
conduct localized reduction of membrane thickness, and subsequently fabricating pores
within the thinned region101. Standard silicon fabrication techniques generate ≥ 10nm
thick free-standing SiN membranes, it is difficult to achieve sub 10nm membrane
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thicknesses, although certain protocols have been developed to achieve these
dimensions107. Reduction of membrane thickness enhances signal-to-noise ratio, which is
useful and in some cases necessary for detection of certain types of molecules. A variety
of solid-state materials have also been employed for nanopore sensing, such as HfO2108,
including two-dimensional materials such as graphene109–111, and MoS299

that are

promising materials for sequencing applications.
A detailed account of signal enhancement and interpretation of translocation dynamics
using nanopores fabricated in sub-10nm membranes is discussed in Chapter 2. All
experiments in this study were conducted with devices fabricated by the Helium Ion
Microscope, See Appendix for nanopore fabrication protocol.

Figure 1-9 Nanopore devices fabricated by HIM. (a) Log–log plot of He+ dose versus
resultant nanopore diameter, showing a rapid fabrication regime <10nm and a slow one
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above that. Solid lines are power law fits to the respective regions. Inset: TEM images of
individual nanopores with diameters (L-R) of 5, 10 and 20 nm. Scale bars are 20 nm. (b)
STIM micrograph of a 10 × 10 array of 5 nm diameter nanopores.
1.6.1. Applications of Nanopores: Sequencing
The inception of Nanopore sensing was based initially to develop a rapid single-molecule
sequencing device. In 2014, Oxford Nanopore Technologies a nanopore based
sequencing company founded in 2005, released a portable handheld sequencer, the
MinION112. Over 25 years of intense research finally culminated in the development of a
nanopore device that can sequence ‘ultra-long’ fragments (~80 kbp) and has been used to
sequence the entire human genome113. The ability to sequence long-length fragments has
significant advantage over conventional sequencing technologies, wherein the target
nucleic acid molecule is fragmented to short lengths (<500 bp) and post sequencing has
to be aligned back together like a jigsaw puzzle. However, nanopore sequencing does not
suffer from this constraint, and this ability to sequence long length fragments on a
portable device has allowed identification of novel antibiotic resistance islands114,
monitor the Ebola epidemic on-site115 and determine the transmission of the Zika virus116.
1.6.2. Applications of Nanopores: Detecttion of Nucleic Acid Biomarkers
Applications are not limited to sequencing, SS-nanopores specifically have been used to
probe DNA102,117, study RNA interactions with small molecules like antibiotics118,
differentiate various tRNA species119, study DNA-protein interactions and utilized for
genome mapping120,121. The first indication of genomic mapping was demonstrated by
Kowalczyk et al.120, where dsDNA was investigated with varying concentrations of the
RecA protein. The authors observed individual events with multiple ionic current
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blockade levels, corresponding to either just the DNA or DNA bound by protein,
indicating that a single DNA molecule was decorated with discrete protein bound
regions. Recently Chen et al.121 demonstrated mapping a specific 4 base palindromic
sequence TCGA, recognized by a methyltransferase. The authors used a S-adenosyl
methionine analog that contains a biotin modification and therefore tricks the enzyme to
add a biotin modification instead of a methyl group122. Labeled DNA was incubated with
MS, regions bound by MS excluded more ions and therefore blocked more current. The
protein bound level could easily be distinguished from the DNA level, and total number
of spikes translates to the total number of that specific sequence present in the DNA
target. The location of the protein bound spike with respect to the start of the event is
indicative of the position of the sequence thereby allowing rapid genomic mapping of
specific sequences.
Cancer specific biomarkers such as MicroRNAs have also been detected using
both SS-123 and biological nanopores124. A lung cancer specific biomarker, miR155 that is
over-expressed in cancer patients was detected using a complimentary probe by an αhemolysin pore124. The complementary probe was slightly longer than the microRNA
sequence (22 nucleotides) and therefore once annealed generated a ds probe-microRNA
hybrid with single-stranded overhangs. The hybrid generated a unique current signature,
a prolonged multi-level event indicative of a multi-step process; unzipping of the probe,
probe translocation and then subsequent translocation of the target microRNA. Wanunu
et al. demonstrated detection of microRNAs using specialized SS-nanopore devices,
wherein small <5nm diameter nanopores were fabricated in sub 10nm membranes
referred as ‘ultra-thin’ nanopore devices. They observed significant improvement in

29

signal to noise ratio using ultra-thin nanopore devices and were able to detect
microRNAs extracted from murine liver tissue. While both approaches demonstrate
successful and sensitive detection of microRNAs, significant analysis of the current
signal is necessary to conclusively determine presence of target analyte. Furthermore, in
the case of Wanunu et al., enrichment of target microRNAs coupled with ultra-thin
nanopore devices that are challenging and time consuming to fabricate were an essential
requirement for detection. We have utilized a novel assay for assessing microRNAs that
does not require any sophisticated device modification or signal analysis, as
demonstrated in Chapter 4.1.
Nanopores have been used to study epigenetic modifications, specifically those
occurring on the cytosine base and oxidative damage adducts like 8-oxoguanine.
Biological pores have assessed the ability to sequence these modifications and determine
their exact positions125. Presence of 5-methylcytosine in target nucleic acid sequences
was determined by investigating binding of methylated CpG binding proteins (MBD1) to
methylated CpG regions. The authors demonstrated they could distinguish and quantify
DNA targets containing 5mC modifications. Those nucleic acids generated a significantly
different electronic signature due to binding of MBD1 proteins from non-methylated
DNA molecules126. Nucleic acid targets containing 5-hydroxymethylcytosine127 and
recently 5-hydroxyuracil128 were studied by SS-nanopores, these reports were conducted
on label-free molecules. However, ultra-thin nanopore devices were necessary for
detection of molecules containing these epigenetic marks. Furthermore, molecules with
>15-30% of 5hmC modification were successfully differentiated, these synthetic targets
aren’t an accurate representation of physiological genomes where the 5hmC content is
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sparse35,129. To date, no attempt has been made to detect or quantify genomic epigenetic
content using SS-nanopores, chapter 5.1 discusses at length our successful demonstration
of 5hmC content analysis of murine brain genome.
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2. Chapter 2 - Interpreting The Conductance Blockades Of DNA Translocations
Through Solid-State Nanopores
Solid-State nanopore electronic signatures can be challenging to interpret, even for pure
homogenous samples (dsDNA of a particular length). Multiple conductance blockade
levels are observed for an individual sample, furthermore the mean conductance levels of
these populations vary with applied voltage. This phenomenon is pronounced when using
ultra-thin nanopore devices (i.e. membrane thickness of <10nm). While several groups
have observed this and probable reasons for these have been proposed, no conclusive
evidence has been provided for the actual cause. This report focuses on interpretation of
the multiple conductance blockade populations observed while measuring DNA across a
range of applied voltages. We investigate a 3kbp dsDNA molecule using a device with a
3.4nm pore diameter fabricated in a 4.5nm thick membrane. Across a range of applied
voltages, we observe multiple conductance blockade (a total of 3) levels. These
populations vary until high levels of voltage are applied (>400mV) after which only two
discrete populations remain with non-varying mean conductance levels. To describe these
observations, we provide a simple geometric model that gives insight into the
translocation dynamics of the analyte through the nanopore. Each, low, mid and high
conductance level corresponds to; the initial interaction of the DNA with the electric field
on the trans end, its presence inside the pore and non-translocating interactions of the
DNA, respectively. The experimental results match well with our model and can be
applied to all solid-state nanopores in general. These results are an important step towards
understanding the translocation process and will give insight into which levels
correspond to actual translocation of the analyte. Furthermore, it would allow us to
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determine exactly which ionic current population correspond to a particular target
analyte, especially in a complex mixture of samples.

Peer-reviewed Publication: ‘Interpreting the conductance blockades of DNA
translocations through solid-state nanopores’, A. T. Carlsen, O. K. Zahid, J. A. Ruzicka,
E. W. Taylor, A. R. Hall, ACS Nano, 8 (5), 4754–4760, 2014
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Interpreting The Conductance Blockades Of DNA Translocations Through SolidState Nanopores

Abstract: Solid-state nanopore electrical signatures can be convoluted and are thus
challenging to interpret. In order to better understand the origin of these conductance
changes, we investigate the translocation of DNA over a range of voltage. We observe
multiple, discrete populations of conductance blockades that vary with applied voltage.
To describe our observations, we develop a simple model that is applicable to solid-state
nanopores generally. These results represent an important step towards understanding of
the dynamics of the electrokinetic translocation process.

Keywords: Nanopore, DNA, translocation, conductance blockade, single-molecule

Solid-state nanopores1,

2

are an emerging technology for rapid detection and

characterization of biomolecules. In a typical measurement, an electric field is employed
to drive individual molecules of RNA,3 proteins,4-7 and most often DNA8, 9 through a
single aperture in a solid-state membrane (Fig. 1a). The brief presence of the molecule
within the opening is manifested as a shift in the measured electrical signal to one or
more distinct levels of conductance, referred to as a blockade event. By virtue of their
size, SS-nanopores are able to interrogate one or a few individual molecules at a time,
and so they have proven to be an attractive possibility for a range of applications that
require highly sensitive detection, perhaps most notably genetic sequencing.10
Although the operating principle of SS-nanopores is straightforward, the system is
capable of exhibiting surprisingly complex behaviors that can make interpretation of the
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measured electrical signal challenging. One source of this complexity is thought to be
interactions with the access regions11- the sensing volume immediately surrounding each
opening of the aperture. Here, we seek to shed light on SS-nanopore measurements in
general by investigating double-strand (ds-) DNA conductance blockades systematically
using a nanopore device with maximized contributions of the access regions to the
sensing region. The access regions have long been an important consideration12 in
describing both cylindrical13-19 and non-cylindrical20-23 nanopore systems. However, for
SS-nanopores in extremely thin membranes19 (<10 nm), these regions take on increased
significance. We therefore initiate our study of conductance depth (ΔG) by investigating
these unconventional devices.

Results and Discussion
We begin by measuring 3 kbp dsDNA under high-ionic strength conditions with a
single SS-nanopore (diameter 3.4 nm) fabricated in a 4.5 nm thick membrane. Previous
work on devices with similar dimensions and under comparable solvent conditions
demonstrated that dsDNA translocations produce deeper blockade events19, 24 compared
to the typical 1-2 nS depth measured in conventional (thick) membranes.3,

8, 9

Our

measurements confirm this observation in general (Figure 2-1b). However, we arrive at a
substantially more complex picture when we investigate the dependence of ΔG on
applied voltage. Figure 2-1c shows all-points histograms for (concatenated) events over
the range of 50-400 mV, with Gaussian fits (grey lines) indicating the locations of
discrete conductance levels.
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Figure 2-1 Conductance blockade measurements of dsDNA. (a) Schematic
representation of electrokinetic translocation from the cis- side of a SS-nanopore
membrane to the trans- side. Inset shows the linear I-V characteristics of the device used
here. (b) Typical conductance trace measured for 3 kbp dsDNA using a 4.5 nm thick, 3.4
nm diameter SS-nanopore. Voltage is 400 mV. (c) All-points histograms of
(concatenated) conductance blockades from 50 to 400 mV (low-pass filtered at 10 kHz).
In each panel, the left-most peak corresponds to the baseline (open-pore) conductance.
Vertical lines indicate the center of the Gaussian fit (gray line) and indicate the evolution
of individual conductance populations designated by color. (d) Example event traces for
each applied voltage in (c). Dashed lines in background designate the discrete
populations from the histograms to the left. Trace colors indicate the conductance level
population of the event from (c), except the black traces, which correspond to events
containing more than one level. The inset offers a magnified view of the indicated
combination event, highlighting the brief initial shallow level. Note that this level is not
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resolvable in the 50 or 100 mV histograms (see text), but its position is indicated by
dashed blue lines. All traces are low-pass filtered at 20 kHz. The scale bar applies to all
traces.
From these data, we make two observations. First, we generally do not observe that the
conductance blockade level resides exclusively at a single level, as may be expected for
head-to-tail translocation of dsDNA through an aperture that is too narrow to allow the
passage of folded molecules. Instead, we observe two, well-separated levels of
conductance under most conditions. These levels are not mutually exclusive, however, as
we note that combination events occur regularly (black traces in Figure 2-1d). Second,
the ΔG levels themselves shift significantly as the applied voltage is increased.
Examining the evolution of blockade levels as a function of voltage (Figure 2-1c) reveals
that three distinct populations are detected, each of which appears to increase in depth as
applied voltage is increased.

Figure 2-2 Components of the model. (a) Schematic of the three series conductances
that form the sensing region of a SS-nanopore (gray): the pore (P) and the two
hemispherical access regions (Acis and Atrans, respectively). Models of DNA interaction
with (b) one access region only (case 1 from the text) and (c) all three regions (case 2
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from the text). Below each diagram is an equivalent circuit (conductances shown as
resistors) representing the contributions of the three sensing regions listed above as well
as that of the presence of the DNA in Acis (designated DNAcis), P (designated DNAP), and
Atrans (designated DNAtrans). Not shown are contributions of counterions surrounding the
DNA, which act as an additional parallel conductance in each of the three regions.

Figure 2-3 Event dwell times. Voltage dependence of mean dwell time for events
observed in the three types of DNA-pore interactions described in the text: lateral
blocking (a), translocation (b), and interaction with one access region (c). Only singlelevel events are considered. For measurements ≥250 mV, we frequently observe two
populations in the translocation data, one of which yields a dwell time >1 ms. We
attribute these long duration events to strong interactions between the DNA and the pore
and/or the surrounding membrane, and so we plot only the shorter duration populations
here. Data shown in (a) and (c) exhibit no voltage dependence61 over the range studied,
indicating that forces other than electrical (e.g. diffusive26) dominate. Dashed line in (b) is
a 1/V fit to the data, similar to that reported elsewhere27.
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We address the first of these observations by hypothesizing that the plurality of
conductance blockade levels are the result of non-translocative interactions with our
device. This hypothesis is supported by the observed voltage dependence of mean event
dwell time measurements (see Figure 2-3). Recent work from several groups has
suggested that unexpected levels of ΔG measured under certain experimental conditions
are a result of dsDNA entering the access region, either stochastically25,

26

or as a

precursor to translocation.27-29 In order to describe the conductance blockades that may be
expected from this type of interaction, we utilize a model in which the SS-nanopore
sensing region is composed of three relevant sections- the interior of the nanopore itself
and the two access regions on either side (Figure 2-2a), following past work.14, 17 The
conductance of each access region can be expressed simply11 as
G0 acc = 2σd p ,

(Eq. 1)

where dp is nanopore diameter and σ is the conductivity of the solution, defined as
€

(µcation+µanion)ne. Here, n is the number density (proportional to concentration) of the
ionic species, e is the elementary charge, and µcation and µanion are electrophoretic
mobilities of the cation and anion, respectively. The conductance of the pore, meanwhile,
is
G0 pore =

πd p2
4Leff

⎛
4Sµcation ⎞
⎜⎜σ +
⎟,
d p ⎟⎠
⎝

(Eq. 2)

where Leff is the effective thickness of the membrane and S is the surface charge density30
€

of the nanopore walls (taken31 as 0.06 C/m2). We use the convention of Wanunu, et al.19
who established experimentally that Leff=L/3, where L is the initial membrane thickness,
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to account for the non-cylindrical shape of the nanopore. Because these conductances are
in series, the total open-pore conductance of the system can thus be written as

G0 TOTAL

−1
⎛ 1
2 ⎞
⎟ .
= ⎜⎜
+
⎟
⎝ G0 pore G0 acc ⎠

(Eq. 3)

Generally, the presence of dsDNA in any of the sensing regions described above
€

will act as a negative parallel conductance, displacing volume that would otherwise
contribute to the total measured conductance. In order to quantify the effect, we consider
two basic scenarios in relation to our data, taking into account that conductance can be
expressed generally as σ(A/l), where A is area and l is length.
In case 1 (Figure 2-2b), the dsDNA is positioned coaxially with the mouth of the
pore such that it interacts only with a single access region. Although the dsDNA could
adopt a range of orientations with respect to this region, the geometry considered here
can be considered a maximimum as it occupies the most space within the access region.
In this scenario, the effect on the conductance of the occluded access region is
GaccDNA = G0 acc − GDNA acc = G0 acc − σ

2
πdDNA
,
2d p

(Eq. 4)

where dDNA is the diameter of dsDNA, taken to be 2.2 nm. Note that in this case, the
€

pertinent length of DNA, l, is the length of the access region (dp/2). All other regions will
be unchanged. As a result, the total change in conductance can be expressed as
−1
⎛ 1
1
1 ⎞
⎟ − G0
ΔGcase1 = ⎜⎜
+
+
.
TOTAL
⎟
⎝ G0 pore G0 acc Gacc DNA ⎠

€
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(Eq. 5)

In case 2, the dsDNA is present in all three regions of the system (Figure 2-2c).
As such, both access regions are affected as described in Equation 4, and additionally, the
conductance of the nanopore region is altered, as described by
G poreDNA = G0 pore − GDNA pore = G0 pore − σ

2
πdDNA
.
4Leff

(Eq. 6)

In total, this results in an expected conductance change for case 2 of
€
ΔGcase 2

−1
⎛ 1
2 ⎞
⎟⎟ − G0 TOTAL .
= ⎜⎜
+
⎝ G poreDNA GaccDNA ⎠

(Eq. 7)

The intermediate case, in which the dsDNA resides only in the cis-side access region and
€

the nanopore is transitional since passage to the trans-side access region (i.e. case 2) is
almost immediate from this state. As such, we consider it unlikely to be observed.
Equations 5 and 7 can be applied to our data by incorporating the device
dimensions (dp=3.4 nm, Leff=L/3=1.5 nm) and solvent conditions used in the experiment.
Doing so yields for case 1 a ΔG of -3.9 nS and for case 2 a ΔG of -8.8 nS.

Figure 2-4 Analysis of dsDNA conductance blockades. (a) Mean conductance change
vs. applied voltage. The dashed lines (i) and (ii) represent the calculated ΔG from Eqs. 5
(case 1, corresponding to non-translocative events) and 7 (case 2, corresponding to
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translocation), respectively. Each point is the center of a Gaussian fit to the relevant
histogram of all recorded events in Fig. 1c, except the blue points at 50 and 100 mV,
which are Gaussian fit centers from an all-points histogram of events containing the
lower (2-2.5 nS) level. Schematics to the right illustrate the DNA configuration we
propose for each population. Colors match those in in Fig. 1c.
In Figure 2-4a, we plot the mean conductance blockade levels over all
investigated voltages, showing that the measured ΔG of each population increases and
then saturates. Strikingly, the conductance levels predicted by our simple model (dashed
lines in Figure 2-4a) match very closely the saturation conductance observed for two of
the event populations from the experimental data. This indicates that at high voltages
(≥250 mV) for our device, the large ΔG level corresponds to true molecular
translocations while the low ΔG level indicates non-translocative interactions with the
access region. We note that this model can be used similarly to predict the apparent
saturation conductance change for results on voltage dependence of ΔG published
elsewhere3, 32, 33 (see Appendix).
Our model accounts for two populations within our data, but what is the origin of
the third? One possibility may be that this level of conductance blockade is caused by a
molecule approaching the SS-nanopore such that it lays perpendicular to the axis of the
aperture.25, 27-29, 34 In this case, the stiffness of the molecule would prevent it from passing
through the pore in a folded state, but the ion conductance would be blocked by its
presence. The simplest approximation of this arrangement is that the area occupied by the
dsDNA above the opening reduces the effective diameter of the SS-nanopore during its
residence. If we assume a circular pore in the blocked case, this reduced effective pore
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diameter, d*p, can be expressed geometrically (see Supplementary Information Fig. S-4)
by the equation
d *p =

⎛d ⎞
2⎛ 2
2
⎜⎜ d p cos−1⎜⎜ DNA ⎟⎟ − dDNA d p2 − dDNA
π⎝
d
⎝ p ⎠

(

)

1

2

⎞
⎟⎟ .
⎠

(Eq. 8)

This assumes that the dsDNA sits directly across the center of the SS-nanopore. We
€ arrive at an expected ΔG for the perpendicular case by simply calculating the difference

between the conductance of the unoccluded pore with diameter dp and the conductance of
a pore with diameter d*p using Equation 3. For our experimental conditions, ΔG for
lateral blocking of the pore is found to be -15 nS. Since this can be considered a
maximum (i.e. the dsDNA may not interact symmetrically across the center of the pore),
the value is in qualitative agreement with the maximum conductance blockade recorded
for the uncategorized population in Figure 2-4a of about -12 nS. We therefore conclude
that this population is likely to correspond to lateral, non-translocative interactions of the
dsDNA with the SS-nanopore.
Identification of each conductance population presents further insight into the
translocation process. As seen in Figure 2-1d, discrete conductance levels occur not only
independently in single-level events, but also in combination to form two-level events.
Interestingly, we observe that the shallow conductance level precedes the deep level for
nearly all two-level events recorded across the entire investigated voltage range (543 out
of 553, or 98.2%). At high voltages (≥250 mV), this ordering suggests an initial time
period during which the end of the dsDNA is positioned in the access region of the SSnanopore prior to threading through the aperture. The initial lag may correspond to
repositioning or unfolding of the ensuing length of the molecule35,
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36

(see Appendix

Figure A2- 3). At low voltages (≤200 mV), the shallow-to-deep progression of
conductance levels suggests instead that a portion of the dsDNA is threaded through the
nanopore prior to lateral interactions between the remainder of the molecule and the
aperture. We attribute these lateral interactions to the diminished capacity of the lowvoltage electric field gradient to overcome the entropy of the dsDNA near the SSnanopore.26 Thus, the end of a threading molecule drags the entropic coil to the aperture
en bloc, where it creates a deeper blockade as the translocation process continues. As
voltage is reduced further, the likelihood of a molecular end being made available by the
weaker electric field gradient is also reduced. Thus, at very low voltage, we would expect
the shallow event level corresponding to translocation to be rare. This is indeed the case;
the translocation ΔG level is uncommon at both 50 and 100 mV and, in conjunction with
the low signal-to-noise ratio at these voltages, it is not distinguishable in an all-points
histogram (see Figure 2-1c). However, the lower level can be resolved within individual
blockade events (see Figure 2-1d, top panel). Besides serving as additional support for
our interpretation, this observation also offers an explanation as to why the ΔG level
corresponding to lateral interactions with the SS-nanopore is seen exclusively at low
voltage: at voltages greater than 200 mV, the large electric field gradient and increased
viscous drag act to uncoil the dsDNA in solution before it reaches the pore.37 Note that
the deep ΔG level does not necessarily preclude molecular translocation at low voltage.
Indeed, the blockade caused by the entropic coil may be able to simply mask the signal of
the simultaneous threading of dsDNA through the pore.
While our model explains a great deal of what we observe in experiment, one
central question remains: why do the conductance blockade levels increase and then
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saturate with applied voltage? Recently, several groups have reported similar behavior in
conventional SS-nanopores,3, 32, 33 but so far, an explanation has not been agreed upon.
We suggest that the origin of this effect may be polarization of the dsDNA counterion
cloud. The presence of positive charges surrounding the negatively-charged dsDNA
backbone is known to counteract the conductance blockade by introducing additional
carriers to the sensing region.30 However, theoretical work by Mendel38 and later
refinement by Manning39 and others40, 41 has predicted that the local density of these
counterions can be perturbed under extreme electric fields. Counterion polarization has
since been observed through simulation42-44 and experiment45-47 and has recently been
suggested as a potential factor in SS-nanopore measurements as well.48, 49 Perturbation of
the counterion cloud could remove charge carriers locally from the sensing region of a
nanopore, resulting in a voltage-dependent conductance blockade. Note that this local
perturbation does not contradict overall electroneutrality as has been observed in
molecular dynamics simulations.50, 51 Rather, the reduction in counterion density local to
the sensing region of the nanopore would be accompanied by an equivalent buildup of
charge outside the sensing region, as shown schematically in Figure 2-5 and in more
detail in Appendix Figure A2- 4. In addition, because polarization will saturate at very
high electric field strength,39 the voltage-dependence would likewise saturate at high
voltage. These two key expectations match our experimental results well.
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Figure 2-5 Counterion residence on translocating dsDNA. The fraction of Na
counterion charge (relative to the charge density of the dsDNA backbone) β vs. applied
voltage. Dashed line is a Boltzmann sigmoid fit to the data. Insets show schematic
interpretation of the low-voltage case (top), where counterions remain bound to the DNA,
and the high-voltage case (bottom), where counterions are displaced locally during
translocation. In both images, DNA motion is towards the right. A more detailed
schematic treatment is provided in Supplementary information Fig. S-6.

Counterion screening and polarization can be included in our model through a
simple adjustment to Equations 4 and 6, as follows:
GaccDNA = G0 acc − GDNA acc + Gcounteracc = G0 acc − GDNA acc + β

€

2qµcation
;
dp

G poreDNA = G0 pore − GDNA pore + Gcounterpore = G0 pore − GDNA pore + β

€
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qµcation
,
Leff

(Eq. 9)

(Eq. 10)

where q is the charge per unit length of dsDNA. We introduce β to denote the fractional
effect of the new term relative to the zero-field counterion density, indicating
polarization-induced depletion in the sensing region of the nanopore. When β=1, the
charge of the counterion cloud is exactly equivalent to that of the dsDNA itself. When

β=0, no counterions are present on the dsDNA in the sensing region and volumetric
blocking is the only contribution to the conductance change (an alternative
conceptualization is that β is indicative of a voltage-dependent shift in counterion
mobility µcation rather than total counterion residence in the sensing region, though it is
unclear by what mechanism this effect might saturate). So far, our model has assumed
intrinsically that β=0, resulting in good agreement with measurements at high voltage
where polarization fully depletes of counterions in the pore. The transition towards this
state can be analyzed further by using Eqs. 9 and 10 to determine the β necessary to
account for the measured voltage dependence of the ΔG. Such an analysis (Figure 2-5)
suggests that the fractional residence of counterions around the dsDNA in the sensing
region of the SS-nanopore decreases with voltage in a sigmoidal fashion. This data can be
extrapolated to yield the zero-field value, which is β=0.57 for our system. This value may
be indicative of the fraction of counterions relative to the total dsDNA charge in the
sensing region that are bound tightly to the molecule (resident in the major and minor
grooves,52 for example) under our solvent conditions (Figure A2- 5). We note that β
would represent an axial average along the length of the sensing region due to the axial
inhomogeneity of the electric field in the nanopore. This approach may offer a general
route towards probing the screening of polymers and biopolymers by arbitrary ionic
species at various concentrations.
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Conclusions
In conclusion, we have investigated dsDNA conductance blockades with a small
diameter (3.4 nm) SS-nanopore formed in a thin (4.5 nm) membrane. We measured
across a range of applied voltage and found that (i) three discrete levels of conductance
change can be observed, and (ii) the ΔG associated with these levels becomes larger as
the voltage is increased. We presented a simple model that takes into account the access
regions of the SS-nanopore device and considers both the volume of the dsDNA and its
accompanying countercharge layer as parallel conductances to that of the nanopore itself.
We found that this model describes accurately the conductance blockade levels measured
experimentally and additionally provides a possible explanation for the observed voltage
dependence of ΔG. We proposed that the intensifying electric field that accompanies
increasing voltage progressively removes the counterions surrounding the dsDNA in
solution until eventually ion exclusion is the only contribution to the measured
conductance change. Our results are widely applicable to a variety of experimental
conditions and represent an important step toward understanding the meaning of SSnanopore electrical signals in general. Indeed, our model can also be used to describe the
observations of several previous studies using a variety of experimental conditions
(Appendix). We note that while qualitative agreement is observed in all ionic conditions,
quantitative agreement between our model and experimental work is currently limited to
high-ionic strength solutions (Figure A2- 6). Extension to the low-ionic strength regime
should be possible with refinement.
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In conventional systems, the multiple conductance blockade populations
described here will be subtle. For example, under typical solvent conditions (1 M KCl)
for a SS-nanopore device with diameter and membrane thickness values of 20 nm each,
the ΔG predicted for non-translocative interactions with the access region would be
expected to have a maximum value of only -0.7 nS in the high-voltage (β=0) limit. Event
duration would also be expected to be very brief under these high voltage conditions, and
so as a result, reduction of the noise floor to a point where such events would be
measurable is likely to filter them out entirely. This may explain why the effect has not
been described previously. As device diameter or membrane thickness is reduced,
however, the influence of the access regions will become more conspicuous. For this
reason, the current trend of the field towards SS-nanopore devices with small diameters53
or low dimensionality54-58 will be especially aided by consideration of our findings in
order to assess results accurately.

Materials and methods
Solid-state nanopore fabrication Silicon chips, each supporting a window of silicon
nitride (24.5 nm thick as measured by ellipsometry), were purchased commercially
(Norcada, Inc., Alberta, Canada). Thin SS-nanopores were produced with Helium ion
microscope fabrication by first reducing the local membrane thickness controllably59 and
then milling material from the center of the thinned region using a timed exposure.33 The
region around the pore was processed to have a final thickness of 4.5 ± 0.6 nm, as judged
by two separate calibration strategies.59, 60 The precise diameter of the SS-nanopore was
determined by applying the measured current-voltage characteristics of the device to
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Equation 3 from the text and solving for dp. The device exhibited a linear I-V curve and
had a low-noise baseline conductance of 27.5 nS that varied less than 5% during the
duration of the measurements.

DNA translocation measurements Solvent conditions used for the presented
measurements were 900 mM NaCl, 10 mM tris, 1 mM EDTA. 3 kbp dsDNA was
introduced to the cis side of the SS-nanopore at a concentration of ~10 ng/µL.
Conductance blockade events were recorded at a bandwidth of 200 kHz and with a 100
kHz four-pole Bessel filter applied. An additional low-pass filter of 10-20 kHz was
applied during analysis (as indicated in figure captions), which was performed using
custom LabView software. Histograms from Fig. 1c (and scatter plots in Supplementary
Information Fig. S-1) are composed of n = 96 (50 mV); 146 (100 mV); 426 (150 mV);
298 (200 mV); 437 (250 mV); 814 (300 mV); 542 (350 mV); and 616 (400 mV). Only
events with durations between 100 µs and 2 ms were considered in our analysis.
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3. Chapter 3 – Selective Detection and Quantification of Modified DNA with SolidState Nanopores
Nanopore detection has been an extremely powerful molecular characterize
technique. Its been utilized to detect DNA, RNA, proteins, determine protein-nucleic
acid interactions and employed for a variety of applications including discerning
epigenetic marks. Ultra-thin SS-Nanopores have previously been used to distinguish
DNA molecules containing high-density 5mC and 5hmC epigenetic marks and more
recently 5hmU. However, the ionic current profile generated by these molecules
results in significant overlap of current signature with subtle differences that are
difficult to resolve. We sought to develop a novel single-molecule nanopore assay
that overcomes this problem by employing MS protein ligands that selectively bind to
biotin tags on target dsDNA molecules. We anticipated binding of MS to target
biotinylated DNA molecules would generate a unique ionic current signature due to
the significantly larger structure of the nucleoprotein complex. To our surprise we
observed events exclusively for the DNA-MS complexes whereas no events were
observed for DNA or protein molecules probed individually. Interestingly, the capture
rate increased gradually as MS was titrated against dsBioDNA, up to an equimolar
ratio, after which the rate remained constant even in the presence of excess MS.
Therefore, events are exclusively observed for bioDNA-MS complexes, presence of
background unbound bioDNA, nonbioDNA or excess MS do not contribute to the
events. These results thus conclusively demonstrate the basis of a unique binary
nanopore detection assay that generates an output signal exclusively when
biotinylated dsDNA target is present in any complex sample mixture. We further
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demonstrated the ability to quantify amounts of biotinylated DNA present in two
different samples at varying concentrations by comparing the capture rate of the
unknown samples to a concentration standard. This novel binary detection assay
forms the foundation of the following chapters, wherein it has been employed for a
variety of applications, specifically selective detection of cancer biomarkers,
including microRNAs and 5hmC content.

Peer-reviewed Publication: ‘Selective detection and quantification of modified DNA
with solid-state nanopores’, A.T. Carlsen, O. K. Zahid, J. A. Ruzicka, E. W. Taylor, A.
R. Hall, Nano Letters, 14(10):5488-92, 2014
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Selective detection and quantification of modified DNA with solid-state nanopores
ABSTRACT: We demonstrate a solid-state nanopore assay for the unambiguous
discrimination and quantification of modified DNA. Individual streptavidin proteins are
employed as high-affinity tags for DNA containing a single biotin moiety. We establish
that the rate of translocation events corresponds directly to relative concentration of
protein-DNA complexes and use the selectivity of our approach to quantify modified
oligonucleotides from among a background of unmodified DNA in solution.

KEYWORDS: solid-state nanopores, proteins, DNA, DNA modifications, singlemolecule, quantification
Immunoprecipitation and pull-down assays are workhorses in biochemistry. With the
ability to discriminate specific substrates in heterogeneous mixtures, they play important
roles in a wide range of fields, including proteomics1-3, epigenomics4-7, and
transcriptomics8, 9. However, despite their broad utility, these well-established strategies
have limitations. Besides requiring large sample sizes, they are labor-intensive and are
not inherently quantitative, typically requiring subsequent PCR10 or enrichment11 for
downstream analysis. For these reasons, quantitative technologies with single-molecule
sensitivity may offer important advantages5.
Hinging on the Coulter principle, solid-state (SS-) nanopores12, 13 have been employed
extensively for molecular resistive-pulse sensing. In these experiments, the temporary
presence of a single molecule passing through a narrow pore alters the coincident flow of
ions, thereby creating a unique electronic signature in the measured ionic current.
Analysis of these signatures (or events) offers insight into molecular structure14, 15, surface
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charge16, 17, and pore-molecule interactions18, 19. With potential applications ranging from
DNA sequencing20 to biomarker identification21, this powerful detection platform has
been used to probe a diverse set of materials, including nucleic acids22-24, proteins25-27, and
non-biological nanoparticles28-30.
Recently, several groups have reported progress towards SS-nanopore differentiation of
structural31-33 or chemical34, 35 variations in nucleic acid molecules. However, such studies
often rely on subtle shifts in event characteristics that can introduce uncertainty. In this
paper, we present an assay that enables unambiguous identification of double-strand (ds-)
DNA modified with a single biotin moiety. Using a high-affinity protein tag (monovalent
streptavidin, MS) to label modified oligonucleotides, we determine that translocation
event rate correlates with protein-DNA complex formation. We speculate on the
mechanism underlying this finding and then exploit its specificity to quantify modified
DNA directly in solution with unmodified oligonucleotides.

Figure 3-1 SS-Nanopore measurement. (a) Schematic diagram of the experimental
system. A bias is applied across a SS-nanopore in a SiN membrane, inducing
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electrokinetic translocation of protein-DNA complexes in electrolyte solution. Upper left
shows the shape of a resistive pulse measured during a translocation event. Right inset:
transmission electron micrograph of a typical SS-nanopore formed with conditions
identical to those used here. Scale bar is 10 nm. (b) Raw current traces obtained for MS
alone (left), bio90 alone (center), and MS incubated with bio90 at a molar ratio
(MS:bio90) of 8:1 (right) over a range of voltages. Investigated molecules are shown
schematically above each column (‘B’ represents the biotin moiety). Only the coincubated material produces significant events.
SS-nanopore discrimination of monobiotinylated dsDNA
Figure 3-1a shows a schematic of the SS-nanopore measurement approach utilized
here. An electrical bias is applied across a thin-film membrane with a single nanopore
immersed in electrolyte solution (see Methods). This facilitates the electrokinetic
translocation of molecules (or molecular complexes) through the pore, each of which can
produce an ionic current event. We first use this technique to measure MS (
Figure 3-1b left) and monobiotinylated 90 bp dsDNA (bio90,
Figure 3-1b center) individually at concentrations of 8 µM and 1 µM, respectively.
Over a range of 50-200 mV, few events can be identified for either molecule. However,
when MS and bio90 are incubated together at a molar ratio of 8:1 (MS:bio90) prior to
measurements, we observe a remarkable increase in the number of events per unit time (
Figure 3-1b right). The event rate of the admixture is consistently more than an order of
magnitude greater than that of either constituent molecule alone; at 200 mV applied
voltage, for example, the MS-bio90 complex yields a rate of 23.3 ± 0.9 s-1, while the
event rates of MS and bio90 individually are 0.09 ± 0.04 s-1 and 1.1 ± 0.2 s-1,
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respectively. In order to verify that the MS-bio90 events correspond to actual
translocations rather than stochastic interactions between the complex and the nanopore,
we reverse the polarity of the applied voltage during our measurement and observe
“recapture events”36,

37

(see Figure 3-2). Translocations are further supported by the

voltage dependence38 observed for MS-bio90 event durations (See Appendix Figure A32).
What accounts for the extraordinary differences in the event rates that we
observe? Although neither the MS nor bio90 alone yields a significant number of events
over the investigated voltage range, we suggest differing explanations for each.

Figure 3-2 Recapture of translocated MS-bio90 constructs. Raw current traces
showing translocation events of MS-bio90 at positive bias (initial 0.25 s of each trace)
followed by subsequent re-capture of translocated material at negative bias. Voltages
applied are ±200 mV (a), ±300 mV (b), and ±400 mv (c). Red arrows indicate recapture
events. As voltage is increased, we observe a higher efficiency of re-capture. These data
demonstrate that the MS-bio90 events measured in our experiments correspond to
constructs passing through the SS-nanopore.
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For the MS, recent work26 comparing experimental data to the Smoluchowski theory39
suggests that the translocation of proteins through SS-nanopores typically occurs too
rapidly to be resolved by conventional systems like the one employed here. Indeed,
Larkin, et al.27 demonstrated that the enhanced time-resolution of a high-bandwidth
system is capable of resolving far more protein translocation events than are detectable
by standard electronics. The significant negative charge of our MS (see Methods) will
contribute to a strong electrophoretic driving force, potentially reducing translocation
time further. We therefore conclude that the absence of observed MS events results from
the bandwidth limitations of our apparatus, which allow a significant number of protein
molecules to translocate undetected. Conversely, we attribute the small number of events
measured for bio90 to infrequent translocations. Storm, et al.40 showed experimentally
that dsDNA dwell times scale with molecular length as a power-law with exponent 1.27.
Their results were obtained using SS-nanopores of similar diameter to those employed
here and with a comparable voltage. Assuming that the scaling factor holds for small
molecular lengths (Wanunu, et al.19 reported similar scaling for short dsDNA), we
estimate that 90 bp dsDNA should translocate in ~50 µs; a value that is resolvable by our
electronics. Indeed, of the few events that we observe with bio90 alone, most yield a
dwell time near this value (see Supplementary Fig. 4). Thus, we conclude that under the
low-voltage conditions investigated here, the translocation event rate for bio90 is
minimal.
The dichotomy between these two explanations offers a possible mechanism for
the increase in event rate observed for the admixture of MS and bio90. When the
molecules form a complex, the large net electrical force experienced by MS alone is
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countered by a significant viscous drag imparted by the bio90. We therefore propose that
the combination of these forces results in translocations that are slow in comparison to
MS alone and are thereby resolvable with our apparatus. Importantly, this results in
selective isolation of target DNA rather than exclusion determined, for example, by SSnanopore dimensions21.

Figure 3-3 MS-bio90 titration experiments.
(a) Semilog plot showing stoichiometric dependence of SS-nanopore translocation event
rate over a range of applied voltages. (b) Semilog plot (normalized) showing
stoichiometric dependence of band intensity for MS-bio90 complex relative to bio90
measured from EMSA. Circles and squares are data from two separate assays. Inset
shows an example gel (square symbols in plot).
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In order to investigate the system further, we next perform a series of SSnanopore measurements in which MS is titrated against a constant amount (1 µM) of
bio90. Over all investigated voltages, we observe that the measured event rate rises
dramatically up to a molar ratio of 1:1 (Figure 3-3a). However, from unity up to a molar
ratio of 8:1 (MS:bio90), additional MS does not increase the event rate further. This is a
result of the limited supply of dsDNA needed to form nucleoprotein complexes; the
protein has an extremely low off rate41 (~10-5 s-1) and each oligonucleotide contains only
a single biotin moiety, so we expect that nearly all bio90 in solution will be bound at or
above an equimolar concentration. Comparing our translocation results to an
electromobility shift assay (EMSA) performed with MS and bio90 over the same
stoichiometric range, we observe a strikingly similar trend (Figure 3-3b). These data
support our assertion that virtually all observed translocation events for the admixture
correspond to MS-bio90 complexes. Additional evidence of the high specificity of this
approach is provided by control measurements in which non-biotinylated dsDNA
incubated with MS yields a negligible event rate, equivalent to bio90 alone (insert into
appendix see Supplemental Fig. 5).
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Figure 3-4 Voltage dependence of event rate. Event rates corresponding to specific
MS-bio90 stoichiometries plotted over a range of applied voltages. From bottom to top,
molar ratios (MS:bio90) are 0:1 (squares), 1:4 (upward triangles), 1:2 (circles), 3:4
(downward triangles), and 1:1 (diamonds). Solid lines are linear fits to each ratio set
(color indicated).
Selective quantification of modified oligonucleotides In Figure 3-4, we examine
admixture event rates up to a molar ratio of 1:1 and find a linear dependence on applied
voltage. This implies that the capture process for the MS-bio90 complex is governed by
diffusion rather than by interactions with the pore, in agreement with previous studies36.
Importantly, the observed trend offers a route towards quantification of MS-bio90
complexes in solution. It has been demonstrated elsewhere19, 26, 32 that event frequency
varies with molecular concentration. Because nearly all events observed in our system
can be attributed exclusively to the translocation of complexes, the linear fits in Figure
3-4 link the concentration of MS-bio90 in solution to specific event rates produced at a
given voltage. The measurements described thus far have been performed in a protein-
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limited regime (MS:bio90 < 1:1), and so the measured event rate has facilitated
quantification of MS-bio90 complexes in a background of unconjugated bio90. However,
the same approach could in principal be used to quantify biotinylated oligonucleotides in
a heterogeneous solution with non-biotinylated DNA as well.

Figure 3-5 Analysis of blind samples. Measured event rate vs. applied voltage for the
two prepared admixtures (see Fig. 4). Solid lines are linear fits to the data (i.e. values
plotted in Fig. 4).
To investigate this possibility, we conduct a blind test on two samples prepared by a
third party. Each of these samples contains a different mixture of biotinylated and nonbiotinylated 90 bp dsDNA mixed to a total concentration of 1 µM (equivalent to that of
the measurements described above). To ensure that all bio90 is conjugated, both solutions
are incubated with MS at a concentration of 4 µM. As described in the previous sections,
MS alone produces a negligible number of measurable events, and so excess protein does
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not perturb the measurements. SS-nanopore analysis reveals a linear relationship between
applied voltage and event rate for both samples, as expected (see Figure 3-5).

Figure 3-6 Selective determination of bio90 concentrations within a mixture. Solid
data points indicate event rate dependence (i.e. slopes from Fig. 3) plotted against MSbio90 concentration. Solid grey line is a second-order polynomial fit to the data.
Experimentally-derived event rate values for samples prepared in blind experiments are
shown as magenta (Sample 1) and blue (Sample 2) lines extending from y-axis. Shaded
regions represent error.
Comparing the event rates obtained from the two blind samples to our prior
measurements (Figure 3-6), we derive a value for the bio90 concentration in each: 850 ±
35 nM in Sample 1 and 520 ± 20 nM in Sample 2. Remarkably, these experimentallydetermined concentrations are in excellent agreement with the prepared values of 800 ±
20 and 480 ± 20 nM, respectively. These results demonstrate that our SS-nanopore
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approach is uniquely capable of quantifying DNA having single nucleotide biotin
modifications selectively, even within a mixed sample.
Discussion In this study, we have demonstrated highly-specific detection and
quantification of monobiotinylated dsDNA using SS-nanopores. We performed our
detection through selective conjugation with a streptavidin protein containing a single
biotin-binding domain. Under the experimental conditions investigated, we observed that
the MS-bio90 complex produced a cascade of easily-resolved translocation events, in
stark contrast to either constituent molecule individually. While the DNA constructs used
here featured an internal biotin near the center of the molecule (see Methods), additional
measurements indicate that the effect is not dependent on the position of the biotin
moiety. The variation in translocation behavior was attributed to structure-dependent
differences in net driving force, resulting in a dramatic increase in resolvable
translocation events for the nucleoprotein complex as compared to DNA or protein alone.
By studying stoichiometric effects, we showed that measured event rate correlated to the
(partial) concentration of MS-bio90 conjugates in solution. Finally, we exploited the
specificity of our measurement and the relationship between event rate and concentration
to achieve selective quantification of modified oligonucleotides within a background of
unmodified DNA. Upon examination of two different blind samples, we found excellent
agreement with prepared values, validating our approach as a quantitative detection
technique. An analog to conventional approaches like immunoprecipitation, our
technique offers unique advantages, including molecular sensitivity and intrinsic
quantification. We anticipate that our methodology will have direct impact on a variety of
fields including diagnostic biomarker detection and gene profiling.
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Methods
SS-nanopore device fabrication and electrical measurement Nanopores were fabricated
using a technique described elsewhere42. Briefly, the beam of a scanning helium ion
microscope (Carl Zeiss Orion Plus) was focused on a suspended silicon nitride thin film
membrane (thickness 30 nm) in a silicon support chip. Calibrated exposure times were
used to mill nanopores with diameters ranging from 7.3-7.7 nm. The support chip
containing an individual pore was then positioned in a custom flow cell with fluid access
to both sides of the membrane. Measurement solution (900 mM NaCl and 6 mM PBS
buffer) was introduced on either side of the flow cell, and Ag/AgCl electrodes were
immersed in the solution. Electrical measurements (Axopatch 200B) were used to verify
that the device exhibited low RMS noise (typically <20 pA) and linear current-voltage
characteristics that matched the calibrated nanopore diameter32. Translocation
measurements were performed by replacing the solution on one side of the device with
measurement solution containing biomolecules. Conductance was recorded at a
bandwidth of 200 kHz and filtered at 100 kHz with a four-pole Bessel filter. Analysis was
performed with custom software with which we applied an additional low-pass filter of
25 kHz to all measurements. The event threshold for analysis was set at 4 standard
deviations and events with durations from 12-2000 µs were considered.

Biomolecules Bio90 oligonucleotides were purchased (Integrated DNA Technologies,
Coralville, IA) with the sequence: TGT ATA CCA TGG CCA GGA TCC TGG GCC
ATC TGG TATB GTA ATT CAT AAA GAA TTC TCA TTC TGC AGG TGC ACA
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TGT TAA CAC TAG TCG TGA. The TB represents a single internal biotinylated dT.
The opposing strand (forming the dsDNA) contained no modified nucleotides. The nonbiotinylated oligonucleotide used in the mixture (blind measurements) had the same
sequence but with no biotin moiety. The streptavidin variant employed (SAe1D3)
contained one active biotin-binding site41 and was supplied by the Howarth lab (Oxford
University). This mutant protein (54.5 kDa) retains binding affinity and stability similar
to wild-type streptavidin and contains a hexaglutamate tag43 used for isolation that
imparts a negative charge of -17.1e under comparable pH conditions.

Electrophoretic Mobility Shift Assay MS was incubated in 1× PBS buffer with bio90 for
20 minutes at room temperature at molar ratios ranging from 0:1 to 8:1 (MS:bio90). The
mixtures were then loaded onto a 1.5% agarose gel with ethidium bromide for
visualization. The buffer reservoir of the electrophoresis unit was submerged in an ice
bath to minimize dissociation of the protein-DNA complex.

Supporting Information Available: Additional figures depicting recapture of
translocated MS-DNA constructs, scatter plots as a function of applied voltage and
stiochiometry, dwell time analysis, control measurements with non-biotinylated DNA,
and analysis of blind sample measurements. This material is available free of charge via
the Internet at http://pubs.acs.org.
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4. Chapter 4 – Sequence Specific Recognition of Nucleic Acids with Solid-State
Nanopores
MicroRNAs are important biomarkers of cancer. Other short conserved nucleic acid
sequences can be used to identify infectious disease agents. Most technologies employ
PCR based amplification tests to detect these nucleic acid biomarkers. However at
current length scales (<30 bases) PCR tests suffer from significant false-positive results.
Therefore, novel and highly sensitive techniques are required to rapidly detect important
biomarkers while avoiding biased results. We adapted our nanopore assay for selective
detection of specific sequences amongst a background of complex oligonucleotides. Our
assay recognizes and quantifies short biotinylated dsDNA molecules when bound to MS.
Based on previous observations (See Chapter 3) we hypothesized that ssbioDNA would
pass through the pore undetected, free or bound to MS. These differences arise due to
variations in persistence lengths of ss- and dsDNA, which are significant for short (<150
base) nucleic acids. While dsDNA is essentially a stiff rod-like structure, ssDNA is
flexible. Therefore, ssbioDNA-MS complex is structurally different from dsbioDNA-MS
and does not interact with the pore walls as it passes through. Our results demonstrate and
support our hypothesis, we first probe a ssbioDNA (34 nts) and its dsbioDNA counterpart
individually and in the presence of MS, we observe events exclusively for the dsbioDNAMS complex. Subsequently, we demonstrate the ability to selectively target a ssDNA
sequence (target), in the presence of background oligonucleotides using a complementary
ssbioDNA tag (bait). Events are observed exclusively when the target sequence is present
in the sample. We employ a similar approach to detect miR-155 microRNA, a biomarker
overexpressed in lung-cancer patients and demonstrated its selective detection across
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range of concentrations. Our initial results were performed on inherently short ssoligonucleotides (<40 nts), which isn’t the native form of a number of nucleic acid
biomarkers that are present within a longer target molecule (≥1,500 nts). For example,
short conserved sequences in 16SrRNA that are biomarkers for bacterial detection. We
developed an enzymatic assay to address these sequences, thus allowing us to detect any
particular sequence with our nanopore assay from a long target nucleic acid molecule.
Peer-reviewed Publication: ‘Sequence-specific recognition of microRNAs and other
short nucleic acids with solid-state nanopores’, O. K. Zahid, F. Wang, J. A. Ruzicka, E.
W. Taylor, A. R. Hall, Nano Letters, 16 (3), 2033–2039, 2016
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4.1. Sequence-specific recognition of microRNAs and other short nucleic acids
with solid-state nanopores
Abstract: The detection and quantification of short nucleic acid sequences has many
potential applications in studying biological processes, monitoring disease initiation and
progression, and evaluating environmental systems, but is challenging by nature. We
present here an assay based on the solid-state nanopore platform for the identification of
specific sequences in solution. We demonstrate that hybridization of a target nucleic acid
with a synthetic probe molecule enables discrimination between duplex and singlestranded molecules with high efficacy. Our approach requires limited preparation of
samples and yields an unambiguous translocation event rate enhancement that can be
used to determine the presence and abundance of a single sequence within a background
of non-target oligonucleotides.
Keywords: nanopore, sequence, microRNA, detection, cancer

The roles of short nucleic acid sequences are multiple and diverse. A prominent example
is microRNA (miRNA), a family of 18-25 nt, non-coding RNAs that regulate a wide
variety of cell functions and take part in post-transcriptional silencing of genes1,2.
miRNAs are especially promising as biomarkers for cancer because anomalous levels
have been identified in many tumor types3. In addition, they are known to exist as cellfree nucleic acids (cfNA) in serum and blood plasma4, making them potentially easy to
collect through non-invasive means. However, such sequences present unique challenges
for conventional detection technologies. For example, quantitative real-time PCR is prone
to amplification errors5 while microarray assays require extensive design and labeling of
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probes or targets to be validated. As a result, new approaches are highly desirable. We
recently reported6 a SS-nanopore approach for the selective detection of target DNA. In
conventional SS-nanopore measurements, a nanometer-scale aperture formed in a thin
membrane is positioned between two chambers of electrolyte solution and used for
resistive pulse sensing of molecules as they thread electrically through it (Figure 4-1a). In
our approach, a set of biomolecules is used that individually do not yield significant
translocation signals (events): a monovalent variant of streptavidin7 (MS) and a short,
biotinylated double-stranded DNA (dsDNA).

Figure 4-1 Selective detection of dsDNA.
(a) Schematic showing a short duplex DNA molecule bound to MS translocating
electrically through a SS-nanopore. (b) Event rate vs. applied voltage for ssBio34 (grey)
and dsBio34 (black) without MS bound (1 µM). Example trans-membrane ionic current
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traces (colors matched) recorded at 500 mV are shown to the right. (c) Event rate vs.
applied voltage for ssBio34 (red) and dsBio34 (blue) with MS bound (1 µM). All solid
lines are exponential fits to the data. Example traces (colors matched) recorded at 500
mV are shown to the right. Scale bar (lower right) applies to all traces.
When the two bind, the construct yields a large increase in event rate that can be
used for direct molecular quantification. Here, we apply this new assay to the highfidelity detection of specific miRNAs and other short nucleic acid sequences in solution.
The mechanisms underlying our method are yet unestablished. It has been
demonstrated that wild type streptavidin translocates rapidly8 and is thus beyond the
resolution of conventional electronics9. This is also true for the MS we use, which
contains an additional hexaglutamate tag for isolation10 and thus has a net charge of 17.1e, further increasing its electrophoretic velocity. However, the absence of events for
short dsDNA, and thus the origin of the rate enhancement itself, is less clear. Our initial
working hypothesis6 was that nucleic acid attachment to the MS supplied an additional
hydrodynamic drag to the fast-moving protein, thus slowing nucleoprotein translocation
to a resolvable speed. However, this implied that the dsDNA itself experienced a net
repulsive force, possibly caused by electroosmotic shear force counteracting
elecrophoresis. While translocation physics at this length scale is not fully characterized
and experimental factors like solvent conditions and SS-nanopore surface charge can
alter expected dynamics11, electrophoretic velocity and direction is understood to be
independent of length12, especially under high-salt conditions where the Debye layer is
thin. In addition, a limited number of previous reports13–16 have directly measured the
translocation of short DNA through SS-nanopores, albeit under different experimental
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conditions. Together, these considerations suggest that short oligonucleotides indeed
translocate under a positive bias, potentially making our initial interpretation unphysical.
An alternative hypothesis is that the short dsDNA translocations are also rapid
and thus challenge bandwidth limitations, much like those of MS. In this case, the
subsequent rate enhancement could arise from transient interactions17 with the SSnanopore walls, facilitated by the bulkier nucleoprotein complex and resulting in
protracted and resolvable event durations. While we observe that our measurements are
highly stable, with individual nanopores supporting thousands of events without
clogging, this effect does appear to be at play. Nonetheless, other considerations are
likely important as well. For example, capture of dsDNA of length <8000 bp into a
nanopore can be described well by an entropic barrier-limited model18,19, dependent
principally on molecular orientation, but also with weaker dependences on
electrophoretic and conformational components. In the case of sub-persistence length
DNA, the conformational term is irrelevant. However, extending to our nucleoprotein
complex, the dominant orientational factor (rotational hydrodynamics) will be perturbed
by the bound MS and the normally weak electrophoretic component may be influenced
strongly by the significant charge of the protein, especially for very short DNA. These
mechanistic details will be the subject of further studies.
Because our assay is able to selectively probe monobiotinylated dsDNA, we
hypothesized that hybridization between target single-stranded (ss-) molecules and
complementary synthetic biotinylated oligonucleotides could be used to identify
sequences in solution. However, such an approach would be possible only under the
condition that biotinylated ssDNA itself does not produce events, either individually or in
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complex with MS. To investigate this, we focused on two short DNA constructs (see
Table S1): a 34 nt ssDNA containing a single biotin moiety (ssBio34) and the same
oligonucleotide hybridized to its (non-biotinylated) complementary sequence to form 34
bp dsDNA (dsBio34). When introduced to a SS-nanopore independently, neither
molecule yielded translocation events (Figure 4-1b). Next, we repeated the measurements
following incubation of each molecule with an excess of MS to form nucleoprotein
complexes. For the ssBio34:MS, we again observed very few events across the entire
investigated voltage range (Fig. 1c, red); for example, the rate at 500 mV was only 0.24 s1

. However, under identical conditions, dsBio34:MS yielded a dramatic increase in

translocation event rate that scaled exponentially19 with applied voltage (Figure 4-1c,
blue). For voltages above 200 mV, the rate was greater than an order of magnitude higher
than that of ssBio34:MS.

Figure 4-2 Analysis of dsDNA:MS events. Event depth (left) and duration (right)
histograms of dsDNA:MS (1µM) from 300 (top) to 500 mV (bottom). Solid lines are
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Gaussian fits to the data and the dashed line represents the temporal resolution of our
system. Number of events represented are (T-B) 262, 652, and 1332, respectively.
The mean depth and duration of events (Figure 4-2) at lower voltages showed a single,
deep (2.5-3 nS) blockade level and translocation durations at or below the temporal
resolution of our system, similar to our previous report with 90 bp dsDNA6. As voltage
was increased further, however, we observed the emergence of a bimodal distribution.
This behavior is likely caused by the occurence of both translocation and collision events
brought on by two discrete modes of molecular orientation during translocation20 and
made resolvable by the increased signal-to-noise ratio at high voltage. Regardless of the
explanation, these experiments demonstrated the viability of sequence detection.
We next utilized our approach to recognize a specific sequence within a
heterogeneous mixture (Figure 4-3). Here, we used ssBio34 as a “bait” sequence; by
incubating it with a mixture of ssDNA, dsBio34 could be formed only if its complement
(the “target” sequence) was present. To test this, we first prepared a mixture of three
unlabeled ssDNA oligonucleotides (see Table S1) with low (~25%) homology to the bait
or target to act as non-specific decoy sequences.
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Figure 4-3 Sequence selection within a mixture.
(a) Agarose gel electrophoresis analysis of: bait (lane 1), decoys 1-3 (lanes 2-4),
bait:target (equimolar ratio, lane 5), target (lane 6), bait:decoys (lane 7),
bait:target:decoys (equimolar ratio, lane 8). ds and ss denote double- and single-stranded
oligonucleotides, respectively. (b) Event rate vs. applied voltage for the target sequence
(non-biotinylated complement to ssBio34, black), the bait sequence (ssBio34, red), and
both the bait and target sequences (blue). All mixtures were incubated with MS among a
background of three non-complementary decoy oligonucleotides. All molecules were
supplied at a concentration of 1 µM. Solid lines are exponential fits to the data. Inset:
schematic of sequence selection detection. (c) Mean event depth (left) and dwell time
(right) histograms for each sample (colors match (b)). Solid lines are Gaussian fits to the
data and the dashed line represents the temporal resolution of our system. Note that a
second peak in the red and grey data sets could not be reliably fit due to the insignificant
102

number of deep and long events. Total number of events considered are (T-B) 1080, 223,
and 89, respectively.
Combining these decoys with target sequence, performing a single thermal cycle to
promote annealing, and incubating with an excess of MS yielded no significant SSnanopore translocation events (Figure 4-3b, black). This followed our expectations since
presumably only nonbiotinylated ssDNA molecules were present. An identical protocol
with background sequences and ssBio34 bait similarly produced very few events (Figure
4-3b, red) because dsBio34 is absent. We did observe a minor increase in capture rate as
compared to ssDNA alone or to ssBio34:MS alone, which we attributed to partial
hybridization; intra-strand complexes may be sufficiently large to promote minor rate
enhancement. It is likely that this effect could be minimized through manipulation of
experimental conditions like solvent temperature to discourage low-energy hybridization.
When bait, target, and background sequences were co-annealed and incubated
with MS, the resulting mixture again produced a large increase in the number of recorded
events (Figure 4-3b, blue). Although the number of translocation events generated by
bait:decoys:MS was not insignificant, bait-target coupling was marked by a relative
enhancement of about an order of magnitude under applied voltages of >150 mV.
Consequently, this result demonstrated that our assay could be used to discriminate a
single sequence of interest from a heterogeneous mixture with high specificity. We note
that the event rate for bait:target:MS among background sequences was somewhat higher
than was observed for the same concentration of dsBio34:MS alone (Figure 4-1c). This
may be caused by both the intra-strand interactions described above and minor pore-topore variations (e.g. local charge density or diameter). Figure 4-3c shows a representative
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set of event depth and duration histograms for the three samples, collected at 500 mV.
For the bait:target:MS sample, we found a bimodal distribution, similar to the highvoltage data in Figure 4-2. We again attribute this to the occurrence of both translocation
and collision events. For the control samples, we observed a single, Gaussian distribution
in both values, with most events occurring at or below the temporal resolution of our
instrument. This suggests that the population to the right in each histogram (high
conductance change and long duration) represents collisions, since they are far more
prevalent for the larger nucleoprotein complex; only a few bait:decoy:MS events (>1%)
fall within the same range. This distribution disparity may offer an additional metric by
which to confirm detection of target sequences.
Having established the ability of the assay to selectively detect a target sequence,
we finally demonstrated that the approach could be used to detect a specific miRNA. We
used as a demonstration vehicle the miRNA designated hsa-mi-R155 (miR155), a 23 nt
ssRNA that is an established biomarker of lung cancer21,22. To accomplish miRNA
sequence detection, we employed a ssDNA bait construct (ssBio23, See Table 4-1) with a
single internal biotin and complementarity to the miR155 sequence (Supplementary Fig.
S1) [add to appendix]. When ssBio23 was annealed with miR155 target to form a DNARNA heteroduplex (Figure 4-4a), we observed an enhanced voltage-dependent event rate
across a range of concentrations (Figure 4-4b).
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Figure 4-4 miRNA detection. (a) Schematic of monobiotinylated ssDNA bait
oligonucleotide (blue) annealed to target miR155 ssRNA (red) to form a 23 bp DNARNA heteroduplex with bound MS (orange). (b) Typical plots of event rate vs. applied
voltage for ssBio23:MS (closed circles) and ssBio23:miR155:MS (open circles), at 10,
50, 100, and 150 nM, respectively. The red data points in the 150 nM plot are
measurements of miR155 alone. Solid lines are exponential fits to the data.
As before, measurements with ssBio23, either alone or incubated with a molar excess of
MS, yielded few events under all investigated conditions. Unsurprisingly, the same was
true of the miR155 alone (Figure 4-4b, red). Event rate for the heteroduplex bound by
MS was found to vary linearly with concentration for several voltages (Figure 4-5a), in
agreement with previous SS-nanopore measurements of short nucleic acids13. Analysis of
mean event depth and duration (Figure 4-5b) showed less striking bimodal distributions
than for the 34 bp constructs described above, likely due to the significantly smaller size
of these molecules. Notably, the rate enhancement was sufficient to detect with high
resolution as little as 10 nM ssBio23:miR155 heteroduplex, within the range of
physiological miR155 concentrations23, for example. Collectively, these results
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confirmed both the viability of our assay down to the length scale of 23 nt as well as its
applicability to RNA targets, and suggests its potential clinical utility.

Figure 4-5 miRNA heteroduplex analyses.
(a) Event rate vs. concentration for ssbio23:miR155 heteroduplex with bound MS at
applied voltages of 300 (grey), 400 (blue), and 500 (red). Different symbols represent
data collected from different individual pores. Solid lines are linear fits to the data. (b)
Scatter plot and accompanying histograms of mean event depth (conductance change)
and duration (dwell time) for ssBio23:miR155:MS at 500 mV. Faded region (left)
represents events below the temporal resolution of the system.
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There have been only two prior reports of miRNA analysis with nanopore systems.
Wanunu et al. pioneered SS-nanopore detection of miRNA, enabled by the use of
ultrathin membranes13. They used their system to distinguish a single miRNA in rat liver
extract. However, the approach required significant sample purification and concentration
of miRNA target due to the non-selective nature of conventional SS-nanopore detection.
A distinct difference between this and the present work is that our approach can resolve
target sequences from among a background of ancillary molecules, potentially removing
the need for extensive enrichment of the target sequence. Wang, et al. demonstrated
sequence-specific detection of miRNA with the α-haemolysin protein nanopore23, using
the method to distinguish miR155 in patient serum. This important approach yielded
information that is qualitatively similar to our results. However, the techniques differ in
two key respects. First, the α-haemolysin system is built on lipid bilayers that are still
challenging to integrate into stable device architectures, despite recent commercial
progress24. Our system is built on silicon-based materials, which could promote easier
integration and parallelization. Second, the previous measurement relied on
differentiation between signals produced by target molecules as well as other background
sequences, thus requiring some degree of thresholding and selection in analysis. In
contrast, the present approach produces an unambiguous signal, essentially only yielding
events when target sequences are present.
In conclusion, we have reported a SS-nanopore approach that uses hybridization
with a biotinylated oligonucleotide to identify short nucleic acid sequences, including
miRNA. The measurement is rapid and amenable to integration in wafer-scale device
architectures. We first demonstrated that dsDNA could be differentiated from ssDNA

107

with high fidelity and subsequently that a single target sequence could be detected
selectively. Indeed, identification from among a mixture of similarly-sized, noncomplementary ssDNA was marked by a rate enhancement of more than an order of
magnitude. Finally, we applied the technique to the in vitro sensing of a specific miRNA,
miR155, that has importance as a lung cancer biomarker. We demonstrated detection of
as little as 10 nM miRNA, validating the detection of physiologically-relevant
concentrations25. We believe this resolution could be improved through the use of salt
gradients19,23 or further optimization of device dimensions, for example.

This

embodiment of SS-nanopore detection enables selectivity for arbitrary nucleic acid
sequences and thus could be valuable for the sensitive analysis of biomarkers of
disease26, contamination27, and bioterrorism agents28.
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4.2. Isolation and Detection of Specific Sequences from a Longer Targets
(Unpublished Results)
Nucleic acid sequences can be used to identify contamination or microbial infections.
For example specific sequences can determine Influenza A viral strains29 or an attractive
biomarker for identification of bacterial species is the 16S rRNA conserved sequences30.
The 16S rRNA is a ribosomal RNA molecule that is single-stranded and is approximately
1,500 bases in length, it's a component of 30S small subunit of the ribosome and is
required for protein translation. There are conserved regions within the 16S rRNA
sequence that are utilized for phylogenetic studies and can identify specific bacterial
species accurately31. The most common techniques employed for this purpose are PCR or
sequencing, while sequencing is highly sensitive, it can be expensive to perform. PCR
analysis on the other hand suffers from false positives due to short lengths of the
conserved target sequences.
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Figure 4-6 Isolation of specific target sequences from M13mp18 bacteriophage
genome. (a) Schematic representation of individual steps involved in the sequence
extraction protocol from a ss-target. (b) Isolation and detection of sequences from
M13mp18 virus, analysis of samples on an agarose gel, individual components in each
reaction is represented by symbol below. (c) Event rate graph of 60 bps sequence isolated
from M13mp18, in the presence (red) and absence of MS (black) across a range of
voltages.
We believe our selective nanopore assay can be adapted to rapidly identify infectious
disease agents by targeting conserved sequences using complementary biotinylated
probes. While this goal is beyond the scope of the current study, we have conducted
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significant proof-of-principle measurements towards that objective. The idea is to be able
to detect specific short (<250 bps) sequences from a long nucleic acid target that would
allow us to identify a microbial target by our technology. Therefore the sample input
must meet the assay specifications for operation; it must be relatively pure, short
(<250bps), biotin-labeled, duplex oligonucleotide. As a proof-of-concept we have
developed protocols necessary for isolating and converting the long nucleic acid target
into detectable sequences for analysis. Only a few simple pretreatment steps will be
necessary: (i) isolation of total genomic nucleic acid content (for example, total RNA
including 16SrRNA) from a sample, (ii) annealing of one or more tagged probe
sequences to the isolate, and (iii) removal of unannealed (single-stranded) nucleic acid
regions to leave labeled duplex constructs only. We have developed each of these
measures in turn. Since step (i) has been established in commercial kits and can be
adapted as needed, we have focused on the remaining steps in our preliminary studies.
Figure 4-6a shows our approach schematically, in which target sequences within long
nucleic acid strands are annealed with biotin-labeled probes. A single-strand-specific
nuclease, Mung Bean nuclease, is then used to digest all single-stranded material, leaving
only target duplexes suitable for analysis. As a proof of principle, we tested this approach
using M13mp18, a single-stranded viral genome. Once the sequence isolation protocol is
established we should be able to target any region with a long single-stranded molecule
of interest, design complementary biotinylated probes that can target those regions and
detect them by our nanopore assay. After performing the treatment as described, we find
that multiple, specific duplex sequences can be retrieved ( Figure 4-7b). Subsequent
nanopore analysis, using 60base ss-DNA probe in the presence of MS results in a positive
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detection signal (Figure 4-6c), increase in event rate). This establishes the feasibility of
the protocol as valid sample preparation steps for the assay.

Figure 4-7 Titration of M13mp18 genomic DNA. (a) Agarose gel image of a
M13mp18 titrated (50, 30, 20, 10 and 5nM) against ssbio60 probe, the key below gel
represents the reaction components. Bands corresponding to 60bps dsDNA are observed
in lanes 4-6, with no distinguishable bands in the final two lanes. (b) Normalized
brightness intensity (lanes 8 to 5, i.e. low to high DNA concentration) plotted against the
total M13mp18 genomic concentration in each reaction. Analysis indicates, below 10nM
genomic sample content, sequence is not resolvable on a gel. (c) Event rate vs applied
voltage results of isolated 60 base sequence from M13mp18 titration reactions post
purification incubated with MS. (Pink, green, blue and red represents 30, 20, 10 and 5nM
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of M13mp18 genomic DNA concentration). Solid lines are exponential fits to the data
points. (d) Capture rate vs M13mp18 genomic DNA sample concentration at 500mV,
measureable event rate is observed for both 5 and 10nM reaction concentrations as
opposed to the gel results in (b). Solid line is a linear fit to the data points.
We also demonstrate ability to determine nucleic acid concentration by running
another set of proof-of-principle nanopore measurements. M13mp18 genomic DNA was
titrated against the ssbio60 probe and treated with our sequence isolation protocol. Initial
gel electrophoresis analysis confirmed isolation of the target sequence (dsbio60) across
the titrated concentrations, and the intensity of the bands gives a qualitative indication of
M13mp18 concentration ( Figure 4-7a). While a distinct band is observed for samples
containing high concentration of M13mp18 genomic DNA, no isolated product was
visible below 10nM concentration of the DNA sample ( Figure 4-7a). This is mainly due
to poor resolution of agarose gel electrophoresis, however these concentrations should
readily be distinguished by the nanopore system. Subsequently we repeated the titration
experiments, purified the samples using phenol-chloroform treatment followed by ethanol
precipitation and investigated each sample by our nanopore assay ( Figure 4-7c). We
observed characteristic exponential rise in capture rate with applied voltage for all
samples, including samples treated at low M13mp18 concentrations (5 and 10nM) which
yielded no result by agarose gel analysis. Crucially, the capture rate increases for each
sample with higher genomic M13mp18 content ( Figure 4-7d), which can be compared to
a concentration standard to determine quantify analyte concentration. These
measurements are indicative that we can utilize our assay to detect specific target
sequences of interest from a long ss-oligonucleotide fragment and determine its
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concentration. The approach is modular since we should be able to target any ss-nucleic
acid molecule for which we can determine unique sequence biomarkers, such as
sequences in 16SrRNA30,31 or M and HA genes29 for identification and subtyping of
bacterial and influenza infections, respectively.
Materials and methods
Biomolecule preparation All synthetic nucleic acids, including 34 nt biotinylated (bait)
and non-biotinylated (target) ssDNA, low-homology background sequences, 23 nt
biotinylated (bait) ssDNA, 23 nt miR155 (target) ssRNA, 30 nt, 60 nt and 90 nt
monobiotinylated ssDNA probes complementary to M13mp18 bacteriophage sequence
were obtained commercially (Integrated DNA Technologies, Coralville, IA). Sequences
are provided in Table 4-1. All ssDNA molecules were resuspended in pure deionized
water (Milli-Q) to a stock concentration of 200 µM and stored at −20° C prior to use.
miR155 was aliquoted out in clean eppendorf tubes and stored to prevent contamination
and degradation. Complementary oligonucleotides were hybridized by incubating the
samples at a 1:1 molar ratio in pure Di H2O at 95° C for 10 minutes and gradually
cooling to room temperature to generate duplex material (dsBio34 or 23 bp heteroduplex)
at a final concentration of 8 µM, as confirmed by spectrophotometry. Hybridization was
confirmed by gel electrophoresis. An identical hybridization reaction was conducted in
the presence of three decoy ssDNA oligonucleotides (42, 40 and 33 bps in length
respectively) for the selectivity measurement. Constructs were validated on a 4% agarose
gel prepared in 1X TBE buffer with GelRed nucleic acid stain (Phenix Research
Products, Candler, NC). All gel images were captured using a Gel DocTM system
(BioRad, Hercules, CA).
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Oligonucleotide
Label
ssBio34
ssBio34
complement
(i.e. ‘target’
sequence)

Decoy 1
Decoy 2
Decoy 3
ssBio23
miR155
DNA miR155
homolog

Sequences (5’à 3’)
CAGTTGAGGATCCCCATAATGCGGCTGTTTTCTG
CAGAAAACAGCCGCATTATGGGGATCCTCAACTG
CAGGGCTAGCAAAGGATTTTGCTATAACATGGGTGGCAAG
TTTTTAAAACCTGATGAAACATTTGTACATTCAGGTTTTATC
ATCAGGACCACATTCAAGAGGCCAGGAACCAAGACAGTGA
TCCCCTATCACGATTAGCATTAA
UUAAUGCUAAUCGUGAUAGGGGU
TTAATGCTAATCGTGATAGGGGT

Table 4-1 Oligonucleotide Sequences. T signifies biotinylated thymine.
Sequence isolation protocol Complementary monobiotinylated probes (30, 60, & 90 nts)
were incubated with M13mp18 (New England BioLabs, Ipswich, MA) at final
concentrations of 4 µM and 20 nM, respectively. An annealing reaction was performed
by incubating the samples at 95° C for 10 mins and gradually cooling the samples down
to room temperature. Immediately after the annealing reaction, 20 units of Mung bean
Nuclease and 10X buffer component (New England BioLabs, Ipswich, MA) were
introduced to obtain a final 1X buffer concentration to the samples. The reactions were
incubated in a water bath set at 30° C for 25 mins and 2 units of Proteinase K (New
England BioLabs, Ipswich, MA) were added to inactivate the Mung Bean Nuclease
protein. Subsequently reactions were loaded onto a 3% agarose gel prepared in 1X TBE
buffer with GelRed nucleic acid stain (Phenix Research Products, Candler, NC) to
determine whether the sequences were isolated.

115

M13mp18 titration reactions Genomic M13mp18 bacteriophage ssDNA at varying final
concentrations (50, 40, 30, 10, and 5nM) were annealed to ssbio60 DNA probe at a fixed
concentration of 4 µM, by incubating the samples at 95° C for 10 mins and gradually
cooling the samples down to room temperature. Subsequently Mung Bean Nuclease
buffer was added to achieve a final 1X buffer concentration along with 20 units of Mung
Bean Nuclease enzyme. Samples were incubated in a 30 °C water bath for 25 mins;
reactions were terminated by adding 2 units of Proteinase K. Samples were purified by
phenol: chloroform treatment, and were subsequently treated with ethanol precipitation to
remove any residual chloroform left over in the aqueous phase. Samples were
resuspended in 20 µL of pure DiH2O, their concentration determined by NanoDrop 2000
spectrophotometer (Thermo Fisher Scientific, Waltham, MA) and stored at -20 °C until
further use.

Binding reaction incubation MS, a 54.5 kDa streptavidin variant (SAe1D3) that contains
one active biotin-binding site7, was supplied by the Howarth lab (Oxford University). The
protein contains a covalent hexaglutamate tag10 used for isolation that imparts a net
charge of −17.1e under pH conditions comparable to those used here. For all short
sequence detection including miRNA experiments, 2.5 µL of prepared oligonucleotides at
a stock concentration of 8 µM was incubated with 1 µL of MS (50 µM stock) in 1X PBS
at room temperature for 10 minutes, and brought to a final salt concentration of 900 mM
NaCl and 0.5X PBS. The resulting mixture contained 1 µM DNA and a 2.5X molar
excess of MS. When necessary, further dilutions were performed using measurement
buffer.
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For M13mp18 titration reactions, 2 µL of the purified dsDNA (highest concentration <
0.5µM) from each sample was incubated with MS at a final concentration of 0.5 µM in
1X PBS at room temperature for 10 mins. All reactions were brought to a final salt
concentration of 900 mM NaCl and 0.5X PBS.

Nanopore fabrication, detection and analysis Silicon chips (4.4 mm) containing 25 nm
thick, free-standing silicon nitride membranes were obtained commercially (Norcada,
Inc., Alberta, Canada). In each membrane, an individual nanopore (diameter 7.5-9.0 nm)
was fabricated using a scanning helium ion microscope (Carl Zeiss Orion Plus) technique
described elsewhere32. Nanopore chips were stored in a 50% ethanol solution until use.
Directly before measurement, a chip was rinsed with deionized water and ethanol, dried
under filtered air flow, and then exposed to air plasma (30 W) for 2 min on each side
before being placed into a custom Ultem 1000 flow cell and immediately introduced with
measurement buffer on both sides. A patch clamp amplifier (Axopatch 200B) was used to
apply voltage and record current through Ag/AgCl electrodes. Each device was verified
to exhibit a steady baseline and linear current vs. voltage characteristics that
corresponded to intended pore diameter33. Current traces were collected at a rate of 200
kHz with a 100 kHz four-pole Bessel filter and analyzed with custom software, through
which an additional 25 kHz low-pass filter was applied to all data. Devices were stable
throughout the measurements, typically supporting >4000 events. An event was defined
as having amplitude above a threshold of 4.5σ and duration between 12.5 to 1200 µs.
Rate was determined by analyzing for each voltage an uninterrupted current trace of
either 150 s (for 34 bp datasets) or 370-740 s (for 23 bp datasets). Data was saved in
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increments of 3.2 s and the standard deviation of the rates was used as measurement
error. DNA measurements were performed in triplicate. We display typical results from a
single nanopore for consistency and to avoid effects of pore-to-pore variation. Additional
data is presented in Fig. S2 to demonstrate the repeatability of the measurement.
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5. Chapter 5 – Novel method to quantify mammalian 5-hydroxymethylcytosine
content and development of the demethylation pathway labeling assay
5-hydroxymethylcytosine (5hmC), an oxidized form of 5-methylcytosine (5mC) was
recently discovered in mammalian tissue. Since its discovery, research has been
conducted to identify its biological function. While 5hmC appears as a stable epigenetic
mark, it can be further oxidized by the Tet family of dioxygenases (Tet1, 2 and 3) to 5formylcytosine (5fC) and finally to 5-carboxylcytosine (5caC). 5fC and 5caC are
substrates of Thymine DNA Glysocylase (TDG), which removes these bases and the
BER pathway can replace them with unmodified cytosine forming an active
demethylation pathway. When compared to healthy cells, 5hmC content is significantly
depleted in all forms of cancers. Therefore, 5hmC quantification can be used as a cancer
screening biomarker. However, most methods that detect methylation modifications,
including bisulfite sequencing are unable to distinguish 5mC from 5hmC. Therefore,
novel methods like OxBS-Seq and TAB-Seq were recently developed that are performed
in conjunction with traditional bisulfite treatment, these methods can determine the
amount and position of 5hmC but aren’t rapid. Similarly, HPLC while being the goldstandard technique for quantification requires sophisticated equipment and prolonged
experimental runs to determine 5hmC content. Therefore, both techniques suffer from
constraints that prevent them to be implemented for regular 5hmC monitoring. We sought
to address this issue by employing our binary detection assay to selectively detect and
quantify 5hmC genomic content.
Finally, we end the chapter with a novel assay that selectively labels all cytosine
modifications involved in the demethylation pathway with a biotin-tag. Utilizing this
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method we should be able to conduct highly specific affinity purification of genomic
content containing any cytosine epigenetic modification and better understand the
dynamics of demethylation in diseased states.
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5.1. Quantifying mammalian genomic DNA hydroxymethylcytosine content
using solid-state nanopores
Abstract: 5-hydroxymethylcytosine (5hmC), the oxidized form of 5-methylcytosine
(5mC), is a base modification with emerging importance in biology and disease.
However, like most epigenetic elements, it is transparent to most conventional genetic
techniques and is thus challenging to probe. Here, we report a rapid solid-state nanopore
assay that is capable of resolving 5hmC with high specificity and sensitivity and
demonstrate its utility in assessing global modification abundance in genomic DNA.
Introduction
Since its positive identification in the mammalian genome in 20091,2, the epigenetic DNA
modification 5hmC has been the subject of intense investigation. Formed through the
action of the ten-eleven translocation (TET) family of dioxygenases, 5hmC acts both as
an intermediate in the active demethylation pathway and as an independent regulatory
element, playing an important role in cell differentiation3, development4–6, aging and
neurological disorders7,8. While positioning relative to the genetic sequence is critical5,
global levels of this modification have also been shown to be an important biomarker.
For example, overall 5hmC abundance is significantly depleted across diverse cancers in
comparison to healthy tissue9. As a result, quantification of 5hmC levels in cell-free
DNA, for instance, could be a valuable tool for minimally-invasive monitoring of cancer
initiation and progression. However, current methods for probing 5hmC either lack
sensitivity or are too expensive or time-consuming to implement for regular clinical use,
making the development of alternative approaches essential. The single-molecule
approach of solid-state (SS-)nanopores10 is an important candidate to address this
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challenge, with precision and sensitivity that make it attractive for an array of
applications that include analytical devices11 and next-generation sequencing12. In the
general approach, a nanometer scale aperture separates two chambers filled with
electrolyte solution and a voltage applied between the chambers generates an ionic
current (Figure 5-1a). The electrically-facilitated threading of molecules through the
nanopore is marked by a transient change in this current (an “event”), through which
properties of the translocating material can be obtained.

Figure 5-1 Nanopore detection of 5hmC modifications
(a) Schematic of measurement setup depicting a short biotinylated dsDNA bound by MS
translocating through a SS-nanopore (left) and an example current trace for synthetic
monobiotinylated 156 bp dsDNA measured at 400 mV (right). Scale bars are 1 nS and
250 ms. (b) 5hmC labeling scheme, consisting of glucosylation by βGT with 6-N3-Glu to
form 6-azide-b-glucosyl-5hmC and biotin functionalization by copper-free click
chemistry. Right: EMSA showing biotin-labeled mono-5hmC (lane 1) and synthetic
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monobiotinylated dsDNA (lane 2), both with excess MS. (c) Event rate vs. applied
voltage for 156 bp mono-5hmC dsDNA (550 nM) biotin-labeled at 5hmC sites both with
(red) and without (black) bound MS measured through a pore with diameter 8.5 nm.
Solid lines are exponential fits to the data. Inset shows example current traces from each
(400 mV, colors matched). Scale bars are 1 nS and 250 ms. (d) Scatter plots of mean
event dwell time vs. mean conductance change collected and accompanying histograms
for biotin-labeled mono-5hmC (red, diameter 8.5 nm) and synthetic monobiotinylated
dsDNA (blue, diameter 7.8 nm) measured at 400 mV. Faded regions represent events
below the resolution limit.
We have developed13 a SS-nanopore assay that produces significant events only
when short, double-stranded14 DNA (dsDNA) binds to a chaperone protein (monovalent
streptavidin, or MS15). Analyzed individually with a SS-nanopore of ~8 nm diameter,
neither MS nor dsDNA generate significant events (See Chapter 3). The MS is both small
and highly charged (-17.1e), owing to a covalent hexaglutamate tag used for isolation15,
and therefore passes through the pore at speeds beyond the resolution limits of
conventional electronics16. While a few reports have demonstrated detection of short
nucleic acids17–20, these have all been conducted using either SS-nanopores fabricated
specifically to do so17–19, in ultra-thin membranes or with very small diameters, or using
high bandwidth electronics to increase temporal resolution20. However, in more
conventional systems, such molecules also translocate too rapidly to be detected. In
contrast, the bulkier nucleoprotein complex interacts sterically with the SS-nanopore
walls as it passes, resulting in prolonged, resolvable events. This intrinsic selectivity
enables detection and quantification of dsDNA molecules containing a biotin moiety. We
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recently applied an extension of this assay to the detection of specific nucleic acid
sequences, including microRNAs14. Here, we extend the technique to probe 5hmC
epigenetic modifications in genomic DNA.
Results
Assay demonstration with synthetic oligonucleotides
Because our assay is selective for biotinylated DNA, arbitrary base modifications can in
principle be targeted for quantification through specific addition of a biotin linker to their
structures. To study 5hmC, we utilize a strategy pioneered by Song, et al5 that utilizes the
T4 bacteriophage enzyme β-glycosyltransferase (β-GT) to transfer a glucose moiety
specifically to 5hmC (Figure 5-1b). Through the use of a synthetic UDP-6 deoxy-6azido-α-D-glucopyranoside (6-N3-Glu), the incorporated azide group can subsequently be
used for selective biotin functionalization through copper-free click chemistry. As an
initial demonstration, we first employ the method to biotinylate a synthetic 156 bp
dsDNA containing a single 5hmC nucleotide near its end (Supplementary Table 1 [insert
appendix]), confirmed subsequently by electromobility shift assay (EMSA, Figure 5-1b,
right). SS-nanopore investigation of this material yields an increase in capture rate of
more than an order of magnitude compared to an unlabeled control (Figure 5-1c). This
observation is comparable to data collected with 156 bp dsDNA synthesized with a biotin
at the same position (Appendix A.5). We attribute the minor quantitative disparity to a
difference in pore diameter (Table 5-1 ).
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Sample Label (dsDNA)

Fig.
1a&d

Pore Diameter
(nm)
7.8

Measurement
Duration (s)
200

156 bp monobiotinylated DNA
(385 nM)
156 bp 5hmC labeled DNA (550
nM)
Monovalent streptavidin (2.5
µM)
75 bp quantification standard
Genomic DNA NP1 (475 nM)
Genomic DNA NP2 (1 µM)
Genomic DNA NP3 (475 nM)

1c-d

8.5

200

S1

8.5

520

3a
3b
3b
S7

8.3
9.3
9.1
8.6

320
512
640
806

Table 5-1 SS-Nanopore dimensions and measurement times. List of nanopore
diameters, as determined by ionic resistance, and total time duration of measured traces
for each data point in the presented measurements.
Collectively, these results demonstrate two crucial points about the assay: first, the biotin
label residing near the oligonucleotide end has the same effect as a center label13,
showing that modification position is not a major factor; and second, the bulky (605 Da)
glucose linker used here does not significantly affect detection viability, showing the
adaptability of the assay.
Having established an ability to assess 5hmC specifically with SS-nanopores, we
next apply our technique to quantify modification levels in mammalian DNA using a
methodology that is shown schematically in Figure 5-2a.
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Figure 5-2 SS-Nanopore detection of 5hmC in mouse genomic DNA.
(a) Scheme showing preparation of genomic DNA for the SS-nanopore assay. (b) Gel
electrophoresis of fragmented mouse genomic DNA (‘F’) and two low-molecular weight
DNA ladders (L1 and L2, band labels are in bp). (c) Event rate vs. applied voltage
measured for genomic DNA treated as described in (a) at total DNA concentrations co of
1 µM (red triangles) and 475 nM (red circles) in the presence of excess MS with 9.1 and
9.3 nm diameter nanopores, respectively. Black data points are a negative control of the
same material (no MS). Solid lines are exponential fits to the data.
For this investigation, we focus on genomic DNA extracted from murine brain tissue
because of the known abundance of 5hmC in functional elements of the brain1 and its
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suggested role in associated disorders8,21. The selectivity of our SS-nanopore approach
requires short dsDNA because long molecules produce signals without MS binding22.
Therefore, prior to assessment, the length of isolated whole genomic DNA must be
reduced. For this, we utilize focused ultra-sonication to fragment the DNA to an average
length of 75 bp (Figure 5-2b). We note that the variation in fragment length is
approximately symmetric with respect to the mean; since the capture rate for our assay
varies linearly with dsDNA length22 from roughly 50 to 250 bp (Figure 5-3), SS-nanopore
analysis is therefore representative of the mean substrate population. Fragmented DNA is
subsequently subjected to the 5hmC biotinylation process, purified, and measured by SSnanopore. We again observe a pronounced event rate enhancement for the labeled
material in the presence of MS at two total DNA concentrations co (1 µM and 475 nM,
Figure 5-2c) compared to the rate for a control measurement of fragmented DNA without
MS.

Figure 5-3 Event rate dependence of dsDNA length. Translocation event rate (200
mV) for synthetic monobiotinylated dsDNA constructs (1 μM) with bound MS as a
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function of length. Solid line is a linear fit to data from 75 to 250 bp. Below about 50 bp
(shaded region), an unexplained increase in rate is observed. This is the subject of further
study but does not impact the present study, which focuses on constructs above this
range. dsDNA without bound MS did not show any significant rate across the entire
investigated range of lengths.
Determining hmC content in murine genomic DNA
To validate the measurement, we finally compare our results to quantification by the
established technique of liquid chromatography-tandem mass spectrometry (LC-MS/MS).
LC-MS/MS is a widely used and exquisitely sensitive analytical procedure that can be
used to quantify 5hmC relative to unmodified cytosines (C)23. However, it is time
consuming and relies on expensive and complex instrumentation, and so achieving
similar results with a rapid, low cost system would be of tremendous benefit. To
accomplish this with our SS-nanopore assay, we implement here a simple expression for
the 5hmC/C ratio, R:
⎛
⎞
α⎜ c' c ⎟
⎝ o⎠
,
R=
2Yl

(1)

where α is the fractional cytosine content of the genome, c’ is the concentration of
€
biotinylated fragments,
Y is the biotin labeling yield, and l is the mean dsDNA fragment

length in bp. For our experiments, we take α to be 0.21 based on the G+C content of the
mouse genome24 and l as 75 bp (Figure 5-2b). The total input DNA concentration, co, is
determined by spectrophotometry. The yield, Y, for the labeling methodology has been
reported5 as high as 90%, but can vary based on experimental factors and therefore must
be determined for each sample. For precision, we use here the LC-MS/MS analysis of
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labeled and unlabeled DNA to find Y of 51% for our material. However, this variable can
also be determined through less demanding approaches, including EMSA with
simultaneously labeled synthetic oligonucleotides. Finally, the labeled fragment
concentration, c’, can be determined through comparison of experimental SS-nanopore
event rate data to a standard curve generated by measuring the rate of synthetic 75 bp
monobiotinylated dsDNA through a similar pore (Figure 5-4a).

Figure 5-4 Quantification of 5hmC content by SS-Nanopore assay.
(a) Event rate vs. concentration (400 mV) for 75 bp monobiotinylated dsDNA with
excess MS. Solid line is a linear fit to the data and shaded region represents error of fit.
Solid red lines show experimentally-derived event rate values for mouse genomic DNA,
biotin-labeled at 5hmC sites, and in the presence of excess MS, for i: NP1 (co = 1 μM,
diameter 9.1 nm) and ii: NP2 (co = 475 nM, diameter 9.3 nm). (b) Quantification of
5hmC/C ratio R determined for the values in (a) and comparison with LC-MS/MS
measurements of the same material. Error bars for nanopore measurements represent
error of the fit from (a).
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Figure 5-4b shows 5hmC/C quantification results from the two independent
measurements of different total input DNA concentrations shown in Figure 5-2c. For the
first device (NP1, co=1 µM), we find an R of 0.46 (+0.45, -0.21)%, while the second
device (NP2, co=475 nM) yields an R of 0.55 (+0.63, -0.26)%. These values compare
remarkably well to the ratio determined by LC-MS/MS of 0.56 ± 0.17%. The error in the
SS-nanopore quantifications is taken as the error of the fit to the standard curve in Figure
3a. This is a conservative estimation that we consider as larger than the uncertainty in
each of the variables from which R is derived. The error can be reduced with longer or
additional measurements of synthetic standards to minimize uncertainty. We also note
that our expression does not strictly quantify 5hmC relative to unmodified C, like LCMS/MS, but rather to total (modified and unmodified) C content. However, the low
cumulative levels of cytosine modifications, predominantly6 5mC, in mouse brain DNA
would result in a difference of <2% in R; a value that is within the error of our
measurements.
Our analysis assumes only that 5hmC is sparse- an argument that is supported
generally by its established low abundance in genomic DNA (<1% in both mouse25 and
human26 tissues). As a result, we expect that labeled DNA fragments will tend to feature
either one or zero biotins. While CpG dinucleotides are known to often reside in close
proximity to one another, forming “islands”27 that may result in multiple 5hmC on a
single fragment and potential undercounting, the characteristics of labeled genomic
fragment events are similar to those of synthetic monobiotinylated 75 bp dsDNA
([appendix ] Supplementary Fig. 6). This suggests that their respective conformations are
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comparable and the quantitative agreement with LC-MS/MS further supports the validity
of our assumption.

Discussion
SS-nanopores have been employed to detect epigenetic DNA modifications previously,
through monitoring changes in translocation dynamics associated with modificationinduced DNA structural differences28,29 and through steric labeling of 5mC with methylbinding proteins30. However, the minimum abundance of 5hmC necessary to produce
resolvable structural variation in the former case (~3%) is considerably higher than
physiological abundance and there are currently no known 5hmC-binding proteins for
measurements analogous to the latter case. Additionally, neither previous approach is
intrinsically selective, thus requiring significant analysis efforts and meticulous
interpretation of the electrical signal for differentiation.
In response, we have combined a new SS-nanopore approach for detecting
biotinylated oligonucleotides with an enzymatic technique for addition of biotin linkers to
5hmC sites, resulting in a novel assay capable of detecting and quantifying 5hmC content
in DNA. First, we established the measurement with a synthetic dsDNA substrate (156
bp), demonstrating the detection of molecules containing a single 5hmC. We then used
the approach to assess native modification abundance in genomic DNA derived from
murine brain tissue. Comparison with the established technique of LC-MS/MS showed
comparable quantification sensitivity. To our knowledge, this work represents the first
measurement of a physiologically-relevant factor in mammalian genomic DNA using SSnanopores. These results demonstrate the value of the platform in probing 5hmC
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modifications with speed and precision, suggesting its possible future use in disease
diagnostics and clinical screening. We anticipate that our approach can also be expanded
to other modifications using alternative biotin-labeling strategies31,32, offering potential
modularity and targeting of additional biomarkers types.

136

5.2. Novel strategy to label epigenetic modifications of the demethylation
pathway
(Unpublished results)
Intense research into DNA Epigenetic modifications have led to the discovery of 5hmC
and its iterative oxidative forms, 5fC and 5caC. Tet family of dioxygenases oxidize
5hmC to 5fC and further to 5caC, these modifications are substrates for TDG, a
glycosylase that cleaves these bases to generate an abasic site which is repaired by the
BER. This cycle forms the basis of the demethylation pathway that results in removing
any epigenetic marks from the cytosine base (Figure 5.2-1 a). Furthermore, its been
established that while the levels of 5hmC, 5fC and 5caC are sparse they are stable and
arise throughout the various genomic tissues. In order to probe these modifications only a
handful of methods have been developed. All methods require BS treatment and
sequencing in order to get relevant information, therefore they suffer from damaging the
target DNA significantly. Therefore, novel methods are required that can be performed
without BS treatment and can generate important biologically relevant results without
conducting whole genome sequencing, similar to 5hmC-nano-seal (see Chapter 1.4.2).
We adapted a labeling technique recently developed in our lab (Figure 5.2- 1b)
that labels damaged bases such as 8-Oxogaunine, Uracil, and Thymine: Guanine
mismatches38. Our method utilizes glycosylase repair enzymes that selectively recognize
these damaged bases and cleave them leaving an abasic site, subsequent treatment with
an endonuclease primes the phosphate backbone to generate a 3’ OH group38,39. A gap
filling mutant T4 polymerase that lacks 3’-5’ exonuclease activity (exo -) is introduced
along with a 1biotinylated dNTP that can pair with the base present across the abasic site
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(for eg biotinylated cytosine is used to treat a G:T mismatch). The technique is modular
since we can address damaged bases, as selective glycosylases are available to repair
them within the BER pathway enzymes.

Figure 5-5 Demethylation pathway and labeling assay schemes (a) A schematic of the
active Cytosine demethylation pathway. (b) A cartoon representation of the labeling
protocol to replace damaged bases with a biotin tag, each step describes a treatment with
a different enzyme. (c) A schematic demonstrating the adaption of the labeling scheme to
target and label each Cytosine DNA epigenetic modification (blue, orange, green and red
depict 5mC, 5hmC, 5fC and 5caC, respectively).
Recently we demonstrated selectively repair of U: G, 8-OxoG, T: G and 1,N6ethenoadenine, an analog of methyladenine using this approach. In the case of T: G
mismatches we employed the Thymine DNA Glycosylase (TDG), interestingly TDG’s
substrate include fC and caC as well40–42 , these bases are cleaved by TDG and are
replaced with C forming the basis of the active DNA demethlylation pathway (Figure
5.2-1 a). We hypothesized that we could address all four Cytosine epigenetic
modifications using our novel-labeling assay38 with slight modifications. Since TDG
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works on either 5fC or 5caC, essentially we would follow the same protocol developed to
address T:G mismatches shown in Figure 5.2- 1b, i.e. (i) cleavage of 5fC or 5caC base
leaving an abasic site (ii) introduce AP endonuclease 1 (APE1) to disengage TDG from
the dsDNA molecule (iii) treatment with Endonuclease IV (ENDO IV) in order to cleave
the phosphodiester backbone 5’ to the abasic site, generating a 3’ OH (iv) addition of a
biotinylated cognate base by T4 polymerase (exo-). Its important to use a gap filling
polymerase with no 3’-5’ exonuclease activity otherwise the polymerase can possibly
remove the biotin base or misincorporate it at a non-specific site We performed these
labeling steps on FAM-labeled oligonucleotides containing either an 5fC or 5caC
modification, Figure 5-6b shows when treated with TDG-WT, as expected the bases are
cleaved off leaving a 22 nt strand (all modifications were designed to be the 23rd base).
Subsequent treatment with T4 polymerase (exo-) in the presence of bio-dNTP, the band
shifts up, indicating that the biotinylated base has replaced the epigenetic modification.
Since TDG-WT acts on both 5fC and 5caC, we cannot differentiate between them. To
distinguish 5fC and 5caC we utilized another form of TDG, a TDG N191A mutant42
(TDG-102 Mut) that cleaves 5fC exclusively and is inactive on 5caC. We successfully
demonstrated selective labeling of these two modifications in Figure 5-6b, TDG-WT
works on both 5fC and 5caC as described above. As anticipated when the two substrates
(5fC or 5caC) were treated with TDG-102 Mut, only the target DNA strand containing
5fC is labeled where as 5caC remains unaffected, as observed in Figure 5-6b.
Conducting these two types of reactions in tandem on a single sample, would allow us to
select for fragments that are 5fC or 5fC+5caC labeled. Subtracting the 5fC content from
the sample labeled for both 5fC+5caC would give us information on the 5caC content.
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To address 5mC and 5hmC, the modifications need to be converted to either 5fC
or 5caC, in order to achieve this we employed one of the Tet family of enzymes that
conduct step-wise oxidation of 5mC (or 5hmC) to 5fC and finally to 5caC. We utilized a
truncated form of human Tet2 protein, the Tet2 crystal structure (Tet2-CS, residues
1129–1936) consisting the main regions that interact with DNA and are necessary for its
catalytic activity44,45. We treated DNA substrates containing either 5mC or 5hmC by
Tet2-CS and immediately subjected them to the labeling process with TDG-WT that
allowed us to tag 5mC and 5hmC modifications as well (Figure 5-6a). In order to
differentiate between the two, 5hmC substrate was pre-treated with β-GT and regular
UDP-glucose, this covalently attaches UDP-glucose to 5hmC, thereby preventing its
oxidation to 5caC by Tet2-CS. Therefore, any sample treated with β-GT will result in
oxidation and labeling of 5mC while 5hmC will remain protected, as can be observed in
Figure 5-6b (far right), no shift in the band is observed for 5hmC through every step of
the labeling process.
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Figure 5-6 Denaturing gel analysis of demethylation pathway labeling assay.
(a) Denaturing gel results demonstrating labeling of 5mC and 5hmC base modifications.
The hmC modification results are represented by two gels, the dataset demonstrating no
shift of bands (far, right) indicates 5hmC modification was blocked by pretreatment with
UDP-glucose. (b) 5fC and 5caC labeling results, wherein the first and second gel
represents treatment of each modification with WT TDG or N191A MUT TDG (referred
in the key as TDG 102), respectively. The key at the bottom of the gels represents the
enzymes (not in order of treatment protocol) used in the whole labeling schematic, and
the x refer to whether that particular enzyme was used in the treatment for that particular
base modification.
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We realize each labeling pathway (total of four) has to be conducted in tandem in order to
get a comprehensive analysis of each type of modification. However, these proof-ofprinciple measurements demonstrate a novel epigenetic labeling assay capable of tagging
all cytosine epigenetic modifications. Furthermore, since it's an affinity labeling
technique, it should be able to focus on regions that contain the epigenetic modifications,
unlike most other techniques like TAB-Seq, OxBS-Seq and redBS-Seq, that treat the
entire genome and then have to conduct whole-genome sequencing. Our assay is
essentially similar to nano-hmC-Seal the only biotin based affinity assay developed
demonstrated ability to tag and get pertinent differential expression profiles of 5hmC
gene body regions of genomic DNA46. The method was recently used to demonstrate
selective hmC gene expression profiles from liquid biopsies of patients suffering from
different forms of cancer. The authors also demonstrated the 5hmC gene content in liquid
biopsies is identical to cancer genomic DNA isolated from tumor biopsies and can be
used as a strong predictive biomarker for different types of cancers. However, the latter
method only addresses 5hmC, whereas, ours demonstrates the potential to address all of
the cytosine epigenetic modifications.

Methods
Biomolecule preparation Synthetic dsDNA oligonucleotides (156 bp or 75 bp) containing
either a single 5hmC or biotin modification were prepared by PCR using a modified
primer (Table 5-2) and genomic bacteriophage Lambda DNA (New England BioLabs,
Ipswich, MA) as a template.
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Oligonucleotide
Biotinylated Reverse Primer
5hmC Reverse Primer
156 bp Forward Primer
75 bp Forward Primer
FAM mC
FAM hmC
FAM fC
FAM caC
Epi Complement

Sequence (5’à 3’)
CAGTTGAGGATCCCCATAATBGCGGCTGTTT
TCTG
CAGTTGAGGATCCCCATAATGhmCGGCTGT
TTTCTG
AACAACTGTTTCAGCCACTGCTTC
GCAGCCGGACGTGAACGCGCAG
CAGTTGAGGATCCCCATAATGmCGGCTGTT
TTCTG
CAGTTGAGGATCCCCATAATGhmCGGCTGT
TTTCTG
CAGTTGAGGATCCCCATAATGfCGGCTGTTT
TCTG
CAGTTGAGGATCCCCATAATGcaCGGCTGTT
TTCTG
CAGAAAACAGCCGCATTATGGGGATCCTCA
ACTG

Table 5-2 Oligonucleotide sequences. Sequences used for PCR of synthetic DNA
constructs using Lambda DNA as a template. TB signifies biotinylated thymine and
sequences used for epigenetic labeling protocol. Cytosine modifications are highlighted
in red.
Following the PCR reaction, dsDNA products were purified using QIAquick purification
kit (Qiagen, Inc., Valencia, CA) and eluted in pure deionized water (EMD Millipore,
Billerica, MA). PCR products were quantified with a NanoDrop 2000 spectrophotometer
(Thermo Fisher Scientific, Waltham, MA). All synthetic oligonucleotides were obtained
commercially (Integrated DNA Technologies, Coralville, IA), suspended in deionized
water to a stock concentration of 200 μM, and stored at -20° C prior to use. All PCR and
annealing products were confirmed by gel electrophoresis, wherein samples were loaded
on a 2.5% agarose gel prepared in 1X TBE with GelRed nucleic acid stain (Phenix

143

Research Products, Candler, NC) and imaged using a Gel DocTM system (BioRad,
Hercules, CA).

5hmC labeling reaction 5hmC sites were labeled following the protocol developed by
Song et al. The labeling reaction was performed at total concentrations of 50 mM HEPES
buffer (pH 7.9), 25 mM MgCl2, 1mM DDT, 250 μM UDP-azide-gluocose, 0.5 μM of T4βGT, and 100 ng/μL DNA (either synthetic hmC oligonucleotides or fragmented mouse
genomic DNA) and incubated at 37° C for 2 hours. Subsequently, 350 μM sulfodibenzocyclooctyne-biotin was added to the solution and incubated at 37° C overnight.
The labeled DNA samples were then purified using QIAquick purification kit and eluted
in pure deionized water. Reaction components were taken from the Hydroxymethyl
CollectorTM Kit (Active Motif, Carlsbad, CA) except T4-βGT, purchased from New
England BioLabs, and sulfo-dibenzocyclooctyne-biotin purchased from Sigma-Aldrich
(St. Louis, MO).

Mouse genomic DNA preparation Mouse genomic DNA (1 μg/μL) extracted from brain
tissue was obtained commercially (Zyagen, San Diego, CA) and stored at -20° C prior to
use. Sample fragmentation was performed by suspending 10 μg of genomic DNA in pure
deionized water to a final volume of 50 μL in a microTUBE AFA fiber snap-cap
(Covaris, Woburn, MA) following by shearing with a Covaris S220 focusedultrasonicator operated at the following settings: peak incident power = 175 W; duty
factor = 10%; cycles per burst = 200; total treatment time = 280 s. Fragment length was
confirmed by gel electrophoresis on 4% agarose gel as described above. For control
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material, fragmented genomic DNA was purified immediately using QIAquick
purification kit (Qiagen, Valencia, CA), eluted in pure deionized water, and stored at -20°
C prior to nanopore measurement.

Electromobility shift assay (EMSA) Synthetic monobiotinylated or biotin-labeled mono5hmC dsDNA (156 bp, 0.3 μM) was incubated in 1X PBS with 1.5 μM MS for 10 min at
room temperature. Samples were subsequently loaded on a 2.5% agarose gel with GelRed
nucleic acid stain for visualization and run in an ice bath to prevent excessive diffusion of
bands during migration. Imaging was performed as described above.
Binding reaction incubation MS, a 54.5 kDa mutant streptavidin variant (SAe1D3)
containing a single biotin-binding site, was supplied by the Howarth lab (Oxford
University). For all experiments, 2.5 μM MS was incubated at molar excess with DNA
target in 1X PBS buffer for 10-15 min at room temperature. After incubation the mixture
was brought to a final salt concentration of 900 mM NaCl and 0.5X PBS.

Nanopore fabrication, detection and analysis 4.4 mm silicon chips containing a 25 nm
thin free-standing SiN membrane were obtained commercially (Norcada, Inc., Alberta,
Canada). In each membrane, an individual nanopore 7.8-9.5 nm in diameter was
fabricated with an Orion Plus helium ion microscope (Carl Zeiss, Peabody, MA) using a
technique described elsewhere. Following fabrication, chips were stored in 50% ethanol
solution until use. Before measurement, a chip was rinsed with deionized water and
ethanol, and dried by filtered air. After exposure by air plasma (30 W) for 2 min on each
side, the chip was placed in a custom Ultem 1000 flow cell and measurement buffer was
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added immediately to both sides. Voltage was applied and current measured through
Ag/AgCl electrodes using an Axopatch 200B patch clamp amplifier (Molecular Devices,
Sunnyvale, CA). Pores were verified by measuring linear IV characteristics with a steady
baseline and resistance commensurate with intended diameter. Current traces were
collected at a rate of 200 kHz with a 100 kHz four-pole Bessel filter and analyzed with
custom software, with which an additional 25 kHz low-pass filter was applied to all data.
An event was defined as having amplitude above a threshold of 4.5σ and duration
between 12.5 to 2400 μs. Below the temporal resolution limit (c.f. Fig. 1d), event metrics
may be skewed but can still be identified as events. Rate was determined by measuring
uninterrupted current traces of identical time durations for each data set (See
Supplementary Table 2 for details). Data was saved in increments of 3.2 s and the
standard deviation of the rates was used as measurement error.

Liquid chromatography-tandem mass spectrometry DNA was boiled at 95° C for 5 min
and digested by 1 U nuclease P1 (Wako Chemicals, Richmond, VA) in 25 µl of buffer
containing 10 mM NH4OAc (pH 5.3) at 42°C overnight. Next, NH4HCO3 (1 M, 3 µl) and
0.001 U venom phosphodiesterase (Sigma) were added and incubated at 37 °C for 2 h
before a final treatment with 0.5 U alkaline phosphatase (Sigma) at 37 °C for 2 h. After
the digestion steps, samples were diluted to 50 µl and filtered (0.22 μm pore size, 4 mm
diameter; EMD Millipore), and 10 µl of the solution was injected into LC-MS/MS for
analysis. Nucleosides were separated by reverse phase ultra-performance liquid
chromatography on a C18 column (#927700-902; Agilent Technologies, Santa Clara,
CA) at 35 °C with on-line mass spectrometry detection using an Agilent 6410 QQQ
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triple-quadrupole LC mass spectrometer in positive electrospray ionization mode. Soluble
phase A was dionized water with 0.1% formic acid and phase B was methanol with 0.1%
formic acid. The nucleosides were quantified by using the nucleoside to base ion mass
transitions of 228 to 112 (C) and 258 to 142 (5hmC). Quantification was performed by
comparison to a curve obtained with pure nucleoside standards running on the same batch
of samples. The 5hmC/C ratio was calculated based on the calibrated concentrations.
TDG Protein Expression from E. coli
We followed a protocol adapted by Liu et al.47 from earlier work43 with minor
modifications. Expression plasmids for both human WT and mutant N191A TDG were
transformed into BL21(DE3) cells and grown in 1 L LB broth at 37 °C. Once the cultures
reached OD600 = 0.6, they were gradually cooled to 16 °C, induced with 0.25 mM IPTG
and grown overnight. Cells were harvested by centrifugation, resuspended in 20 mL of
TDG lysis buffer (50 mM sodium phosphate, pH 8.0, 300 mM NaCl, 25 mM imidazole)
with protease inhibitors, and lysed by two passes through an EmulsiFlex-C5. The lysate
was cleared by centrifugation at 20 000 g for 20 min, loaded onto a 1 mL column of
HisPur cobalt resin (Fisher Scientific) equilibrated with TDG lysis buffer, and bound by
two applications of the lysate to the column under gravity flow. The column was washed
with 20 mL of TDG lysis buffer and subsequently eluted in 1 mL aliquots by a linear
gradient of 100–500 mM imidazole. Elutions were analyzed by SDS-PAGE, and
fractions containing the protein were pooled and dialyzed overnight at 4 °C against TDG
storage buffer (20 mM HEPES, pH 7.5, 100 mM NaCl, 1 mM DTT, 0.5 mM EDTA, 1%
v/v glycerol). Dialyzed proteins were concentrated using 10 kDa MWCO centrifugal spin

147

filter columns. The final TDG concentration was determined with the Bio-Rad Protein
Assay, and aliquots were stored at −80 °C prior to use.

APE1 D308A Protein Expression
APE1 D308A plasmid (provided by the Demple Lab, Stony Brook University) was
transformed into BL21*(DE3) cells and grown in 1 L LB broth at 37 °C. After bacterial
cell cultures reached OD600 = 0.6, expression was induced with 0.5 mM isopropyl β-dthiogalactopyranoside (IPTG). The cultures were then incubated for another 90 min
before being harvested by centrifugation, resuspended in 50 mM HEPES-KOH (pH 7.5),
100 mM KCl, 1 mM EDTA, 0.1 mM DTT, and 10% (v/v) glycerol, and lysed by two
passes through an EmulsiFlex-C5 (Avestin, Ottawa, Canada). The lysate was cleared by
centrifugation at 20 000 g for 20 min, loaded onto a 15 mL SP Sepharose column (GE
Healthcare, Pittsburgh, PA), and eluted with a linear gradient of 100–750 mM KCl and
elutions were analyzed by SDS-PAGE. Fractions containing the protein were pooled and
dialyzed overnight at 4 °C against APE1 storage buffer (50 mM HEPES-KOH (pH 7.5),
200 mM KCl, 1 mM EDTA, 0.1 mM DTT, 10% (v/v) glycerol) and concentrated using
10 kDa MWCO centrifugal spin filter columns (EMD Millipore, Billerica, MA). The
final protein concentration was determined with the Bio-Rad Protein Assay (Bio-Rad),
and aliquots were stored at −20 °C prior to use.

TET reactions in vitro.
Custom

34

base

5’-FAM

labeled

(Sequence:

CAGTTGAGGATCCCCATAATGXGGCTGTTTTCTG, X = mC, hmC, fC or caC) was
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annealed to a complementary sequence (containing an unmodified CpG across the target
base substrate) by mixing both at an equimolar ratio, incubating in deionized water at 95
°C for 10 min, and cooling to room temperature over 1 h. A mixture of 55 nM duplexed
DNA (containing either mC, hmC or hmC-UDP blocked) was suspended in a final buffer
concentration of 50 mM HEPES, pH 6.5, 100 mM NaCl, 1 mM α-ketoglutarate, 1 mM
DTT, and 2 mM sodium ascorbate was pre-warmed to 37 °C. Immediately before the
reaction, fresh ammonium iron(II) sulfate (Sigma) was added to 75 μM and TET2-CS
[cite] was added to a final concentration of 54 ng/μL in reaction volumes of ~60-70 μL.
After incubation at 37 °C for 1 hour, the reactions were terminated by the addition of 2
units Proteinase K (New England Biolabs, Ipswich, MA) and incubated in the water bath
for another 15 mins. Reaction products were purified using the QIAquick Nucleotide
Removal Kit (Qiagen, Valencia, CA), eluted in LC–MS grade H2O, quantified with
NanoDrop 2000 spectrophotometer (Thermo Fisher Scientific, Waltham, MA) and stored
at -20 °C until further use.

Epigenetic Labeling
Custom 34 nt oligonucleotides with a 5’ FAM (sequence: Add sequence X, where X is
either fC or caC) was annealed to a complementary sequence by mixing both at an
equimolar ratio, incubating in deionized water at 95 °C for 10 min, and cooling to room
temperature over 1 h. Duplex DNA samples containing either Tet2-CS oxidized (mC,
hmC and hmC-UDP blocked) or unmodified fC and caC substrates were incubated with
WT hTDG43, at a final concentration of 95ng/μL, 40 fg of APE1 (D308A mutant48), 1 μg
of BSA, in 1× HEMN.1 buffer (20 mM HEPES (pH 7.3), 100 mM NaCl, 2.5 mM MgCl2,
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0.2 mM EDTA) in 40 μL reaction volumes at 37 °C for 1 h. The mixture was purified
with a QIAquick nucleotide removal kit. Then, 40 U of EndoIV and 1 μg of BSA were
added to a total volume of 30 μL in 1× NEB2 buffer and incubated at 37 °C for 30 min.
1.5 nmol of biotinylated dCTP (PerkinElmer, Waltham, MA) and 0.12 U of T4(exo-)
were added to a final volume of 40 μL in 1× NEB2 buffer, and the mixture was further
incubated at 37 °C for 30 min. Finally, the mixture was subjected to a second purification
to remove proteins and excess nucleotides. To demonstrate labeling selectivity between
fC and caC, DNA substrate containing unmodified fC or caC were both treated with
hTDG N191A42 mutant instead of WT at identical buffer and protein concentration
reaction conditions mentioned above.
Gel Electrophoresis
To prepare the denaturing gel, 70 mL of 23% gel matrix (22% acrylamide, 1% bisacrylamide, 7 M urea in 1× tris/borate/EDTA (3:1:1) (TBE) buffer), 240 μL of 25%
ammonium persulfate, and 42 μL of tetramethylethylenediamine were mixed thoroughly.
The gel mixture was cast and allowed to polymerize for 30 min before running samples
with dye in 1× TBE (3:1:1) at 55 W for 90 min. Labeling yields were approximated by
measuring product band intensity relative to intermediates in the final lane using ImageJ
analysis software49.
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Appendix
A.1. Fabrication of Nanopore devices using Helium Ion Microscopy
Loading the Chips:
•

For nanopore fabrication there is specific sample holder that needs to be used.

•

Use gloves for the entire process. Place chips (pit side facing down) and making

sure they are placed such that the pit side is in the center (therefore the etched window is
in the center)
•

Once the chips have been placed on the sample holder and the sample holder is all

ready to be used, place the entire holder along with the chips into a plasma cleaner to
remove any organic impurities. The plasma cleaner is located in the ‘Sample Prep’ room
down the hall from the HIM room. When using the plasma cleaner, first place the sample
holder into the cleaning chamber, turn on the power strip switch (which supplies power to
the plasma cleaner and the vacuum pump). There are two gas cylinders (Argon and
Oxygen, respectively) placed next to the cleaner that are connected to it. Turn on the
main gas valve for the oxygen tank, make sure NOT TO TOUCH the external pressure
gauges and valves that control the gas supply to the plasma cleaner, that are all at ideal
settings. Press the vacuum button on the plasma cleaner, it will place the cleaning
chamber under vacuum, watch the gauge and make sure it drops to around 300 mTorr,
turn on the button for the oxygen supply, there will sudden increase in the gas pressure,
turn the oxygen supply button off watch until the pressure gauge drops again down to
around 200-300 mTorr and turn it the oxygen supply again, this is to purge the cleaning
chamber and ensure it mainly contains oxygen and all atmospheric gas has been removed.
Finally keep the oxygen supply button on, and you will notice the pressure gauge will
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have a reading of 200-250 mTorr, as soon as the chamber reads 250 mTorr, set up the
time duration that you would want treat the sample under plasma (ideally in the range os
3-5 mins) and turn on the RF power supply, you will notice the chamber will light with a
‘bright white light’ indicative of an oxygen plasma. Once the plasma treatment duration
is over, the RF power supply will shut off automatically, turn off the oxygen supply
button, turn off the vacuum pump button, and turn on the chamber vent button. Once the
chamber is vented, you will be able to open the sample chamber and can remove the
sample holder from the chamber. Turn off the vent button, turn off the plasma cleaner,
close the oxygen valve and turn off the main power strip.
•

Place the sample holder in the loading chamber. The sample holder base has

grooves that match the instruments ‘arm’ on which the holder rests. This looks like ‘Y’,
when placing the holder into the chamber on the arm be careful to before placing the
holder that these align perfectly and place the holder gently onto the arm (prevent any
quick movement/jostling of the holder) as it may mis-align the chips.
•

Close the load chamber

•

The load sample window on the instrument should already be up, click on ‘load

sample’, next option is to clean the sample with plasma. Use short cycle, cleaning
generally since the chips and the sample holder is clean post plasma treatment, however
to remove any contaminants that may have been introduced during the time the sample
holder was removed from the plasma cleaner and placed into the HIM.
Imaging & Fabrication:
•

In the mean time that the sample is loading, we can upload the image of the

sample holder, this is used as a reference to manipulate the stage.
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•

‘STAGE MOTION’ tab on the bottom right of the screen (click), there is a tiny

tab ‘A square tab with a Circle in the center’ select that. It brings up the window and in
there choose the ‘load image’ tab, we need to browse through the Adam H folder and
choose the folder ‘Holder images’, choose the sample image ‘holder_top.jpg’. Align
image.
•

Once the sample is done loading, we need to manipulate the stage and bring it

close enough to the aperture. For that we need to move the stage in the Z axis therefore
make sure that only the Z axis box is checked while the others are unchecked (X, Y, R, &
tilt). Also make sure ‘Relative’ is unchecked when you enter the number (mm) you want
the stage to move to. For this particular holder 26-28 mm is ideal. (Can also ‘STOP’ the
stage motion at any time to prevent crashing of the sample holder into the
detector/aperture.
•

At this stage the trimer should be formed and therefore we can go in straight

ahead and start the fabrication process. Make sure the instrument is operational:
i) ‘System Operating Mode’ → drop down menu & click on ‘Operating’
ii) Check everything is operational: click on all the tabs on the bottom left hand side of
the program → Green on the “Column Control”
iii) Bottom right hand side → choose ‘Primary’ see everything is functional, ‘Control tab’
at top & “detector”.
iv) Check the trimer → to see that if the trimer is fine: Click on ‘Column Control’ tab →
Mode → SFIM allows to observe/image trimer. Similarly in the ‘Basic Controls’ tab →
view mode → choose either ‘Sample’ or ‘Source’ → source will allow to observe trimer.
If the ‘cross-hair’ is not perfectly aligned to the center of the brightest atom. Turn on the
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‘Beam Tilt’ option on the main panel and use the two knobs to align the cross hair to the
center of the atom. USE ONLY FOR MINOR ADJUSTMENTS
•

Pause the beam and check if the Blanker Current is at least 5 – 5.5 pA. This is the

ideal current we need for milling/pore fabrication. If the current is lower than that, in
order to increase it:
i)

Under ‘BASIC CONTROL’ Select the ‘Spot Control’ drop down tab, reduce the

number and that will increase the ‘Blanker Current’ NEVER REDUCE THE SPOT
CTRL number TO 3 or BELOW
ii)

Can also increase the ‘He ion pressure’ make sure the exponent is correct (in the -

7 to -6 range)
•

Focus on a tiny feature on the metal surface, ideally a feature that is extruding out

of the surface and is also ‘circular’ (helps in adjusting the beam stigmation):
i.

Under Basic Controls, select ‘Enable Wobble’, make sure the number is + 0.001.

Click on the ‘Beam Align’ tab on the main panel and Use X & Y stigmators dials to
adjust image formation (technically adjusting the shape of the beam). Adjust only in one
axis X or Y and then move on the next axis until the image that’s formed makes it look
like the feature is only pulsing and not diagonally moving across in either direction. Turn
off ‘Beam align’ and ‘Enable Wobble’
ii.

Align Stigmators once again focusing on a feature (zoomed in) → adjust

stigmation by X then Y dials and then use Focus to adjust focus (multiple times, at least
twice) to make sure the beam is perfectly aligned and circular and the focus is perfect too.
Patterning:
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•

Column Control → FOV (field of view) to bring up the window to adjust the

focus which in turn aligns it with the image pixels use for patterning.
•

Before focusing on the chip, try on the metal surface, click in the FOV tab and

zoom into the metal surface to 400nm by typing in 0.4. On the bottom left of the of the
user interface app there are an array of functions, click drop down menu of the first tab,
and select ‘Spot Mode’. Leave it for 5 to 6 secs, it should form a circular pit (etches
material away), click back on ‘Continuous’ tab and try to get best focus using the focus
knob on the main panel.
i.

Pattern tab on the bottom left of the program screen. Click on pattern type, browse

and choose ‘FS_modified – 5x5 array’, repeat should be 1 (that is beam raster), increase
the dwell time to 1000 usec, go to FOV (Field of View) 0.512nm, (a) Pattern, then reduce
the rate of image capture slightly (i.e. increases beam exposure time) (1 or 2 clicks
clockwise), click the grab tab on the control panel of the instrument, to take an image.
The patterns should look circular if they aren’t, move over to a new spot on the surface
by double clicking on the edge of the screen couple of times to move the stage over.
Adjust the focus by a few clicks either (clockwise or counter clockwise0 count the
number of clicks to know exactly how much you've adjusted, the pattern may look worse
and therefore you might have to either go back to original spot or readjust from the there
again. Repeat steps from (i) (a) until the patterns look circular.
ii.

Move on the chip surface, find the SiN window (should appear as a tiny dark

black square), repeat earlier mentioned steps along the edge of the window in (i) (make
sure you are far enough from the window so as to not accidently expose the beam to it
and thereby rendering the device useless) and once the patterned circles appear to be
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round and ideal for pore fabrication choose the pattern type for fabrication of the pore.
That is either ‘single shot fabrication’ method, that refers to pattern ‘One dot-One pixel’
in the ‘Patterns folder’ or if you’d like to make a nanopore with multiple exposures by
rastering the beam over a region multiple times in discrete steps until total desired dose is
reached to fabricate a nanopore i.e. commonly referred to as ‘Fill fabrication’ method. In
that case depending on the desired nanopore diameter, go into the ‘Pattern folder’ and
choose either: ‘6nm Fill’, ‘8nm Fill’, ‘10nm Fill’ or any other desired nanopore diameter
pattern.
iii.

Calculate out the dose for the desired diameter using the ‘calibration curve’ for

that particular chip batch. Once the pattern has been loaded (filled circle or single shot
pattern) depending on that adjust the ‘number of repeats’ or the ‘dwell time’ to
match/obtain the total calculated dose. For example, in the case of ‘single shot’
fabrication mode, your exposure repeats should be 1 and in that case adjust the dwell time
to achieve the desired total dose you’d like to use. For the ‘Fill’ method, switch the repeat
number to 10, and then adjust the dwell time to reach the total desired dose.
iv.

Zoom out from the surface to about 20uM using FOV and then move the cross

hair into the center of the chip window. Use the fastest rate to ‘grab image’ to make sure
you are in the center of the chip window → Zoom into 0.512 uM using the FOV and then
click on pattern.
v.

Move on to the next chip and repeat the steps from step i for patterning

Unload the samples once the fabrication is complete. Select ‘Sample’ tab on the top left
of the screen, it should only you to choose ‘Unload Sample’, click on that and you will
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have to wait until the sample holder is unloaded. Go ahead and remove the sample from
the sample exchange chamber. Once you are done make sure sample load-dock is under
vacuum at the end, the program will prompt to ask ‘Leave Load Dock Vented’ or
‘Pump Load Dock’ choose ‘Pump Load Dock’ even if you have to continue using the
instrument for fabricating another batch of pores. The time duration for you to unload
your fabricated chips and then remount another set of devices will take considerable time.
That can cause the instrument to be in a state where it takes a significant period of time to
pump out the load dock (for you second set of samples >20-30mins) to reach to a
pressure level where it can actually interact with the main instrument chamber (at
extremely low pressure) to drop off your sample holder. Furthermore, if you forget to
Pump the load dock it can introduce impurities into the instrument chambers that can
affect the instrument performance. Finally, make sure the ‘System Operating’ mode is in
Standby before you leave the room.
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A.2. Chapter 2 - Interpreting the Conductance
Translocations Through Solid-State Nanopores

Blockades

of

DNA

Figure A2- 1 Scatter plots of blockade events. Event depth (ΔG) vs. dwell time (Δt) for
all recorded events at each voltage (same data as shown in Fig. 1c of the main text).
Shaded regions correspond to the three interaction types described in the text, with the
same color scheme as in Figs. 1 and 3. Events consisting of multiple levels reside
between the shaded regions.

Figure A2- 2 Geometric model of lateral blocking of SS-nanopore. Schematic of
dsDNA (blue) laying laterally across a SS-nanopore (area enclosed by black circle). The
areas shaded in purple represent the remaining accessible area of the blocked nanopore.
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S2. Geometric expression of DNA blocking a SS-nanopore laterally The unoccluded area
of the laterally-blocked SS-nanopore is composed of two segments of the circular pore,
defined by the intersection of the dsDNA with the pore circumference (purple shaded
regions in Fig. S-4). The area of one such segment, Aseg, can be expressed geometrically
as
Aseg = Aarc − 2AT ,

Eq. S-1

where Aarc is the area of the sector ABC and AT is the area of one of the two right
€ defined by the same three points (blue regions in Fig. S-4). In terms of the
triangles

known experimental quantities (nanopore diameter, dp, and dsDNA diameter, dDNA), Aarc
can be written as

Aarc

d p2
d p2 ⎛ −1⎛ dDNA ⎞⎞
⎟⎟⎟⎟ .
= θ = ⎜⎜cos ⎜⎜
4
4⎝
⎝ d p ⎠⎠

Eq. S-2

Line segment a at the base of the two right triangles is defined as ½(dp2-dDNA2)½, and so

€ be expressed as
AT can
AT =

1
2
dDNA d p2 − dDNA
8

(

)

1

2

.

Eq. S-3

Treating the unoccluded area of the laterally blocked pore as a circular region of area Ap*
€
and diameter
dp*, we can write

⎛d ⎞ 1
d p2
π *2
2
A = d p = 2Aseg = cos −1⎜⎜ DNA ⎟⎟ − dDNA d p2 − dDNA
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Eq. S-4

and therefore
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Eq. S-5

Figure A2- 3 Shallow-level dwell time distributions for two-level events. Normalized
dwell time distributions for the first (non-translocative) level in two-level events
measured at 250 (black), 300 (red), 350 (green) and 400 mV (blue), respectively. As
applied voltage rises, the dwell time distribution narrows and the mean dwell time is
reduced. Inset highlights the section considered (black region in trace).
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Figure A2- 4 Proposed mechanism of local counterion depletion by field
polarization. Schematic representation of proposed counterion configuration (red)
surrounding DNA (blue) during translocation at low, medium, and high voltage (i.e.
electric field). DNA is shown sequentially before entry (a), during entry (b), fully
threaded (c), exiting (d) and fully ejected (e). As field strength increases, polarization
causes depletion of counterions local to the sensing region (dashed lines); the buildup of
charge outside this region preserves electroneutrality in the system as a whole. We note
that this model suggests a significant increase in counterion density at the trailing end of
the DNA (d), but this effect would be difficult to resolve experimentally due to temporal
limitations8.
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Figure A2- 5 Estimation of local counterion density on dsDNA at zero field.
Fractional counterion density β vs. applied voltage for both the 1 M KCl data (a) and the
1 M NaCl data (b) from Supplementary Reference 1. β is adjusted in our model to
account for the shifting ΔG in the data, yielding a sigmoidal relation. The low-voltage
limit appears to fall at about 0.28 for 1 M KCl and about 0.45 for 1 M NaCl. The latter is
near the NaCl data from the main text (Fig. 4), which yields a limit of roughly 0.57. The
deviation may result from lower ionic strength used in our experiments (900 mM)
compared to these data. Dashed lines are Boltzmann sigmoidal fits.
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Figure A2- 6 Application of model interpretation to measurements in low ionic
strength solvent. Purple circles are data for 0.1 M KCl from Supplementary Reference 1.
The shaded region represents conductance increases. The dashed line is the value
predicted from our model for β=0. Black circles represent expectations from the model
with β ranging from 0.22 to 0. Adjusting β with applied voltage based on a Boltzmann
sigmoidal fit to the experimental data, we demonstrate that, in spite of quantitative
disagreement with the experimental saturation level (~0.5 nS), the model captures a
major qualitative feature of the low-ionic strength data: a switch from conductance
blockades to enhancements as voltage is reduced.
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A.3. Chapter 3 - Selective detection and quantification of modified DNA with
solid-state nanopores

Figure A3- 1 Voltage dependence of scatter plots. Conductance blockage vs. dwell
time for events measured at a stoichiometry of 1:1 (MS:bio90) and across a range of
applied voltage (indicated at upper right of each plot). Total numbers of events
considered are 332 (a), 1852 (b), 1129 (c), and 2193 (d). The faded population at the left
of each plot represents events with duration below the resolution limit (25 µs). The ∆G
histogram profile change may indicate multiple conformatios of the MS-bio90 construct
during translocation at higher voltage.

Figure A3- 2 Voltage dependence of MS-bio90 translocations. The normalized
abundance of MS-bio90 dwell times, plotted from the resolution limit of 25 µs up to 2 ms
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(from the upper histograms in Supplementary Figure 2). Data displayed (T-B) are for
applied voltages of 50 mV (grey squares), 100 mV (cyan circles), 150 mV (blue upward
triangles), and 200 mV (magenta downward triangles), respectively. Solid lines are
exponential fits to the (log-normal) data, demonstrating that event durations decay faster
as applied voltage increase.

Figure A3- 3 Stoichiometry dependence of scatter plots. Conductance blockage vs.
dwell time for events measured at an applied bias of 200 mV and across a range of
stoichiometries (indicated at upper right of each plot). Total numbers of events
considered are 139 (a), 521 (b), 816 (c), 642 (d), 2193 (e), 1528 (f), 982 (g), and 1652 (h).
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The faded population at the left of each plot represents events with duration below the
resolution limit (25 µs).

Figure A3- 4 Control measurements on non-biotinylated dsDNA. Measured event rate
vs. applied voltage for MS mixed with non-biotinylated 95 bp dsDNA at a molar ratio
(MS:DNA) of 4:1 (red stars). The mixture of MS and non-biotinylated DNA yields an
extremely low event rate, more than an order of magnitude lower than bio90 mixed with
MS at the same ratio (blue) and equivalent to that of bio90 with no added MS (grey).
Solid lines are linear fits to the data.
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A.4. Chapter 4 - Sequence-specific recognition of microRNAs and other short
nucleic acids with solid-states nanopores

Figure A4- 1 miRNA annealing gel. Agarose gel electrophoresis showing miR155 (lane
1), 23 nt miR155 DNA homolog (lane 2), ssBio23 (lane 3), ssBio23+MS (lane 4),
annealed ssBio23-miR155 heteroduplex (lane 5), annealed ssBio23-miR155+MS (lane
6), ssBio23 annealed to miR155 DNA homolog (lane 7), and ssBio23 annealed to
miR155 DNA homolog +MS (lane 8).

Figure A4- 2 Additional DNA data set. Event rate vs. applied voltage for ssBio34 (red)
and dsBio34 (blue) with MS bound (1 µM) on a second SS-nanopore. All solid lines are
exponential fits to the data.
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A.5. Quantifying mammalian genomic DNA hydroxymethylcytosine content
using solid-state nanopores

Figure A5- 1 MS Event rate. SS-nanopore event rate for monovalent streptavidin alone
(blue, 2.5 μM) measured with a 8.5 nm diameter pore. The background displays rates for
biotin-labeled 156 bp mono-5hmC dsDNA (550 nM) both with (red) and without (gray)
bound MS for comparison, identical to Fig. 1c from the main text. Solid lines are
exponential fits to the data.

Figure A5- 2 Synthetic biotinylated dsDNA event rate. SS-nanopore event rates for
synthetic 156 bp monobiotinylated dsDNA both with (blue) and without (black) bound
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MS. DNA concentration for both data sets are 385 nM, similar to the biotin-labeled
5hmC oligonucleotide in Fig. 1c from the main text, considering labeling yield.

Figure A5- 3 Biotin-labeled mono-5hmC scatter plots.Mean dwell time vs. mean
conductance change scatter plots for 156 bp mono-5hmC dsDNA translocation events
(see Fig. 1c from main text) following biotin labeling and incubation with MS. Total
number of events considered from 300-600 mV are 217, 529, 717, and 1219,
respectively. Faded regions represent events below the resolution limit.
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Figure A5- 4 Monobiotinylated dsDNA scatter plots. Mean dwell time vs. mean
conductance change scatter plots for 156 bp synthetic monobiotinylated dsDNA
translocation events (see Fig. S1) following incubation with MS. Total number of events
considered from 300-600 mV are 673, 1250, 2250, and 2650, respectively. Faded regions
represent events below the resolution limit.
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Figure A5- 5 Event characteristics of genomic fragments and synthetic dsDNA.
Mean conductance change (left) and dwell time (right) of translocation events collected at
400 mV for 75 bp synthetic monobiotinylated dsDNA (blue, 50 nM, n= 168) and mouse
genomic DNA fragmented to an average length of 75 bp and biotin labeled at 5hmC sites
(red, co= 475 nM, n= 492). A qualitatively similar distribution is observed for both
materials. Dashed line on dwell time plots represents the resolution limit.

Figure A5- 6 Additional 5hmC/C quantification. (a) Event rate vs. applied voltage
(400 mV) for fragmented genomic DNA (co= 475 nM) biotin-labeled at 5hmC sites
measured on a third SS-nanopore (NP3, see Table S2). Data shows measurement with
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(red) and without (black) bound MS and solid lines are exponential fits to the data. (b)
Comparison of resulting 5hmC/C ratio R with that of NP2 from the main text (Fig. 3b),
also measured at co= 475 nM. Quantitative agreement is observed.
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Biomolecule Analysis", O.K. Zahid and A.R. Hall, in Helium Ion Microscopy,
(Ed. G. Hlawacek, A. Gölzhäuser), Springer Press, 2016
2. "Characterization of Biological and Condensed Matter at the Nanoscale", A.R.
Hall, O.K. Zahid, F. Sawafta, A.T. Carlsen, in Advances in Nanoscience and
Nanoengineering, (Ed. A.D. Kelkar, D. Herr, J.G. Ryan), CRC Press, 2013
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Awards
•

Sigma-Xi Grants-in-Aid of Research (2014) – Applied and won a $1000
research grant

Student Training and oversight
Laura Miron - Wake Forest University undergraduate intern 2017
Zoe Hurtado - Wake Forest University undergraduate intern 2017
Lauren Huff – High school student, summer lab intern 2017
Austin Bauer – Wake Forest University undergraduate intern 2016-2017
Ellen Oliver – Wake Forest University undergraduate intern 2016-2017
Eran Brown – VT- Wake Forest SBES undergraduate summer intern 2014
Weili Qu – VT- Wake Forest SBES undergraduate summer intern 2014
Nick Rosato – High school student, summer lab intern 2013
Daniel Partridge – undergraduate summer intern UNCG 2012
Training and assisting incoming Graduate Students and Visiting Scholars since
Summer 2014
Outreach
Gateway to Science – University of North Carolina Greensboro 2013
NanoDays - North Carolina State University 2012
Languages
Fluent in English, Hindi & Urdu
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